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Abstract
Protein quaternary structures are fundament for life. Proteins have evolved towards large
assemblies of subunits needed for the execution of complex chemistry, for building
structural components or for compartmentalization. Most oligomeric enzymes exist as
homodimers, having two subunits with identical active sites. It is largely unknown why
enzymes have evolved in so many cases towards the homodimer structure (and larger
oligomeric structures). Alkaline phosphatase (AP) is an excellent model enzyme for the
large family of homodimeric hydrolases. Its activity is dependent on dimerization and
correct metal occupancy of the three metal ions in the active site. The reason why the
enzyme does not function in the monomeric form is still unknown. The focus of this Ph.D.
work was on the AP ortholog from Vibrio splendidus (VAP), a cold-adapted marine
bacterium. This enzyme is thermally unstable above room-temperature, but also one of the
most active variants of its kind at low temperatures. These characteristics are very
dependent on the solution conditions. Stability is only maintained at high ionic strength
and pH. Here, the focus was on studying the importance of the dimeric structural state for
the function, in particular the role of the metal ions for catalysis. The results suggested that
the enzyme inactivates irreversibly to a dimeric intermediate state. This dimeric
intermediate state was shown to be more dynamic than the native state, defined as
measurable changes in the range of conformations of the ensemble of enzyme molecules,
yet fully metalated. Furthermore, the enzyme lost its putative half-of-sites reactivity which
is dependent on subunit interactions and communication between active sites. The effect of
ionic strength on the activity and stability was studied and found to be positive for both
features. It is proposed that a deprotonation step causes a conformational change in VAP,
based on pH specific effects on physical parameters. Furthermore, the large interface loop,
which characterizes VAP, was shown to be mostly important for stability but also needed
for local structural rigidity close to the catalytically active residues. This thesis promotes
the idea that the role of the homodimeric state is to provide a conformational energy for
both stabilization and catalysis of the enzyme, through the interface, not available in the
monomeric state.
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Útdráttur
Fjórða stigs bygging próteina er grunnur alls lífs á jörðinni eins og við þekkjum það.
Prótein hafa þróast í átt að stórum komplexum til að hvata flókin efnahvörf, til
margvíslegra byggingahlutverka, eða hólfunar. Flest ensím eru virk sem einþátta tvíliður
með tvær eins hvarfstöðvar. Hvers vegna svo mörg ensím finnast sem einþátta tvíliður er
ekki vel rannsakað. Alkalískur fosfatasi (AP) er módel ensím fyrir hýdrólasa sem eru
einþátta tvíliður. Virkni AP er háð tvíliðumyndun og málmjónum í hvarfstöð. Hvers vegna
hvarfstöðvarnar hafa ekki hvarfgetu í einliðuforminu er ekki vitað. Rannsóknarefni
þessarar doktorsritgerðar var AP úr Vibrio splendidus (VAP) kaldsjávarbakteríu. VAP er
eitt hitaóstöðugasta ensím sem þekkist en einnig eitt það virkasta við lág hitastig miðað við
sambærileg ensím. Áhersla var lögð á að skýra hlutverk tvíliðumyndunar hjá VAP og áhrif
jóna á hvötun og stöðugleika, en einnig að útskýra hvers vegna AP hafa ekki virkar
einliður. Þessir þættir eru mjög háðir lausnaaðstæðum. Niðurstöður bentu til þess að við
afvirkjun ensímsins verði óafturkræf myndbreyting sem leiðir til óvirkrar tvíliðu. Óvirka
tvíliðan var lausbundnari, innihélt allar þrjár málmjónirnar í hvarfstöð en hafði mögulega
misst eiginleikann til þess að hvata með svokölluðum “half-of-sites” hvarfgangi. Áhrif
jónastyrks voru mikil á virkni og stöðugleika og voru áhrifin háð pH, þar sem
afprótónering óþekkts sýruhóp veldur myndbreytingu. Að auki var kannað hlutverk löngu
yfirborðlykkjunnar sem einkennir VAP frá flestum AP. Meginhlutverk lykkjunna er að
stuðla að stöðugleika hvarfstöðvar en einnig í að halda ákveðinni stífni í lykkjum nálægt
virkum hliðarkeðjum. Niðurstaða vinnu þessarar ritgerðar bendir til þess að meginhlutverk
tvíliðunnar sé það tillegg byggingarfríorku sem verður til á snertiflötum einliðanna sem
stuðlar bæði að stöðugleika og hvötun, sem ekki eru til staðar í einliðunum.
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If your experiment needs statistics,
you ought to have done a better experiment.
Ernest Rutherford
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Preface
This is the first Ph.D. thesis dedicated to the enzyme alkaline phosphatase from Vibrio
splendidus (VAP). Therefore, the introduction of this thesis can be thought of as a review
of the ongoing research on VAP for the last two decades. In fact, each sub-chapter of the
introduction was written in the style of “mini-review”, where some of the topics are:
Alkaline phosphatases, effect of solutes on enzymatic properties, cold-adaptation of
enzymes, enzyme promiscuous activity, and the role of enzyme quaternary structure.
VAP is truly an amazing enzyme. It is fascinating that research on a single enzyme is
still delivering new and original ideas about enzymatic functions many decades since a
book was written about it (McComb, 1979). The reason for VAP success as a model
enzyme is that it harbors many structural aspects that other enzymes are lacking. First,
VAP is a metalloenzyme, having three metals where both the two zinc ions and the
magnesium ion are crucial for its native function. Secondly, VAP is a homodimer with two
active sites, where the benefit of dimerization for such enzymes is still largely unknown.
Thirdly, VAP harbors promiscuous activity (as other APs), sulphatase activity and possibly
protease activity. Finally, VAP is a cold-active enzyme, opening the opportunity to study
the effect of cold-adaptation on all the aforementioned features.
What has been lacking during previous VAP research, is to properly define the
mechanism for inactivation and the effect of ions on its activity. In fact, VAP is one of the
most unstable cold-active enzymes towards heat at low ionic strength, losing activity in
few hours at room temperature, while at 0.5 M NaCl (pH 8.0) the enzyme is stable for
weeks at 40°C. The stability of the dimer has also been disputed, and the role of
dimerization in catalysis was also mostly unknown. These aspects are elucidated here. I
hope that the data presented in this thesis will serve as a wholesome “manual” on how the
enzyme is inactivated at low ionic strength, how ions activate the enzyme at a defined pH
range, and how environmental conditions influence the stability of the homodimer.
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1 Introduction
1.1 Alkaline phosphatase
Alkaline phosphatases (APs) are among the most studied enzymes in nature. Many reviews
and at least two books on the matter have been published (McComb, Bowers, Posen, 1977
and Millán, 2006. Here, a brief introduction is given to comment on the role of AP and to
give a fundamental basis for the work of this thesis.
1.1.1 AP structure
According to the Structural Classification of Proteins data base (SCOP) alkaline
phosphatase lineage is of the phoA genotype and is further catalogued as follows: 1)
Class: Alpha-Beta proteins (α/β); 2) Fold: Alkaline phosphatase-like (3 layers of α/β/α;
mixed beta-sheet of 8 strands in the sequence order 43516728 and strand 7 is antiparallel to
the rest); 3) Superfamily: Alkaline phosphatase-like; 4) Family: Alkaline phosphatase (the
common fold is decorated with several large insertions). All APs are functional as
homodimers, where the individual monomers are inactive.

The active site
The active site has three metal binding sites, where two Zn2+ ions occupy the M1 and M2
sites and Mg2+ the M3 site (Figure 1.1). The active site residues within the region of the
phosphate binding site (or sulphate when binding as an inhibitor) are very conserved. A
nucleophilic Ser interacts with the substrate (S65 for VAP or S102 for E. coli AP [ECAP])
forming a covalent bond. An Arg residue (R129 in VAP or R166 for ECAP) directly binds
the substrate forming an ionic bond with two non-bridging oxygen atoms of the phosphoryl
group. Additional Asp and His residues coordinate Zn2+ in sites M1 and M2, and those are
conserved in all compared sequences. The only two sequence variances in the active site
are seen near the M3 site where H116 in VAP has Asp in ECAP, but His in eukaryotes,
and W274 in VAP is replaced by Lys in ECAP and His in eukaryotes. There are in addition
few isolated examples of Co2+ activation of APs, e.g. for Thermotoga maritima AP [1] and
B. subtilis AP [2]. Furthermore, replacements of native metals in ECAP have been
frequently described, where Co2+ [3, 4], and other metals such as Cd2+, Mn2+ and Ni2+ have
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been titrated into the apoenzyme, sometimes for NMR studies. Most of the metalsubstituted variants had little or no activity. Wang et al. [5] proposed that D153 and K328
present in ECAP controlled the metal specificity, where the Co2+ substituted wild type and
D153H had close to no activity. The K328W variant showed 80% less kcat with Co2+
compared to the Zn-Mg occupied enzyme, while the Co2+ substituted variant
D153H/K328W showed 4-fold higher kcat than the Zn-Mg enzyme. The latter variant is
identical to VAP in these positions. In all cases, KM was higher for the Co2+ substituted
enzymes. Crystal structure of Co2+ substituted wild type and D153H/K328W indicated
differences in metal coordination, where the phosphate bound less tightly, resulting in the
increase in activity. This indicated that phosphate release is the slowest step in the reaction
mechanism, since the D153H/K328 showed increased kcat.

Figure 1.1. VAP active site. Zinc is shown as navy-blue spheres at the M1 and M2 sites (Zn-1 and
Zn-2) and magnesium as a lime-green sphere at the M3 site (Mg-3). Water molecules are
represented as red spheres and hydrogen bonds as aquamarine colored lines. A sulfate ion, binding
as a competitive inhibitor, is shown in the active site. Note that Ser65 is shown as two
crystallographic rotamers Figure is adapted from [6].
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Zinc has high affinity towards binding to the M3 site occupied by Mg2+ in VAP
(paper III) and the mammalian phosphatases [7, 8], where zinc is an inhibitor in the
micromolar range while only ECAP is known to be tolerant to zinc in the millimolar range
[9]. Furthermore, both VAP and the mammalian phosphatases are activated by Mg2+ while
ECAP is not [9]. However, an ECAP variant resembling mammalian APs (D153H/K328H)
showed similar properties as the mammalian APs towards Zn2+ inhibition. In the D153H
ECAP variant, a tetrahedrally coordinated Zn2+ was bound in the M3 site in contrast to
octahedral geometry when magnesium is bound there [9-11].

Gene inserts
There are several gene inserts of APs that give different structural characteristics (Figure
1.2).

Figure 1.2. Alkaline phosphatase gene inserts. (A) VAP (PDB: 3E2D) showing the four gene
inserts in red. (B) ECAP (PDB: 3TG0) and (C) PLAP (PDB:1ZEF), showing the N-terminal
interface domain in red.

Inserts are mainly seen in the crown domain or at the N-terminus. VAP is one of
the largest APs and has four inserts (Figure 1.2A). Two are located at the crown domain,
resulting in considerably larger crown domains than found in ECAP (Figure 1.2B) or
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human placental alkaline phosphatase (PLAP) (Figure 1.2C). VAP has a large interface
loop with an unknown function (Insert II), but it is likely crucial for stability, since VAP is
missing the N-terminal interface region that embraces the other subunit in the enzymes
involved (discussed in Paper IV). The N-terminal interface domain of some other APs has
either a large helical structure (mammalian phosphatases), or it is more disordered as seen
for ECAP. This domain is important for ECAP catalytic activity and especially for stability
[12, 13]. Furthermore, it might be important in the presumable half-of-sites reactivity
mechanism [14] (see in 1.1.2). The role of the crown domain is largely unknown, but is
likely not detrimental for the catalytic mechanism, since in some APs, for example the AP
from the Antarctic bacterium TAB5 [15], the crown domain is missing. For mammalian
phosphatases, a loop region in the crown domain has been shown to have an important role
for stability [16] and to be essential for amino acid and small peptide inhibition.
Furthermore, differences seen at the crown domain between PLAP and germ cell alkaline
phosphatase (GCAP) are decisive towards L-Leu inhibition [17-20].
1.1.2 Reaction mechanism
Alkaline phosphatases catalyze the hydrolysis of phosphomonoesters, optimally at slightly
alkaline to alkaline conditions. Phosphate esters are building blocks of life and have quite
stable chemical bonds. The non-enzymatic hydrolysis of phosphoesters is slow unless
heated at high temperatures and is highly dependent on pH. Hydrolysis rate is highest at
pH 4-5 where the phosphate groups is monoanionic [21]. For enzymatic hydrolysis, the
rate increases with pH giving Vmax for para-nitrophenyl phosphate [pNPP] hydrolysis
between pH 8.0 and 10.5. Furthermore, the basicity of the leaving group is more important
for non-enzymatic hydrolysis than for enzymatic hydrolysis [22, 23].
Generally, APs are non-specific towards the nature of the leaving group and the rate
of hydrolysis is similar for many small substrates, but for very bulky substrate, such as tbutyl phosphate and menthyl phosphate, the hydrolysis is slow due to higher KM [24]. For
many substrates the kcat is similar, but KM can vary greatly, up to 4 orders of magnitude
[23]. The minimal reaction scheme for phosphoester hydrolysis or transphosphorylation by
AP is shown below showing the fundamental rate constants. In addition, rate constants for
conformational changes have been implicated as part of the overall mechanism (see
below):
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The rate limiting step for APs under alkaline conditions is generally the release of
inorganic phosphate product (k4) but becomes the hydrolysis (k3) below pH 7.0. The
presence of a suitable phosphate acceptor, such as amine alcohol, provides competition for
water as a nucleophile to increase the reaction rate (k5 and k6), but they are needed at
nonphysiological concentration (> 0.1 M) for efficient transphosphorylation. Thus, APs
should rarely act as transphosphorylases in vivo.
The most plausible reaction mechanism involves a magnesium hydrate that activates
the serine nucleophile towards nucleophilic attack (Figure 1.3). Arg166 and a zinc ion
bound in the M1 site coordinate the binding of the substrate. A zinc ion bound in the M2
site stabilizes the Ser102 oxyanion towards nucleophilic attack. Hydrolysis of the Ser-P
covalent intermediate takes place by an activated water Zn hydroxide (at the M1 site).
However, the role of the metal ion in the M3 site has been debated by some [25, 26].
These authors doubt that the magnesium ion in the M3 site acts as a general base to
activate the nucleophilic Ser. Instead, they propose that the third metal ion stabilizes the
transferred phosphoryl group in the transition state. This proposal was mainly based on the
absence

of

a

third

metal

ion,

or

a

general

base

residue,

in

nucleotide

pyrophosphatase/phospho- diesterase (similar active site geometry as APs), which mainly
catalyzes phosphodiester hydrolysis. In fact, most zinc containing hydrolases work without
a third metal, using a bimetallo center. It was also proposed that the magnesium served the
role of increasing the specificity of APs for monophosphoryl esters rather than other types,
such as sulfonylesters or diesters [27]. The negative charge on the phosphoryl group may
be larger than on other similar esters, although it is not clear which ionic form is binding in
the active site [28]. Two other mechanisms were proposed where Mg2+ stabilizes the
transferred phosphoryl group on its way over the transition state during the reaction
(Figure 1.4B and 1.4C) [25]. This, however, is not a rate-determining step overall under
physiological pH conditions. Furthermore, a Mg2+ deficient variant E322Y has drastically
reduced hydrolysis rates of monoesters but unchanged diester hydrolysis (promiscuous
activity).
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Figure 1.3. The “revised mechanism” proposed by Stec, Holzt and Kantrowitz (2000) [29], which
shows how Mg2+ in the M3 site is important for catalysis and how Ser102 (ECAP) is activated
towards nucleophilic attack. (see text for details) Adapted from [29].

Figure 1.4. Role for Mg2+ in catalysis by APs. (a) General base catalysis where Mg2+ acts as a
general base on the nucleophilic Ser102. (b) Modulated Zn2+ site where Mg2+ helps stabilize the
transferring phosphoryl group via bimetallo Zn-coordination through Asp51. (c) Magnesium
stabilized phosphoryl group via a water ligand. Figure adapted from [25].

1.1.3 Effect of ionic strength on catalysis
At acidic pH, the activity of ECAP is lower as the ionic strength increases [30, 31]. The
chemical step (phosphorylation of the Ser) is the rate limiting step at acidic pH and the
ionic strength is believed to affect the favorable electrostatics between the free enzyme and
free substrate [32]. At pH above 7.5, the effect is reversed and an increase in activity is
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seen for up to 1 M NaCl [31, 33]. Mammalian phosphatases are generally not activated by
salt ions and in some cases the activity is lower at high NaCl concentration [34-36].
Since all the important active site features and the mechanism for hydrolysis are the
same in mammalian APs as in other APs, it is not clear what causes the differences in ionic
activation for APs. Some of these discrepancies can be explained by the use of high
concentrations of ethanolamine phosphate acceptors, a transphosphorylation agent, in
assays. For example, the use of 1 M Tris at pH 8.0 gives about 0.6 M of ionic strength. The
NaCl concentration does not affect the dephosphorylation rate but is known to decrease the
binding affinity for both substrate and inorganic phosphate [30, 37]. Therefore, when the
rate-limiting step is the release of phosphate, then lower affinity for phosphate would be
expected to increase the rate. For the mammalian phosphatases, the rate-limiting step (at
pH 10.0) is also believed to be the release of phosphate [38]. If the ionic activation would
simply involve charge neutralization of the phosphate product then the effect would likely
be general for most APs. Some have theorized that the rate limiting step is not the release
of phosphate, but rather a conformational change, where the enzyme switches between a
low and high affinity state for substrate and product, respectively (half-of-sites flip-flop
mechanism [39-42] (chapter 1.3.2). NaCl has been shown to have a strong effect on this
presumed transition in ECAP [41].
An example of how complex the ionic activation can be, is seen for Vibrio
alginolyticus AP which is highly homologous to VAP (93% sequence identity) and
contains the large surface loop insert. At pH 8.0, the enzyme was highly activated by salt,
but activation was not seen at pH 10 [43] (we observed similar results for VAP in paper II).
The activation was shown to be dependent on the anion species, where chloride was shown
to be the most activating anion. Furthermore, the effect of chloride activation was
dependent on the concentration of a competitive inhibitor (SO42-). Thus, the binding site
for chloride and inhibitor was likely at the same site.
Another example comes from an AP from an extreme halophilic bacteria Halomonas
sp. (HaAP) which has 70% sequence identity (Figure 1.5) and is highly structurally
homologous to VAP, having the same gene inserts (Figure 1.6). The biggest difference is
seen for surface residues where HaAP has 144 exposed Asp/Glu vs. 114 for VAP. In the
crystal structure of HaAP, a chloride ion is bound in the substrate pocket where either a
sulphate or a phosphate ion usually resides, coordinated by Arg129 and the Zn ion in the
M1 site (Figure 1.6B). Unlike for VAP, no SO42- was used in the crystallization conditions
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of the halophilic AP (commonly used in high concentration in AP crystallization). Thus,
SO42- might have displaced a Cl- during crystallization of VAP.

Figure 1.5. Sequence alignment of Halomonas sp. AP (3WBH) and VAP (3E2D). The signal
sequence is denoted by a red box. The round mean square deviation (RMSD) of the alpha-carbons
of the two structure is shown above the sequence as grey bars. The alignment was made using the
Match-align plugin in UCSF Chimera.

Thus, APs that show increased activity with increased chloride concentration might
all have a chloride competing for binding to the Zn in the M1 site, increasing the rate of
phosphate product release. Moreover, chloride binding to Zn is further supported by
-

Gettins and Coleman (1984) who observed Cl coordinated to Zn ion at the M1 site for
ECAP using

35

Cl and

113

Cd nuclear magnetic resonance (NMR) [44]. Possibly, this

binding is not facile in mammalian phosphatases because of steric constraints rather than
direct interactions, since the Zn ligands show high conservation in identity and position.
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Figure 1.6 Halomonas sp. AP (PDB: 3WBH) structural alignment with VAP (PDB: 3E2D) shown
above. Magnesium ion is shown as a green sphere and Zn ions as navy-blue spheres. Sulphate ion
is shown in the active site (VAP) and a chloride ion in purple. Below: Active site of Halomonas sp.
AP.
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1.1.4 Role and distribution in nature
Due

to

the

lack

of

substrate

specificity

of

alkaline

phosphatases

towards

phosphomonoester hydrolysis it has been difficult to determine their specific role. APs are
widespread among organisms and are always found as ectozymes, that is an enzyme found
outside of the inner membrane of a cell, or is secreted. Vertebrates express organ-specific
isozymes, which can come in several isoforms (differently glycosylated). Most higher
plants do not show alkaline phosphatase activity [45], instead they are rich of non-specific
acid phosphatases and other substrate specific phosphatases. Alkaline phosphatase is also
widely found in algae, molds, fungi, and all species of the animal kingdom [23].

Bacterial alkaline phosphatases
In bacteria, most APs are derived from the phoA gene (originally named phoA in E. coli
and is the most common form of APs). The phoA gene in E. coli is a member of the pho
regulon which contains 20 promoters which are inducible by phosphate starvation where
phoA is regulated by phoB and phoR [46, 47]. Recently, an AP derived from the gene
phoX has been characterized and shown to be far more common than initially thought [48],
especially in marine bacteria [49]. In contrast to phoA, phoX is monomeric and is activated
by Ca2+. Since the AP under study in this thesis is of the phoA type, we will hereafter refer
to APs as phoA alkaline phosphatases.
In bacteria, AP expression is induced by low phosphate in the medium. In Gramnegative bacterium, APs are secreted to the periplasmic space and are believed to function
as phosphate scavengers while the phosphate pool is reserved in the cytoplasm [50]. Thus,
the reason that the ECAP dimer is assembled in the periplasm is likely not due to stochastic
chance but to protect the cell from active AP in the cytoplasm [51].
Since several bacterial alkaline phosphatases are affected by anionic strength (see in
1.1.3, 1.2.3 and Paper II), bacterial APs, among other hydrolases, might have a role in
maintaining a constant ionic strength in the periplasm where the periplasm acts as a
“homeostatic” compartment to protect the cytoplasm from changes in salt concentration.
Originally, this was partially proposed by Stock et al. (1977) [52], where the volume and
osmotic pressure of the periplasm were measured in different media for E. coli and S.
typhimurium. The results indicated that the ionic composition of the periplasm can differ
from that of the external medium, especially in a low-ionic strength medium. They
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assumed that the outer membrane acts as a sieve permitting low molecular weight solutes
to pass through but exclude larger molecules. It was proposed that polyanionic nucleic
acids are the mayor source for the high negative charge inside the periplasmic space. Thus,
here we propose that AP might dephosphorylate these nucleic acids to release inorganic
phosphate, after nucleases would first digest the polyanionic nucleic acids, which could
then penetrate out of the exoskeleton or be taken up into the cytoplasm. These enzymes,
must then “sense” somehow the ionic strength where the activity of the hydrolases is
tempered at low ionic strength (which is the case for ECAP and VAP). Thus, in low ionic
strength medium, when AP activity is lower, large polyanionic nucleic acids would be
retained in the periplasm, protecting the cytoplasm from osmotic shock. As the ionic
strength increases the activity of AP is maximized and the ionic strength is kept constant
by the release of inorganic phosphate. In fact, evidence for correlation between adaptation
towards fresh water and AP activity has been shown for A. castellanii [53], Fundulus
heterclitus [54] and water eels. This concept could easily be tested by studying the effect
on a phoA-/- phenotype of E. coli (such as strain LMG194). The knockout of phoA has
normally no effect on the growth of E. coli in media rich of phosphate. However, the effect
of changing the osmotic strength of the medium has not been tested on phoA-/- strains, to
my knowledge.

Human AP
The properties and the role of human APs are in most cases very similar between
mammalian species, with some exceptions [23]. Here, we will only discuss the role of the
AP isozymes found in humans. APs are probably the most extensively studied enzymes in
the human body. Four genes code for different organ specific APs, the placental (PLAP),
intestinal (IAP), germ cell/placental like (GCAP) and tissue non-specific (TNAP) which is
expressed in liver, bone, kidney and various tissues and are all a glycosylphosphatidylinositol (GPI) anchored. TNAP is also known to be differently glycosylated in the Golgi,
where four isoforms are known in the bone [55]. In serum, AP activity is derived from
TNAP (90% of total AP activity) where about half the TNAP activity comes from the bone
isoform [56]. It is believed that a GPI specific phospholipase can release the GPI
membrane-anchored AP to the bloodstream [57, 58].
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Tissue non-specific AP (TNAP)
TNAP is functional as a homodimer (as all APs of the genotype phoA) and several
mutations at the two-fold symmetric axis cause formation of inactive monomeric variants
[59, 60]. Unlike the other isozymes, the crown domain of TNAP (see 1.1.2) has a low
affinity to bind collagen [61]. Also, an N-terminal helical region stabilizes the dimer and
has allosteric properties [62]. There is also some evidence that calcium modulates its
activity by binding to a metal site normally occupied by Mg2+ or Zn2+ [63]. Thus,
mutations located at the interface, on the N-terminal helix, in the crown domain or around
the divalent metal ion binding sites can all cause defects in enzymatic activity.
Indications for the role of TNAP in bone and teeth mineralization have been
accumulating for close to a century, first described by Robison (1923) [64]. Mutation in
TNAP can lead to hypophosphatasia resulting in accumulation of inorganic pyrophosphate
(PPi), a substrate for TNAP and an inhibitor of mineralization of bones and teeth [65].
TNAP has also been shown to dephosphorylate osteopontin, an important calcium binding
protein for bone mineralization and bone remodeling [66].
At least 300 mutations in TNAP are known to cause hypophosphatasia, which can be
autosomal recessive or autosomal dominant [65]. The disease can cause stillbirths and be
fatal for infants in the most severe cases. In the less severe cases, symptoms are not present
until adulthood, usually involving dental problems [65]. However, in the more severe
infantile cases, rickets, hypotonia and deformation of bones occurs. Recently, a
recombinant form of TNAP (Asfotase alpha [or sALP-FcD10]) has been administered
intravenously to infants with severe hypophosphatasia with promising results (Figure 1.7)
[67]. This variant of TNAP is produced in Chinese hamster ovary cells (CHO) as a fusion
protein, excluding the C-terminal GPI anchoring motif of TNAP, but with the Fc region of
human immunoglobulin G (IgG) gamma-1 attached to the C-terminus (for easy
purification and prolonged serum half-life) and ten aspartate residues for drug delivery to
the bone [68].
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Figure 1.7. Radiograms of an infantile patient receiving recombinant TNAP intravenously, at
baseline, 24 weeks after treatment and 48 weeks after treatment. Adapted from [67], support
material.

In recent years, further roles of TNAP in several diseases, have been gaining a lot of
attention, especially in cardiovascular diseases [55]. High serum levels of AP are linked to
high mortality [69], especially when high phosphate and high AP activity are brought
together [70]. Overexpression of TNAP has been linked to chronic kidney disease (CDK),
especially in the vasculature which leads to vascular calcification and cardiac hypertrophy
[55]. Since vascular calcification are linked to amounts of PPi and phosphorylated
osteopontin (both are potent calcification inhibitors), the link to TNAP activity and CDK is
obvious, but what causes overexpression of TNAP is largely unknown. Vitamin D receptor
activators have been used to downplay serum levels of phosphate and calcium (modulates
AP activity) as a treatment in CDK [55]. Several potent small molecular drug inhibitors of
TNAP have been synthesized, where the inhibitor SBI-425 inhibits vascular calcification in
animal models [71].
Moreover, TNAP has been proposed to harbor “immuno-surveillance” mechanism
[72, 73]. It is triggered by a nonspecific inflammatory signal (e.g. lipopolysaccharides [74]
or ATP released due to cell/tissue damage) where TNAP ends up complexed to IgG. The
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stimuli are shut down by dephosphorylation by TNAP. The TNAP-IgG complex is then
finally taken up by endothelial cells or macrophages. Similar mechanism might exist at the
blood-brain barrier [72, 75]. Furthermore, one study indicates that neuronal membrane
bound TNAP is active in dephosphorylating the Alzheimer's-associated tau protein,
possibly lessening its neuronal toxicity [76].
TNAP in kidney and liver is unknown, but possibly has a role in PPi homeostasis and
LPS inactivation [77].
Intestinal AP (IAP)
Intestinal AP contributes to gut mucosal defense and has a role in inflammatory responses
and fat absorption [55, 65]. IAP is expressed in intestinal epithelial cells and is regulated
by both nutritional and inflammatory factors [78]. It is believed to inactivate endotoxins
produced by some bacteria such as LPS [79]. In animal models, IAP has been fed to mice
and prevented metabolic stress when fed a high-fat diet [80]. Furthermore, IAP knockout
mice have less diverse gut microbiome than wild type mice and when IAP was
administered no difference was seen in gut microbiota compared to wild type mice. [81]. In
zebrafish, IAP-deficient strains show hypersensitivity towards LPS toxicity. IAP activity
was suggested to modulate optimal gut microbiota, normal homeostatic level of neutrophils
and to promote mucosal tolerance to gut bacteria [82]. Moreover, IAP has possibly a role
in bicarbonate segregation in rats where bicarbonate secretion increases the activity of IAP,
locally, by an increase in pH which stimulates IAP activity. Purinergic receptors promote
secretion of bicarbonate and are stimulated by ATP. The stimulation would be lessened by
ATP dephosphorylation by IAP [83].
Curcumin (rich in turmeric) has long been thought to have a role in reducing
inflammation. Its anti-inflammatory properties are believed to be caused by increased IAP
expression in the gut, possibly explaining why the curcumin uptake does not need to be
high for anti-inflammatory benefits to appear, since its effect is propagated in the gut [84].
Placental and germ cell APs (PLAP and GCAP)
Currently the roles of PLAP and GCAP are mostly unknown. These paralogous genes are
highly homologous, with 98% sequence identity, where the only structural difference is
seen in the crown domain. However, there are some speculations that these variants have a
similar role in immunology as TNAP since they have also been found bound to IgG. PLAP
and GCAP levels were determined to be higher during development of fetus than
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postpartum. Mouse knockouts have shown PLAP and GCAP to be important for normal
growth [85, 86].
1.1.5 Industrial use
Alkaline phosphatases from various sources have been used in industry and for research
use. Alkaline phosphatase activity in cow milk is used as an indicator to assess the
adequacy of pasteurization of milk, as the enzyme is thermally inactivated during
pasteurization [87, 88]. In the research industry, APs have been widely used as an
analytical reagent. APs have commonly been used for high precision detection in enzymelinked immunosorbent assays (ELISA) to detect antigen concentrations in samples [89,
90], replacing radioactive assays. Horseradish peroxidase activity has also been used for
the same purpose. In ELISA, AP is covalently linked to an antibody, and subsequently the
turnover of a substrate is detected (usually with fluorescence) and then correlated to
concentration of an antigen. It can be done directly where the enzyme-linked antibody
binds the antigen (not common) or it can be done indirectly where an enzymatically-linked
secondary antibody binds to a primary antibody which is bound to the antigen. APs have
also been sold commercially for uses in molecular biology, mostly for dephosphorylating
5´phosphates of DNA to prevent unwanted ligation. Cold-active orthologs from Atlantic
shrimp and the Antarctic bacterium TAB5 (NEB and Thermo) have been utilized for this
purpose, due to the ease of their thermal inactivation.
Many enzyme-linked assays have been developed where the inorganic phosphate
released is then usually assayed. Examples are assays for RNase [91] and UDP-glucuronic
acid pyrophosphatase [92]. Generally, APs can be used for enzymatic assays if the
molecule under study has a phosphomonoester group (except for highly bulky substrates).
Recently, assays have been developed for the activities of nucleases, ribozymes and
DNAzymes [93]. The drawback of using the APs in these assays is the need of assaying
the inorganic phosphate which can be tedious. Several enzymatic linked phosphate assays
have been developed such as the PiPer phosphate assay kit (Thermo) where maltose
phosphorylase is linked to glucose oxidase and finally peroxidase is used to turn the
fluorescence probe Amplex red to a fluorescent product which is detected by fluorometry
[94]. Furthermore, a fluorescently labeled phosphate binding protein has been used
successfully to detect inorganic phosphate in real-time in the nM range [95].
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1.1.6 Cold-active alkaline phosphatases
Several cold-active APs have been purified and characterized, including the shrimp
alkaline phosphatase (SAP), AP from the Antarctic bacterium TAB5 (TAP), Shewanella
AP, AP from Atlantic cod and AP from Vibrio splendidus (VAP), the enzyme under study
here and will be discussed more extensively in section 1.2. below.

Shrimp alkaline phosphatase (SAP)
This particular AP was purified and characterized by Olsen et al. [96] and later sequenced
(amino acid and cDNA) by Nilsen et al. [97]. It was initially concluded that the monomers
were functionally active using size-exclusion chromatography and activity staining of gels.
[96]. Later, when the crystal structure was solved, the biologically active unit was shown
to be a homodimer (Figure 1.8B) [98]. SAP has a predominately negatively charged
surface, except for the active-site which has a positive potential surface. The SAP crystal
was grown in 0.1 mM Zn2+ which caused displacement of Mg2+ from the M3 site for Zn2+.
Exchanging the Zn2+ in M3 with Mg2+ was shown to affect the rotameric position of the
substrate binding Arg in the active site (equivalent to R166 in ECAP). Furthermore, the
Arg residue was shown to adopt a “non-docked” position and “docked” conformation with
ligand bound (phosphate) [99]. However, it could be disputed if SAP is truly cold-active,
since it has similar Topt as calf-intestinal AP (∼40°C). Still, SAP has been sold
commercially (NEB) to remove phosphorylated ends of DNA and RNA for subsequent use
in cloning due to rapid inactivation. However, VAP is inactivated at even faster rate and
lower temperatures and should be better suited for such applications.

Antarctic TAB5 alkaline phosphatase (TAP)
Rina et al. [100] first cloned and characterized this AP. The crystal structure was solved by
Wang et. al [15]. TAP has the shortest polypeptide chain and the smallest dimer interface
of known AP. The crystal structure shows that the interface is mainly stabilized by
hydrophobic interactions (similar to VAP). The difference between this structure and other
APs is that the crown domain is practically absent (Figure 1.8C). Furthermore, it has two
additional magnesium ion binding sites (M4 and M5). The authors proposed that the Mg2+
ion in the M4 site stabilized the correct positions of R148 (the substrate binding Arg) and
the Mg2+ in the M5 site might help release the negatively charged product. A glycine
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cluster near the active site has been shown to be important for catalytic activity. The
variant G262A (close to W260 in the active site) had a kcat of less than 1% of the wild type,
indicating that local flexibility around the active site is important. A directed evolution
study of TAP revealed two mutations, H135E and H135E/G149D (H135 corresponds to
D153 in ECAP), that increased kcat by 2- and 3-fold and KM increased by 10-fold in both
cases [101]. Both these variants were also less thermostable. Crystal structures of H135E
and H135D revealed only subtle changes in the active site, and the metal ion charge
transfer network was not much altered. The authors promoted the idea of the magnesium
ion not being important as a general base, but was necessary to stabilize the transitions
state towards the phosphoryl transfer (as discussed in 1.2) [25, 26]. However, the authors
used a puzzling approach in promoting Mg2+ binding to the third metal site by having first
0.1 mM Zn2+ in buffers and then afterwards exchanged the Zn2+ out of the M3 site with
excess Mg2+. Magnesium should have been retained in the active site from the beginning.

Shewanella AP (SCAP)
Ishida et al. (1998) [102] characterized and purified an AP from a Gram-negative
proteobacteria Shewanella sp. isolated from intestines of shellfish living in the Antarctic
ocean and subsequently cloned and expressed in E. coli [103]. The optimum temperature
for catalysis was around 40°C during a 5-min assay period and the enzyme was unstable at
room temperature on standing for several hours [102]. The crystal structure of SCAP
shows similar active site properties as other cold-active APs. However, the Zn2+ ion was
missing in the M2 site (possibly dissociated out during crystallization) and there was an
additional Mg2+ binding site present at the dimer interface (Figure 1.8D) [104].
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Figure 1.8. Cold-active alkaline phosphatases. (A) VAP (3E2D) from Vibrio splendidus, (B) SAP
(1SHQ) from Pandalus borealis, (C) TAP (2IUC) from Antarctic bacterium and (D) SCAP (3A52)
from Shewanella sp. Zinc ions are shown as navy-blue spheres and magnesium ions as lime-green
spheres.

Atlantic cod AP
Atlantic cod AP has a high sequence similarity to human tissue non-specific AP (TNAP)
[105]. It was originally purified from the pyloric caeca of the digestive tract [106] and from
the small intestines [105]. Repeated attempts at its cloning and expression in E. coli have
been unsuccessful (unpublished). It displayed significantly more activity at 5°C than calf
intestinal AP, and was more stable than the bacterial cold-active orthologs, losing little
activity at 45°C for 2.5 hours. Cod AP was also sensitive towards EDTA inactivation (pH
8.0), comparable to the mammalian phosphatases. An extensive study on dimer-monomer
equilibrium was studied using GdmCl denaturation [107]. It revealed a three-state
pathway: N2 → 2M → 2U, where the active dimer (N2) transitioned to inactive monomers
(M) which was then unfolded (U). The dimer to monomer transition had the major
contribution to total free-energy of the process from the active enzyme towards the
unfolded species. Inorganic phosphate at 1 mM was shown to destabilize the dimer, but
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stabilize the monomers. Similar observations were made for VAP regarding the effect of
phosphate on the dimer dissociation constant (paper II) [6]. When the measurements were
repeated for cod AP using urea, the denaturation process was a four-state process: N2 → I2
→ 2I → 2U, where the enzyme went through a transition to an inactive dimer intermediate,
(I2) which then dissociated to inactive folded monomers which then finally unfolded [108].
However, the folded monomers were poorly populated. The enzyme could be reactivated
by dilution, but the reactivation was dependent on the initial urea concentration, the
incubation time and glycerol content in the reactivation buffer. The difference between the
observations made using GdmCl and urea is likely due to stabilizing effect of chloride on
the active site. An interesting observation was made where one zinc ion was shown to
dissociate as the enzyme was inactivated. Similar observation has been made for VAP [6].

1.2 Vibrio splendidus alkaline phosphatase
1.2.1 Discovery and cloning of VAP gene for expression in E. coli
The first report of alkaline phosphatase from Vibrio splendidus described its purification
from a strain that was designated Vibrio splendidus II strain 2 [109]. The last purification
step was done on a tyraminyl-Sepharose affinity column (arsonate containing moiety) with
a purification factor of 108. However, in this report, the enzyme was not further
characterized.
The enzyme cloned by our group came from seawater bacterium collected from the
coast around the city of Reykjavik (Iceland) during summer when water temperature was
around 8°C [110]. Bacterial colonies were isolated and the colonies showing the highest
AP activity (using 5-bromo-4-chloro-indolylphosphate) were selected and cultured. More
than 200 bacterial clones were found. The following selection criteria were then applied: 1)
maximal secretion of AP activity into the medium and 2) binding to an Lhistidyldiazobenzylphosphonic acid agarose affinity column [111]. Eight strains showed
high activity of secreted AP but only one strain bound to the affinity column. This strain
was named G15-21 and 16S rRNA gene comparison showed it was of the genus Vibrio,
most likely Vibrio splendidus. The gene was sequenced [112] and later confirmed by metagenomic analysis to be of 100% identity to the strain Vibrio splendidus (NCBI reference:
WP_017079505.1). The enzyme was purified in two steps, first on an affinity column (Lhistidyldiazobenzylphosphonic acid agarose) followed by Sephadex S200 size exclusion
column where the purification factor was 151-fold. It was later expressed in E. coli with a
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StrepTag-II affinity tag attached to the C-terminus, where the tag was shown not to affect
the kinetics or the stability of the enzyme [113].
1.2.2 Catalytic properties and stability
VAP showed high catalytic efficiency at 15°C, having similar alkaline pH optimum as
ECAP [110]. However, this pH optimum can be altered by the conditions applied during
measurements, such as buffer composition, ionic strength (chapter 1.2.3 and Paper II),
substrate applied (and its concentration) and the presence of transphosphorylating agents
such as ethanolamines (e.g. Tris or diethanolamine). The KM of VAP is highly affected by
pH, where it increases over 20-fold going from pH 8.0 to pH 10.5. Thus, the pH optimum
(in terms of kcat) was initially defined lower when using 1 mM pNPP substrate [110] than
when repeated with 5 mM pNPP substrate (paper II) [6], the KM at pH 10.0 being close to
1.0 mM compared with 0.05 mM at pH 8.0. In terms of VAP’s role as a phosphate
scavenger, VAP would function poorly at high pH.
VAP was shown to be extremely thermolabile (at low ionic strength), with half-life
of 6 min at 40°C [110] and T50% of 25.8 °C at pH 8.0. Furthermore, the enzyme proved
extremely sensitive to urea, where the enzyme lost half of its activity in 0.4 M urea at pH
8.0 [113-115].
VAP has one Cys residue (Cys67) close to the active site. By introducing other Cysresidues near the native Cys, individual intrachain disulfide bonds were formed. All the
Cys disulfide-linked variants showed ∼10% of the wild type kcat and all variants showed
increased heat stability in terms of heat inactivation (T50%) indicating that local flexibility
near the active site is important for optimal function. The global thermal stability of the
folded state (Tm) was unaffected by the disulfide formation, indicating that the active
conformation was not linked to stability of the native tertiary fold or dimer stability.
As for TAP, the non-conserved metal ion binding residues of VAP at the M3 site
have been mutated towards their counterparts in ECAP [114]. These are the variants
H116D, W274K and the double variant H116D/W274K. The Asp-Lys pair is present in
ECAP, whereas a His-His pair is present in mammalian variants and other vertebrate APs.
The W274K and the H116D/W274K VAP variants showed increased thermal
resistance towards inactivation and slight increase in global stability. The H116D showed a
slight destabilization. All the variants showed increased KM, the highest being for the
double variant. Possibly a salt bridge was formed between D116 and K274 resulting in the
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increased stability which could alter the coordination of the substrate binding Arg, or the
zinc ligand.
1.2.3 Effect of ions on catalytic activity and stability
Paper II explains in details how ionic strength and how anions increase the turnover and
stability of the enzyme [6]. The main result was that chloride was the most effective ion
and that the effect of chloride was pH dependent. At 0.5 M NaCl and pH 8.0, the T50%
increased to 53.5°C from 25 °C in the absence of added salt. At pH 8.0 and 0.5 M NaCl,
the kcat increased approximately 4-fold with no increase in KM. This rate enhancement was
due to the enzyme having less affinity for the inorganic phosphate product (measured as an
increase in Ki). At pH 10.5, NaCl had no effect on kcat or stability but a large increase in KM
was observed. The possible mechanism of chloride activation is discussed in Paper II and
III and chapter 1.1.3.
1.2.4 Crystal structure
VAP was initially believed to exist as a functional monomer, due to faulty analysis of
activity stained native gels (similarly, SAP was thought to be a monomer on the same
grounds as discussed in 1.1.7). Later, when the VAP crystal structure was solved, the
biological unit was shown to be the homodimer [116]. The major difference seen for VAP,
compared to other APs, was the large surface loop which hovers over the active site of the
other monomer. Also, VAP has two inserts at the crown domain, making the crown
domain the largest for APs (discussed in chapter 1.1.1). The surface of VAP does not have
as large negative character as SAP, but has a relatively more negative surface than PLAP
and ECAP. The active site has a net positive areal electrostatic potential (as most APs) and
has a considerably narrower entrance due to the large crown domain. The monomers are
mostly arranged by a rotational symmetry, but the catalytic Ser65 was found in two
different conformers in the two monomers. The dimer interface has a similar set of noncovalent interactions as other APs except for having relatively more side-chain to sidechain hydrogen bonds. The dimer interface was found to have similar buried accessible
surface area as other APs.
1.2.5 Promiscuous enzyme activity
Although the results of this thesis do not contain promiscuity data for VAP, this chapter
was written due to ongoing work in the research group that revolves around VAPs
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promiscuity, either towards sulphate monoesters, beta-lactams or peptide bonds (protease
activity). These characteristics are intertwined with the properties under study here, such as
the salt effects, and mechanistic discussions.
It is now well established that many enzymes show activity towards chemically
distinct substrates, some of which are quite different from their native reactions. Jensen
[117] first proposed this property of enzymes in 1976 and termed it “substrate ambiguity”.
He proposed that a pathway would exist from one ancestral protein, where specificity
evolved by subsequent gene duplication of the ancestral protein. Today, this property of
enzymes is termed enzyme promiscuity, where enzymes catalyze a chemical reaction other
than their native, albeit with much lower catalytic efficiency. Enzyme promiscuity should
not to be confused with “protein moonlighting”, which is a term that describes newly
discovered secondary functions of proteins with already defined roles.
The role of flexibility in evolution of enzymes towards new activities has been
pointed out by several investigators [118-121], and has been termed “protein evolvability”
(by Prof. Dan S. Tawfik [122]). By this approach enzymes are not considered as rigid
entities with one functional state but rather as an ensemble of multiple states. Thus,
promiscuous enzymes have the propensity towards more populations of catalytically
relevant states. Tawfik et. al [123] found that mutations that are neutral towards activity
and stability of an enzyme can increase the enzyme evolvability towards promiscuous
activity. These mutations lie mostly in loop regions; thus, the term flexibility has been
linked to evolvability. One example are serum paraoxonases (PON), which belong to a
family of detoxifying enzymes in mammals [124]. The name comes from PON1 ability to
hydrolyze the pesticide paraoxon with catalytic efficiency near the diffusion limit. This
pesticide has not been around in nature for more than 60 years, so how can there exist an
enzyme that hydrolyses this substance with such high specificity? It turns out that PONs
are a group of highly promiscuous lactonases [125]. It seems that detoxifying enzymes
such as PONs might need to be more evolvable and be able to adopt more states for a
possible defense against new toxins.
Many hydrolases have been shown to be catalytically promiscuous for a wide range
of substrates [119]. Promiscuity in phosphate and sulphate transfer enzyme has been
widely established [126]. These enzymes have in many cases similar catalytic residues and
active site topology regarding metal ion coordination. Figure 1.9 shows active sites and
relative catalytic efficiencies of four hydrolases, each catalyzing its native function;
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phospho monoester hydrolysis (AP), phosphodiester hydrolysis (nucleotide pyrophosphate
phosphodiesterase [NPP]), phosphonatemonoester hydrolysis (phosphonatemonoester
hydrolases [PMH]) and sulphatemonoester hydrolysis (arylsulphatases [AS]). No
correlation has been found between charges or the type of ion in the active site, as means
towards discrimination between these substrates.

Figure 1.9 Active site of sulphonyl and phosphate esterases. (A) Active sites of ECAP (AP, PDB:
1ED9), X. citri nucleotide pyrophospodiesterase (NPP, PDB: 2GSN), R. leguminosarum
phosphonatemonoester hydrolase (PMH, PDB: 2VQR) and P. auruginosa arylsulphatase (AS,
PDB: 1HDH). (B) log10 (kcat/KM) for phosphomonoester hydrolase activity (blue bars), phospho
diester hydrolysis activity (red bars), phosphonate monoester hydrolase activity (teal bars) and
arylsulphatase activity (yellow bars). Data was taken from [127] and figure was adapted from
[128].

Alkaline phosphatase promiscuity
ECAP has been shown to harbor substantial activity towards hydrolysis of sulphate
monoesters [129] (also VAP, unpublished results). ECAP was also subsequently shown to
have phosphodiesterase activity [130] (remains to be tested for VAP). The sulphate
monoester hydrolysis of ECAP is about nine-orders of magnitude slower (pNPP vs para
nitrophenyl sulphate [pNPS]) and the phosphodiesterase activity is five-order of magnitude
slower (pNPP vs. methyl 2,4-dinotrophenyl phosphate [MDNPP]). The same residues are
needed for efficient catalytic efficiency (R166 and S102) and inorganic phosphate is a
competitive inhibitor for sulphatase activity [129] as well as phosphodiesterase activity
[130]. Both experimental and computational approaches have been applied to answer how
the enzymes evolve to catalytically discriminate between these substrates, mainly
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regarding the difference of the transitions state of the chemical step [126, 131-133]. For
APs, the rate limiting step is the release of the inorganic phosphate product. So, in order to
be able to experimentally compare phosphomonoester hydrolysis with promiscuous
activity, where the chemical step is the rate limiting step, some alterations to standard
assays needed to be made. O’Brien and Herschlag [134] have employed an assay using
alkyl phosphomonoesters under pre-steady-state conditions ([S] close to [E]) to determine
kcat/KM with the chemical step as the rate-determining step [129, 130, 134]
The structural difference between sulphate monoesters and phosphate monoesters is
small. Sulphate monoesters have a single negative charge and phosphate esters have a
double negative charge at neutral pH. Aryl sulphatases (AS) have a bimetallo zinc center
while APs have three divalent metal ions, all which are important for catalytic activity.
Thus, the more negatively charged the substrate is, the more positively charged the active
site might be. However, the charge difference can only partially explain the preference for
each substrate for AP vs AS, since protein tyrosine phosphatases (PTPs), which do not
contain metal ions and have close to neutrally charged active sites, do not show any
preference for phosphate monoester hydrolysis over sulphate monoester hydrolysis [32].
Andrews et al. [32] proposed that positioning of dipolar hydrogen bond donors within the
active site determines the specificity. Furthermore, the binding interaction(s) of R166 are
possibly not only contributed by its charge but also the geometry of the guanidium group
[135].

Is VAP functional as a protease?
Recently, we have found evidence of VAP being a functional protease (Bjarni Ásgeirsson,
unpublished results). Initially, self-cleavage activity was only observed if the enzyme was
incubated at low ionic strength. Figure 1.10 shows cleavage sites for VAP detected using
MALDI-TOF-MS peptide mass fingerprinting of HPLC purified peptides from VAP
autolysis experiment. Both the N- and C-terminus of the digested peptides mostly had a
charged amino acid both positive and negatively charged, indicating the importance of a
charged amino acid next to the cleavage site. However, the specificity of the enzyme as a
protease is not clear and the enzyme seems to be rather unspecific towards protein
digestion. Interestingly, the crown domain was nearly intact (or possibly over digested).
Ongoing experiments are being conducted, e.g. towards the cleavage of typical protein
substrates.
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Figure 1.10. N- and C-terminal cleavage sites for VAP autolysis. Figure was rendered in UCSF
Chimera using MALDI-TOF-MS data of cleaved fragments from VAP autolysis (Bjarni
Ásgeirsson, unpublished results). The sample was diafiltrated into 10 mM Tris pH 8.0 using a
YM30 centrifugal filter unit in the cold. The mass spectrometric analysis was both performed inhouse as well as at the Proteome Factory AG (Berlin). Amount of protein in samples was 50 µg.
The Mascot Search Service was used to identify peptides.

This is not the first case of reported protease activity of an AP. Chakraborty et al.
[136] reported shrimp AP (SAP) having activity towards cleaving a protein substrate and
towards self-cleavage. The latter activity was induced by the addition of EDTA. Neither
ECAP or calf intestine AP showed any proteolytic activity. Here, a computational method
termed catalytic active site prediction (CLASP) was used to predict the proteolytic activity
of SAP. In this method, a motif of an enzyme with a known function is used where
distances and potential differences of key residues (e.g. the catalytic triad for Ser
proteases) are mapped and compared using a computer algorithm. This approach also
indicated that VAP has potentially a β-lactamase activity and VAP was inhibited by the βlactamase inhibitor imipenem [137]. However, VAP showed no detectable β-lactamase
activity over relatively short incubation periods compared with several days that might be
needed [137].
Another indication of proteolytic activity in an AP came from crystal structure
studies of the rat intestinal AP [138]. The enzyme was expressed both in E. coli and Sf9
insect cells and subsequently crystallized. In both cases, the structure was the same, except
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glycosylation did not occur in E. coli and the crown domain was missing for the E. coli
expressed enzyme. The authors found that the crown domain was cleaved when the
enzyme was kept at room temperature for prolonged periods. Since the cleavage was
inhibited by protease inhibitors (Sigma protease cocktail) the authors concluded (possibly
incorrectly) that the crown domain was cleaved by protease impurities, but the enzyme
expressed in the insect cells was protected due to glycosylation. Possibly the proteolytic
activity of the rat intestinal AP was inhibited by some of the inhibitors in the protease
inhibitor cocktail or by metal chelation of EDTA (present in the cocktail). For example, 4(2-aminoethyl) benzene sulfonyl fluoride (AEBSF) is a potent inhibitor for both VAP and
ECAP. 10

1.3 Protein quaternary structures and symmetries
Protein symmetry has always fascinated me. However, it is the break of symmetry, or
asymmetry, which is often relevant during a functional event. Quaternary structure
(oligomerization) of proteins seems to be quite important for cellular functions. Most
proteins in cells are found as symmetrical oligomeric complexes with two or more
subunits. Crystallographic group symmetries are shown in Figure 1.11. The most common
group symmetry is the cyclic C2 group where subunits are related by a twofold axis of
rotational symmetry (homodimers). Higher order cyclic complexes exist as Cn(n>2) with
higher order rotational symmetries but are much rarer and typically involve proteins where
directionality is needed, such as when one side interacts with a membrane or a hollow
tube/chamber is formed (e.g. Porin). Dihedral complexes form Dn(n>1) symmetry groups
and have two symmetry axes, where one is a twofold rotational axis and the other of higher
order. Thus, D2 symmetry can be considered a dimer of dimers and D3 symmetry a dimer
of trimers etc. Dihedral groups are common for cytosolic enzymes (mostly D2 tetramers)
and have more types of interfaces, therefore having higher propensity for allosteric control.
Cubic complexes are the largest and can have tetrahedral (T), octahedral (O) or icosahedral
(I) symmetries: For example, an octahedral homomer has 24 subunits with twofold,
threefold and fourfold symmetries. Cubic complexes usually function as compartments for
storage and transport [139, 140].
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Figure 1.11. Crystallographic group symmetries. Point group symbols are shown below each
protein structure. Note that higher cyclic symmetries are known, but are rare. This figure was
inspired by Figure 1 in Goodsell and Olson [140].

A survey of all SWISS-PROT annotated proteins sequences in E. coli (year 1998)
show that roughly 80% of the proteins are found as oligomers, where about 40% are
dimeric and 20% are tetrameric [140]. Approximately 15% of the oligomers are
heteromers. Generally, heteromeric proteins are regarded as being stable and purifiable
entities. Weakly associated protein-protein interactions most likely exceed the number of
stable homomeric complexes but many of these interactions have unknown function, are
weak but still co-purify with a target protein in proteomic experiments [141]. Heteromers
often adopt simple pseudo symmetries which resemble symmetric homomers, sometimes
even with uneven stoichiometries [142]. It turns out that heteromers are much less
evolutionary ancient than homomers, where the larger the heteromer the more “evolved”
the protein has become [142]. Furthermore, there is evidence that the more evolved
proteins become (less homology between subunits in a heteromeric complex) the more
flexible the protein complexes tend to be. [142]. Also, the tendency is that the more ancient
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interfaces of homodimers are, the larger they are [143, 144]. This may not be so surprising,
giving the two most common mechanisms for heteromer evolution (Figure 1.12). Gene
duplication or gene fusion always results in oligomeric complexes with smaller interfaces
and which are more flexible. Gene duplication is more common in eukaryotic complexes
while gene fusion is more common in prokaryotes. Examples for highly evolved
heterocomplexes by gene duplication are the archaeal thermosome and proteasome,
encoded by 8 and 14 paralogous genes, respectively [145].

Figure 1.12. Mechanism for evolution of protein heterocomplexes. (a) Gene duplication. A gene
duplication results in two proteins (yellow and orange circles) still interacting at the interface (here
with C8 group symmetry). During separate evolution of each of the genes a C4 heterodimer
(pseudo-C8) is formed. Further duplication events can occur where all subunits become distinct
paralogs forming a complex where all subunits are derived by separate genes (here shown as C1
group symmetry and pseudo C8 symmetry). (b) Gene fusion/fission. Two different genes fuse
together forming higher order heterodimeric complexes. The reverse (fission) happens rarely.
Figure adapted from [139].

The function of proteins is usually driven towards larger proteins by evolution.
However, the cost of protein synthesis limits the size. The average size of proteins is in the
30-50 kDa range, which seems to be a middle ground for these two factors (function and
cost). [140]. However, being large is not always functionally beneficial. Secreted proteins
are commonly monomeric since oligomeric complexes dissociate at low concentrations,
except when the complexes are covalently linked via disulfide bonds. Furthermore, some
proteins need to be small for rapid diffusion, such as hormones and toxins [140].
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1.3.1 The importance of being dimeric
Since APs are dimeric enzymes we will focus the discussion about functionality of
oligomeric structures towards homodimers.
The function of dimerization can simply be the formation of an active site at the
interface. However, most homodimeric enzymes have two active sites, each located at the
distinct subunit. Monod et al. [146], were among the first that emphasized the importance
of dimerization, where isologous associations give closed structures with an increased
stability due to smaller surface-to-volume ratio [147]. In vivo, formation of a dimer
prevents the formation of unwanted interactions at the buried interface during folding.
Saving of genetic material has also been mentioned as a factor favoring homodimer
formation [148]. Furthermore, a shorter mRNA would need less energy to synthesize and
possibly be easier to regulate than a larger mRNA. Even though allostery (binding to
another site), which affects function of an enzyme or receptor, is more common in higher
order oligomers [149], especially in complexes of dihedral symmetry [140], it is more
common in homodimers than monomers [139]. However, the advantage of being dimeric
might arise from a functional perspective i.e. cooperativity or allostery.
1.3.2 Cooperativity and allostery of dimeric enzymes
Allostery and cooperativity are different but related phenomena for enzymes. Allostery is
generally thought of as a mechanism involving binding of a ligand at one site which
influences the activity at a distant site. Heterotropic allostery involves a binding of a
distinct ligand which affect the activity at the chemically active site, and which is different
from the substrates of the enzyme. Homotropic allostery, on the other hand, involves
interactions of a macromolecular system where two or more identical ligands (substrate)
bind with different affinities. For example, a homodimer with two identical active sites can
show negative cooperativity if binding to the first subunit induces a reduced affinity for the
same ligand in the other subunit. Positive cooperativity, on the contrary, increases the
affinity at the second site after binding of the first ligand. Two models are generally used
to describe homotropic allostery (Figure 11.3A and B): the Monod-Wyman-Changeux
(MWC) model [146] and the Koshland-Némethy-Filmer (KNF) model [149]. In MWC
model, the receptor/active sites are identical and upon ligand binding a conformational
change is observed simultaneously in both subunits. In the KNF model, the conformational
change between high and low affinity state is only induced in one subunit at a time. It is
likely that more complex equilibria exist in the unbound subunits which have led to more
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complex models being proposed, such as by Hilser and Thomson (HT model) [150]
(Figure 1.13C). The HT model was initially proposed for intrinsically disordered proteins,
where the protein adopts several intermediate folded/misfolded states in the unbound form.
However, this model could, in theory, also describe instances where preexisting asymmetry
is present in subunits, such as rotameric flips. Examples of this are to be found in human
caspase 9 [151], E. coli aspartate transcarbamoylase [152] and Rhodopseudomonas
palustris fluoroacetate dehalogenase [153]. These enzymes all have experimentally
confirmed half-of-sites reactivity. However, half-of-sites, or part-of-sites, reactivity (for
higher order oligomers) has only been experimentally observed for about 1% of the
homooligomeric structures in the PDB database [154]. This is likely to be underestimated
(or undetermined).

Figure 1.13. Homotropic allosteric models for dimers (A) the MWC model where binding of a
ligand/substrate leads to simultaneous conformational changes affecting both sites. (B) KNF model
where binding leads to conformational change at one subunit and the cooperativity is mediated
through interface contacts. (C) HT model, where equilibrium exist between high and low affinity
states of binding sites towards ligand substrate, where the conformations are pre-existent [155,
156]. This figure was inspired by Figure 1 in Freiburger et al. [157].

Half-of-sites activity is sometimes further characterized by separation into half-ofsites binding (HOSB) and half-of-sites reactivity (HOSR). [154]. HOSB and HOSR can be
observed at the same time where only one subunit binds and catalyzes the reaction while
the other subunit has only a stabilizing role for the structure of the enzyme. In this case the
enzyme is found as E/E, ES/E and EP/E but never found in ES/ES, where E is the enzyme
in the unbound state, ES the enzyme bound Michealis-complex and EP the enzymeproduct complex (excluding covalent intermediates, for simplicity) with examples being
found for cyclooxygenase-2 and microsomal prostaglandin E-synthase-1 [155, 156].
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However, many homodimeric enzymes show all-of-the-sites binding (AOSB), where
substrate analogs (inhibitors) bind to both active sites, usually detected by X-ray
crystallography (which is the case for APs). These complexes can show negative
cooperativity and HOSR, where only one active site performs catalysis with substrate still
bound in the other subunit. Thus, the enzyme can be found as ES/E, ES/ES or ES/EP (or
EP/EP when saturated with an inhibitor), but never visiting the E/E state in each cycle.
Here, the binding to the second subunit might energetically facilitate the binding of the
other subunit towards the substrate affecting the transition state barrier. There are fewer
examples of this mechanism than for the HOSB/HOSR, but it seems to exist for
dihydroorotate dehydrogenase A from Lactococcus lactis [158]. The last case of HOSR is
the flip-flop mechanism where subunits reciprocally cycle between high and low affinity
for substrate and product respectively (many have related the term half-of-sites only to this
"two-piston" mechanism, but half-of-sites has a broader meaning as discussed above).
Here, the enzyme cycles between ES/EP, ES/E or EP/ES, E/ES but is never found in either
E/E or ES/ES during the catalytic cycle. Flip-flop mechanism is only observed in enzymes
that show negative cooperativity.
Half-of-sites reactivity has been proposed for AP, but has never been fully
confirmed. The dimer of ECAP shows negative cooperativity for both substrate and
product binding [28, 31, 159-162]. VAP might show such negative cooperativity and halfof-sites reactivity. In Paper III we were interested to see if an inactive dimeric state
resembled a “locked” conformation unable to perform a conformational change. However,
we have currently no information regarding the type of half-of-sites reactivity in VAP as
discussed above.
The work showing the third-of-the-sites reactivity (part-of-the-sites reactivity) of the
trimeric calf purine nucleoside phosphorylase (PNP) is an excellent case which describes
well the pitfalls when studying part-of-sites or half-of-sites reactivity. Initially, the enzyme
was shown to have one-per-trimer binding stoichiometry of the reaction product
hypoxanthine and a transition-state analogue inhibitor [163-165]. However, when the
crystal structures, were soaked with the reaction product or inhibitor, ligand molecules
were found bound to all three active sites [166, 167]. The presumed third-of-the-sites
reactivity turned out to be the result of an assay artifact due to the presence of a “hitchhiking” hypoxanthine product in a subset of active sites during purification, where in the
end the enzyme was shown to have subunits that work independently [168, 169]. Another
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example for faulty analysis came from the recombinant form of tryptophanyl-tRNA
synthetase where Trp molecules were frequently found bound to the enzyme after
purification [170]. Similarly, phosphate is found to occupy both active sites of ECAP
during purification [162] and sulphates are present in the original VAP crystal structure.
However, after removing the phosphate from the active site of ECAP by denaturation and
subsequent refolding the subunits show clear negative cooperativity for inorganic
phosphate [162].
1.3.3 Mechanisms for half-of-sites activity of dimeric enzymes
One method to detect half-of-sites reactivity is to engineer a subunit with an inactive active
site and associate the native subunit with the inactive subunit to form a heterodimer. There
are three possible outcomes for the effect of forming the heterodimer in this way: (i) the
heterodimer has same activity as the native dimer, thus only one subunit catalyzes in each
turnover, where the role of the other subunit is unknown (remember that individual
subunits are inactive but interface contacts are needed for catalysis); (ii) the heterodimer
has half the activity of the native enzyme per mole, therefore the enzyme shows
independence of the other active site (not half-of-sites reactive) and (iii) the heterodimer
has lower than half activity, where the subunit must reciprocally switch between low and
high affinity state to bind substrate and release product (flip-flop). Example of case (i) was
seen for castor ∆9-18:0-acylcarrier protein desaturase [171]. Initially, it was thought that
ECAP did not have half-of-sites-reactivity (case [ii]), based on an experiment where Bloch
and Schlesinger [31] hybridized an inactive mutant variant with native subunits and
observed that the activity was half of the native. Later, Hehir et al. [172] sequenced and
expressed these variants and showed intragenic complementation for these heterodimeric
variants (increased activity when combined). Most of the mutated variants were located at
the active site and many were metal ion coordinates. When one subunit is rendered
inactive, the need for dimerization to maintain function of the native subunit still exists for
a yet unknown reason. The formation of a heterodimer is not always possible in vitro due
to the difficulty of separating subunits without altering the active sites of the enzymes, so
in many cases it can be beneficial to co-express both variants on different plasmids and
then purify the heterodimer. To ease purification of the heterodimer, a charged tag (usually
several charges) is sometimes attached to either the N- or C-terminus of one of the subunit
to facilitate separation of the homodimers from the heterodimers on an ion exchange
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column [172]. In fact, we have expressed a variant of VAP with 2xFLAG tag at the Cterminus, giving the enzyme extra eight negative charge [173, 174]. Attempts at forming
heterodimers in vitro with wild type or Strep-tag VAP were unsuccessful, but are not fully
exploited, and may be improved. In some cases, it has been possible to generate single
chain versions of a dimeric enzyme where individual subunits are covalently linked by a
linker sequence [175]. By this approach each subunit can be mutated to test for half-ofsites reactivity, giving that the enzyme is able to fold.
The examples mentioned above give no information about the mechanism for halfof-sites-reactivity at the structural level. Recently Kim et al. (2017) [153], studied the halfof-sites reactivity of fluoroacetate dehalogenase from Rhodopseudomonas palustris
homodimer. This enzyme catalyzes one of the slowest reactions in nature (the hydrolysis of
F-C bonds). The authors utilized the slow reaction using freeze trapping crystallography
and NMR in a time-resolved manner. Using this approach, the structural mechanism of
half-of-sites reactivity was revealed. This enzyme has only one subunit active in catalysis,
binding and releasing substrate (HOSB and HOSR), while the other subunit facilitates
catalysis by entropy compensation (Figure 1.14). As the substrate binds, bound water is
released from the other subunit, resulting in an increase in dynamic mobility for the empty
subunit. As the reaction proceeds a covalent intermediate is formed and water binds again
after the hydrolysis step. Lastly, the product is released and asymmetry in dynamics of the
subunits returns to a ground state. For APs, the mechanism could be similar with the
exception that both subunits can bind substrate at the same time (substrate or product is
found in both active sites in AP crystal structures). It is possible that conformational
changes between ground states and a bound energy-rich state exist where water plays a key
in the progress of decreasing the activation energy (Figure 1.14, below).
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Figure 1.14. Half-of-sites reactivity of fluoroacetate dehalogenase. The binding of substrate to one
subunit is facilitated by an increase in entropy brought about by the other subunit. As the
hydrolysis progresses water binds again to the unbound subunit to facilitate the release of product.
Fast dynamics occur between unbound and bound states where upon binding of substrate most of
the molecules will adopt the excited state. Note the resemblance to the HT model in Figure 1.13C.
Figure was adapted from Kim et al. (2017) [153].

1.4 Enzyme cold adaptation.
1.4.1 Thermodynamics

General considerations
All chemical reactions require kinetic energy to achieve the correct orientations of electron
orbitals, that suffices to facilitate breaking or formation of chemical bonds. Temperature
effects on chemical reactions do influence the equilibrium of the reaction, but more
importantly the kinetics of the reactions, where energy is needed to pass the activation
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energy barrier, Ea. The relationship of activation energy with rate of the reaction is described
by the Arrhenius equation:

k = Aκ e − E / RT
a

(1.1)

where k is the rate, A is the pre-exponential factor, κ s the dynamic transmission coefficient
(generally assumed to be 1), R the gas constant and T temperature in Kelvin.
From thermodynamical point of view, enzymes simply decrease the energy barrier
needed to reach transition states. Yet, how enzymes achieve this can be diverse. In terms of
Gibbs free energy (G) the diversity brought by enzyme comes from two components, the
enthalpy (H) and the entropy (S) of the system where the free energy change at a constant
temperature (T) is described as:

∆G =∆H − T ∆S

(1.2)

As enzymes only affect the activation energy, but not the chemical equilibrium of a reaction,
the activation free energy (∆G#) better describes how enzymes influence chemical reactions
(Figure 1.15):

∆G # =∆H # − T ∆S #

(1.3)

The enthalpy contribution, is a term of more tangible nature than the entropy and
involves the bonding energy brought by enzyme residues or cofactors that are bound close
to the active site pockets. Most of the enthalpy change occurs at the formation of the E•S
complex. The E•S complex needs to assemble a form that resembles the transition state or a
state which can be influenced by neighboring residues or cofactors towards the transition
state. On the other hand, entropy is a phenomenon which is harder to fully account for. It
describes the tendencies of matter to adopt states of maximum chaos. In other words, if a
molecule in a system has a state where it interacts with other molecules (e.g. hydrogen
bonds) and those bonds are broken, the tendency towards reforming the bonds will be less
than towards breaking them, since the unbound state has higher entropy. Thus, processes
that have a highly favorable increase in entropy, not compensated by enthalpy are often
irreversible (very high kinetic barrier) or as Boltzmann puts it:
“Since a given system can never of its own accord go over into another equally probable
state but into a more probable one, it is likewise impossible to construct a system of bodies
that after traversing various states returns periodically to its original state, that is a
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perpetual motion machine” Ludwig Boltzmann “On the second law of thermodynamics”
delivered on 29 May 1886.
The formation of the E•S complex results in an entropy decrease; thus, the enthalpy
change needs to be larger than the entropy decrease for the binding of substrate to be
spontaneous (negative ∆G). However, the molecular size of enzymes, which is many times
larger than just the residues that take part in binding of substrate, might act as an entropy
“buffer”, where upon binding of substrate a conformational change leads to a release of
surface bound water molecules to increase the entropy of the system (such as shown in
Figure 1.14) [153].

Figure 1.15. Free energy diagram of transition theory reaction coordinate.

According to the transitions state theory, kcat is dependent on temperature and
thermodynamic constants by the Eyring equation [176-179]:
#

kcat = (k BT / h)e − ∆G / RT

(1.4)

where kB is the Boltzmann constant and h the Planck constant. Substituting the ∆G term in
eq. 1.3 to eq. 1.4 gives:

kcat = (k BT / h)e −[( ∆H
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#

/ RT )+ ( ∆S # / R )]

(1.5)

#

According to eq. 1.5, kcat can increase at lower temperature either by a decrease in ∆H
#

#

or an increase in ∆S . Most cold-adapted enzymes show decreased ∆H and a consequential
#

decrease in ∆S compared to mesophilic enzymes [177, 179], sometimes termed the
enthalpy-entropy compensation. Cold-adapted enzymes are more active than mesophilic
enzymes and thus have lower ∆G#. In the cases where decreased enthalpy results in an
increase in entropy, increased flexibility of the active site has been proposed where the ES#
state is able to adopt a broader distribution of states. This could cause an increase in kcat and
an increase in KM [180]. In the cases where evolutional pressure exists towards low KM, such
as for secreted marine enzymes where substrate concentrations are low, cold-adaptation does
not necessarily result in increased kcat [181-183].
Many enzymatic reactions involve multiple steps in each catalytic cycle, with several
individual transitions states (Figure 1.16). Often, the breaking or forming of covalent bonds
are not the rate-limiting step, but the release of products to reclaim the enzyme catalyst
(multiple turnover) or other conformational changes in the reaction pathway. Thus, coldadaptation might be involved in lowering multiple activation barriers. This (mainly entropy),
has been frequently overlooked by computational scientist who often only address the
transition state for the chemical step [126, 184, 185].

Figure 1.16. Free energy diagram of transition theory reaction coordinate with several enzymatic
intermediates.

37

Macromolecular rate theory (MMRT)
Recently, Arcus et al. [186], described a new concept of temperature dependence of
enzyme-catalyzed rates, the so called macromolecular rate theory (MMRT). It utilizes the
#

heat capacity change for the ES to ES transition (∆Cp#). This is a parameter that quantifies
the temperature dependence of the enthalpy and entropy of a system, and is often assumed
to be constant with temperature (as in eq. 1.5). Implementation of ∆Cp# to eq. 1.3 gives:

∆G # = [∆H T# + ∆C p# (T − T0 )] − T [∆ST# + ∆C p# (ln T − ln T0 )]
0

(1.6)

0

By implementing eq. 1.6 to the Eyring equation (eq. 1.5) gives:
#
#
#
#
k BT  ∆H T + ∆C p (T − T0 )   ∆ST + ∆C p (ln T − ln T0 ) 
ln k =
ln
−
+
 (1.7)
h
RT
R

 

0

0

The ∆Cp# measures the capacity for the translational, rotational, vibrational and electronic
modes to absorb energy. In water and at biologically relevant temperatures (-20 – 100 °C),
electron modes above the ground state are inaccessible and the greatest contribution to heat
capacity is the number of accessible vibrational modes [187]. For most enzymes, ∆Cp# is
negative [188]. However, when we usually interpret the ∆G# as in eq. 1.3 we assume ∆Cp#
is zero and that the enthalpy and entropy terms are temperature independent. Figure 1.17
shows the interpretation of enzymatic rate using eq. 1.5 (Eyring equation) vs. eq. 1.7 (MMRT
equation) when the ∆Cp# is a known constant (∆Cp# is assumed to be temperature
independent). The former, shows an exponential temperature dependence for the enzymatic
rate, while the latter shows a curved result resembling a typical enzymatic Topt curve (Figure
1.17B). The increase in rate by temperature is first driven by the increase in enthalpy term
#

(-∆ H /RT) but as the temperature reaches Topt the rate slows down due to a decrease in the
#

entropic term (∆S#/R) (Figure 1.17C). The MMRT theory predicts that the ∆H for the
enzyme catalyzed reaction at Topt is near zero. Moreover, the most notable observation is the
result that as the rate decreases at temperatures over Topt, is due to the entropy decreasing
with temperature, but not due to temperature denaturation of the active site. Here, the authors
have carefully made sure that the kinetic data vs. temperature was denaturation
independent, where the data was either corrected for denaturation rates or were of the so
38

called “zero time” nature [189].

Figure 1.17. Temperature dependence of enzymatic catalytic rates with nonzero ∆Cp#. (A)
Temperature dependence of ∆G# (left axis shown in green) and the enthalpy and entropy
contributions in red and blue respectively (right axis) when ∆Cp# is set to -3.0 kJ mol-1K-1. (B)
Temperature dependence of enzymatic rate according to the Eyring function (in purple, eq. 1.5) and
the MMRT (orange eq. 1.7) with ∆Cp# set to -3.0 kJ mol-1K-1. (C) Temperature dependence of the
rate according to MMRT (orange line, left axis) and relative contributions of enthalpy (red line,
right axis) and entropy (blue line, right axis). The vertical line shows Topt and where -∆H# = RTopt.
This figure was adapted from Arcus et al. (2016) [186].

One further observation can be made using the MMRT equation. As the Topt
decreases, the curvature becomes more extreme. In other words, the lower the Topt the more
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sensitive the enzymatic rate is to temperature fluctuations (Figure 1.18). This is termed the
“psychrophilic trap”. To avoid this “trap”, enzymes generally do not evolve to Topt lower
than ∼20°C [190].
One of the main conclusions, when applying the MMRT to enzymatic rates, is that it
provides a possible explanation why larger enzymes generally have a higher catalytic rate
compared to the uncatalyzed reaction (kcat/knon) in relation to smaller enzymes, and why
larger enzymes are able to decrease the activation energy of more complex reaction. Since
the change in ∆Cp# is mainly due to vibrational modes, the larger the enzyme the more
modes are available. Further experimentation is needed to generalize the correlation
between ∆Cp# and Topt, and to confirm if the correlation is strong. MMRT, in its simplicity,
adds a new dimension to the transition state theory of enzymes, that is the ∆Cp#.

Figure 1.18. The psychrophilic trap. The correlation between ∆Cp# and Topt for 10 homologous
isopropyl malate dehydrogenase (IPMDH) from psychrophilic, mesophilic and thermophilic
species of Bacillus and 7 mutants of MalL enzyme from Bacillus subtilis. The colored curves
represent the rate vs. temperature for a hypothetical extreme psychrophilic (with Topt of 10°C) in
blue, mesophilic enzyme in green and thermophilic enzyme in red. This figure was adapted from
Arcus et al. (2016) [186].

1.4.2 Flexibility and cold-adaptation
The role of flexibility and enzyme dynamics in cold-adaption has long been debated. Are
cold adapted enzymes always more flexible than their mesophilic or thermophilic
counterparts? "Flexibility" is an engineering term, implying that an object can reach former
shape if bent. So, for a discussion of enzyme dynamics, it requires additional information
regarding the range of such mobility and the time factor of its oscillations (how rigid
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individual parts are). If we look at flexibility in terms of KM, that is, if we assume higher
KM results in less rigid active sites, then cold-adapted enzymes that decrease the free
energy barrier of the transition state by simply reducing the depth of the energy pit when
ES is formed, might be termed more flexible. Many cold-adapted enzymes have been
reported with larger and more open active sites, where bulky side chains have been
replaced with smaller amino acids [191-193]. The broader active sites may show increased
catalytic rate if the rate-limiting step is the release of product (as is the case for APs) [194].
One debate relating to cold-adapted enzymes revolves around the question if they
generally have increased global flexibility, irrespective of the size of the enzyme, or if
increased flexibility is only needed in certain loops or domains that are directly related to
catalysis, while rigidity is kept unchanged or even increased in other domains for folding
stability [178, 179, 181, 191, 193, 195-197]. For some enzymes, higher global flexibility
has been attributed to higher catalytic rate at lower temperatures [198, 199]. Methods such
as neutron scattering have been used to define local flexibility [200], revealing that
fluctuations in amplitudes were similar near the physiological temperature of enzyme from
different species [201]. Fluorescence quenching has also been widely used to study the
flexibility indirectly [202-204], where acrylamide, which is known to be able to penetrate
deep into protein core [205], quenches Trp residues by dynamic collision. The drawback of
using this method to compare homologous enzymes is that there is no correlations between
solvent accessibility of Trp residues and the fluorescence lifetime [206]. This means that
the amount of relative quenching for each Trp residue is not just dependent on solvent
exposure but also the close electrostatic environment around the fluorophore, which differs
between enzymes.
Most of the literature supports that local flexibility is needed in certain domains or
the active site while other less catalytically relevant domains can be kept more rigid [182,
207-209]. In these cases, the local flexibility has been uncoupled from thermal stability and
correlates to activity [210-212]. Also, comparison of B-factors in crystal structures
between psychrophilic and mesophilic structures as well as molecular dynamics analyses
have indicated local flexibilities [116, 191, 211, 213-219]. However, in some cases there
were no differences in flexibility when comparing a psychrophilic and a mesophilic
counterpart, such as for trypsin [220, 221] and citrate synthase [222]. Recently, a 2 µs MD
simulation of endonuclease A showed no difference in flexibility between the cold-adapted
strain from Aliivibrio salmonicida and the mesophilic strain Vibrio cholera [223].
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Thermal stability in cold-adaptation has not yet been mentioned here. Rigidity is
undoubtedly needed at higher temperatures to stabilize the folded state of enzymes.
However, rigidity needed at high temperature, does not irrefutably indicate that flexibility
is needed at lower temperatures. In terms of evolution of thermophiles, stability is simply
an indirect consequence of the need for function at high temperature. That is, stability has
no evolutional meaning if it is not coupled to function. Thus, evolution towards coldadaptation does not need to be coupled to low stability. Site-directed mutagenesis or
directed evolution conducted on mesophilic or psychrophilic enzymes has resulted in
enzymes with higher thermostability but unchanged or enhanced kcat [224-231]. Coldadapted enzymes are most often more intrinsically unstable due to lack of selection for
stability, and the instability might simply result from stochastic genetic drift. However, in
studies were random mutational libraries have been examined, improvement of both
activity and stability is rare and in the cases where increased activity at low temperature
was observed, stability was also decreased [225, 232].
Why has it been so hard to unravel in general terms the basis for temperature
adaptation of enzymes? One thing that may have been overlooked is that enzymes are often
a part of large synthesis or breakdown pathways that might be differently sensitive to
temperature. Let’s say that a “rate determining” enzyme in a pathway is more dependent
on temperature than another enzyme later in the pathway, then the pressure on coldadaptation is much higher on the former than the latter. Thus, the mechanism of a cell
towards cold-adaptation is only applied when needed. Enzymologist who have been
studying enzyme cold-adaption might need to ask the question more frequently; how
important is the enzyme under study for the organism? Often the answer might be
unknown.
When it comes to explaining why the role flexibility in enzyme catalysis has been
difficult to generalize, perhaps one can start by proposing that the engineering terms
“flexibility” and “dynamics” do not describe well enough how an enzyme functions. It
looks as if there is some missing knowledge that could be the key towards these
discrepancies. Bringing the mind to my second-year biochemistry course, the first thing
that is usually focused on is how water affects proteins. The effect of water solvation on
protein structures and substrates, and how entropy plays a part in catalysis, is in a way still
too vague and difficult to formalize mathematically. Water and entropy are usually a
problem for chemists, and it is difficult to predict solvent interactions in computer
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simulations. This might be the missing link that could explain the role of flexibility where
water/protein interactions are the key to explaining cold-adaptation rather than the protein
singularly. Many cold-adapted enzymes have identical catalytic residues in the active sites
as their more thermostable counterparts, thus cold-adaptation must involve amino acids far
from the active site (as opposed to catalytic residues who are near each other). Isaksen et al
[197], proposed that protein-solvent interfacial surfaces differ between cold-adapted and
thermophilic enzymes due to point mutations that disrupt surface hydrogen bonding
networks and bound water. This was observed using calculations of “high-precision”
Arrhenius plots and thermodynamic activation parameters. It is experimentally challenging
to prove this theory, but recently Kim et al. (2017) [153], used time-resolved
crystallography and NMR to show that release of bound water network facilitated a
conformational change to both bind substrate and release product in a homodimeric
enzyme (Figure 1.14).

43

2 Aims of the studies
The general aim of this thesis work was to elucidate why VAP shows such a low thermal
stability and if it relates to its enhanced low temperature kinetics. We wanted to study the
mechanism of inactivation in detail and find out how salt ions affect kinetics and stability.
Although AP is one of the most studied enzymes, relatively few studies have focused on
events at the interface of the dimer. Initially, a method to study the dimer-monomer
equilibrium was lacking, where the dissociation of weakly associated dimers was suspected
to cause the loss of measured activity. It was soon realized, that the inactivation was a
more complex process involving subtle conformational changes of the dimer, where more
sophisticated methodology was needed to study the structural changes. Fluorescence
spectroscopy was a key method used during this study. Furthermore, the effect of salt-ions
on the enzyme was studied in detail revealing how salt dramatically affects the kinetics and
stability of VAP.
Paper I
As a preparation for the employment of fluorometry, we made single Trp → Phe
substitutions to reflect the effect of each Trp in the Trp fluorescence emission spectrum.
The expectation was that this would elucidate local structural changes, and be a way to
detect dimer dissociation. We were particularly interested in W460 which is close to the
interface at the two-fold symmetric axis.
Paper II
We have known for some time that 0.5 M NaCl (and some other ions) in buffers both
activated and stabilized the enzyme, but it had never been studied in detail. The ionic effect
was shown to be of more complex nature than previously thought, where pH plays an
important role. This paper reports in detail how ions affect VAP (and two other APs).
Furthermore, an activity dilution assay was developed to study the dimer-monomer
equilibrium as well as a metal ion assays to measure the metal occupancy in the inactive
enzyme.

45

Paper III
In the previous listed papers, strong evidence supported the conclusion that upon
inactivation the dimer is transformed to an inactive dimer intermediate. In this study a
fluorescent probe, bimane, was attached on different locations at the interface and its
fluorescence monitored as the enzyme was inactivated. We wanted to observe if the
inactivated form showed any structural changes at the interface. In this paper, an effort was
also made to explain half-of-sites reactivity of VAP and APs in general.
Paper IV
VAP has a large interface loop that hovers over the active site of the other monomer
(Figure 1.2). Here, we studied the effect of breaking some extensive interfacial networks of
hydrogen bonds, by kinetic assays, stability assays and molecular dynamics simulations.
We wanted to define the role of the large loop, with respect to activity and stability.
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3 Methodology
3.1 Protein overexpression in E. coli
An improvement in the methodology for overexpression of VAP was achieved by
changing to a new T7 promoter system (pET11a) where previously a tetracycline inducible
vector (pASK) was used [113]. The overlap extension PCR cloning method was used to
subclone the VAP gene with StrepTag fused to the C-terminus via a two-amino acid linker,
into the pET11a vector [6]. For this expression system, the T7 RNA polymerase gene is
needed in the host strain (BL21(DE3)). For increased expression regulation, we used the
Lemo21(DE3) E. coli strain. It harbors a plasmid containing the lysozyme gene lysY which
is modulated by L-rhamnose where lysozyme inhibits the T7-RNA polymerase. Thus, by
adding L-rhamnose to the medium at levels from zero to 2 mM the expression can be finetuned [233]. Using this system, with proper aeration of the media, soluble VAP, up to 150
mg per liter LB culture could be obtained at 18° C. Optimal amount of soluble enzyme was
achieved using 0.25 mM L-rhamnose. Using the older tetracycline expression system, the
expression yield for VAP was in best cases 3 mg per liter LB culture. For some enzyme
mutant variants, the expression yield using the T7 expression system was much lower than
for the wild type where in some cases only 5-10 mg per liter LB culture was derived. Most
of these were Cys variants (Paper III).
We have been using the StrepTactin affinity purification system with great success,
purifying the enzyme to 99% purity in one step [6, 113]. The StrepTag is a short peptide
(WSHPQFEK) which binds with µM affinity to StrepTactin resin, a genetic variant of
streptavidin. By fusing the peptide to the N- or C-terminus (N-terminus not possible for
VAP due to N-terminal signal export sequence), proteins bind to the StrepTactin resin and
can be eluted in one step using desthiobiotin, which can be competed/exchanged out by the
regenerating agent HABA (2-[4 -hydroxy-benzeneazo] benzoic acid) for multiple use of
the resin.
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3.2 Enzyme steady state kinetics
Throughout this thesis, all enzyme variants were characterized under steady-state
conditions ([S]>>[E]) using p-nitro-phenyl phosphate (pNPP) as a substrate at pH 9.8 (see
publication for further details). All kinetic curves were fitted with non-linear regression to
the Michealis-Menten equation. In most cases, the rate limiting step for phoshoesterhydrolysis catalyzed by VAP was assumed to be the release of inorganic phosphate.

3.3 Urea denaturation and unfolding mechanism
To study the denaturation mechanism of VAP, urea was used as a denaturant. Since
chloride is highly stabilizing for VAP (Paper II), GdmCl denaturation was not performed.
The enzyme was incubated overnight at 10°C to make sure equilibrium was reached.
Generally, 15-20 urea concentration points were used for each curve. Fluorescence of the
six native Trp residues was monitored (excitation at 295 nm) for the detection of
denaturation. In most cases λmax was monitored to detect structural changes. In paper III,
dissociation of the dimer and unfolding were shown to be linked. At pH 8.0, activity was
used to monitor a transition towards inactive dimer intermediate but at pH 10.5 transition
towards an inactive species was due to dissociation/unfolding of the dimer.

3.4 Thermal inactivation and thermal unfolding
Circular dichroism (CD) spectroscopy was used to monitor the global thermal stability
(Tm) of the tertiary state (dimer dissociation likely as well, see paper III). The global
thermal stability is dependent on pH, the concentration of Mg2+, NaCl, and competitive
inhibitor ions (sulphate and phosphate). To be able to compare Tm for new variants with
older data, we have kept the same conditions throughout (25 mM Mops, 1 mM MgSO4, pH
8.0).
The thermal stability of the active site was determined using the Arrhenius equation
(ln k vs 1/T) where the activation energy (Ea) was obtained and T50% was then calculated
from the Arrhenius equation, where the k for 50% loss of activity after 30 min gives T50%.

3.5 Fluorescence measurements and labeling
Tryptophan fluorescence was used to monitor changes in solvent accessibility to correlate
to structural changes and folding. VAP has five native Trp residues and nineteen Tyr
residues per monomer. By using 295 nm as excitation wavelength, the Tyr emission was
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mostly excluded. Furthermore, the maximum emission of tyrosine is at 310 nm (except
tyrosinate which has emission maximum at 340 nm), vs 355 nm for Trp, thus it is easy to
discriminate between Tyr and Trp emission. It is generally impossible to resolve the
contribution of each tryptophan in proteins that have more than one or two Trp. The reason
is that Trp can exist in different rotameric states which fluctuate on the ns scale. Moreover,
proteins switching between conformers on the ns scale could also be responsible for the
heterogeneity of the emission lifetime. In fact, several single Trp containing proteins show
three lifetimes [234, 235]. Thus, for VAP, it would be unrealistic to resolve the
contribution of each Trp residue. However, using site-directed mutagenesis, the emission
of the two Trp residues of triosephosphate isomerase has been resolved [236] and the three
Trp of barnease [237]. Trp is then usually substituted to Phe or Tyr, which could affect the
global tertiary hydrophobic packing, especially for buried Trp residues. Here, an attempt
was made for VAP to gauge the contribution of each Trp to the total fluorescence where
each Trp residue was mutated to Phe. Most of these mutations resulted in decreased
catalytic efficiency and decreased global thermal stability (Paper I). A good example for
the complexity of the emission decay can be seen in the support material of paper I (Figure
S3), where very small changes can be seen in the decay time for the single substituted
variants.
We turned our focus to the use of an extrinsic fluorescence label to detect local
structural changes. Here, we used the small fluorescence label mono-bromo bimane
(Figure 3.1) which reacts with free Cys groups. VAP has only one native Cys residues, so
VAP is convenient to label. Furthermore, the native Cys was shown not to be accessible
for labeling which was convenient, since the C67S variant, presumable needed to perform
single labeling, affects the catalytic rate [113]. The reason we chose bimane was that it is
quenched intrinsically by Trp or Tyr in a well-defined sphere of quenching [238, 239]. The
sphere of quenching for bimane is up to 15 Å for Trp and 10 Å for Tyr. These are distance
too short to be measured by Förster resonance energy transfer (FRET). The strategy was to
introduce bimane near a Tyr or Trp residue present natively or incorporated using sitedirected mutagenesis (Figure 3.2). We chose sites where bimane would be juxtaposing
either a Trp or Tyr at the other subunit, to study structural changes at the dimer interface
(Paper III), where a Phe residue at the relevant was used as a non-quencher control at the
relevant positions.
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Figure 3.1. Monobromo-bimane.

Figure 3.2. Tryptophan and tyrosine induced quenching (TrIQ, TyrIQ) of bimane. Phenylalanine at
the quencher position is used as non-quenching control (F0, τ0) and Tyr or Trp as quenchers of
bimane (F, τ). If dynamic quenching occurs, both the steady-state emission (F) and the
fluorescence lifetime (τ) is affected. Static quenching only affects the steady-state emission. Thus,
using the equation γ = (F/F0)(τ0/τ) the relative fraction of non-static quenching can be derived and
the static quenching component is simply 1-γ. The figure was adapted from [239].

3.6 Phosphorescence measurements
In Paper I, we discovered that one of the Trp residues (W460) was highly buried in the
protein core and absent from static quenchers such as His, Tyr, Trp and Cys [240]. Since
none of these residues are within 5 Å proximity to W460, and the fact that the residue is
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highly buried, we suspected that the residue might show phosphorescence, similar to the
highly phosphorescent W301 of ECAP. Phosphorescence of ECAP has been used to
monitor negative cooperativity in phosphate binding [162] and structural role of metal ions
[241]. Indeed, VAP was shown to be phosphorescent, having two lifetimes (Paper I). The
W460F variant was also slightly phosphorescent, indicating that the second lifetime
originated from a second Trp residue. However, phosphorescence measurements are
extremely sensitive to oxygen, such that oxygen needs to be fully purged from samples
before measurements. This proved to be technically difficult to make consistent. Thus, we
were not able to answer the question which residue was the second phosphorescent active
residue. Two purging methods were tried: 1) bubbling pure argon through a quartz flow
cell; or: 2) directly applying vacuum to the sample in the cuvette and repressurize with
oxygen free nitrogen in a homemade apparatus. The second method proved to be more
successful, but repeatability was poor.
The value of using Trp phosphorescence is the rarity of Trp being phosphorescent in
proteins generally. Proteins that are phosphorescent usually only have one Trp being
phosphorescent. Thus, phosphorescence gives a local signal which is very sensitive to
changes in solvent exposure and backbone movements. The next step in phosphorescence
measurements of VAP would be finding a collaborator who is conducting phosphorescence
measurements on a regular basis.

3.7 Metal ion assays
An improved sample preparation protocol before metal ion analysis was developed and is
explained in Figure 3.3 (Paper II). We wanted to answer if the inactivation of the enzyme
was due to metal ion dissociation from the active site. In the previously used method, the
enzyme was inactivated in urea and the excess magnesium from the purification buffer
removed by dialysis after incubation. Subsequently, the samples were assayed using
atomic absorption spectroscopy. If the magnesium ions were loosely bound, then the
dialysis step would likely result in further depletion of magnesium from the active site,
giving rise to a systematic error. In the new method, the urea incubation step was
performed straight after purification with lower magnesium used and with the enzyme still
bound to the StrepTactin affinity resin. Urea does not affect the binding of the enzyme to
the resin up to 1.0 M urea, whereas over 2.0 M urea the enzyme is unable to bind to the
resin. After incubation in urea, the resin was rinsed with Chelex-treated buffer and the
sample eluted with desthiobiotin. Lastly, the samples were assayed by atomic absorption
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for Zn2+ and Mg2+ and the metal ion concentration was normalized to protein concentration
(determined at A280).

Figure 3.3. Sample preparation before metal ion analysis (Paper II).

3.8 Dimer-monomer equilibrium studies
Two methods were applied to study the dimer-monomer equilibrium. The first method
involved measuring the specific activity of the enzyme after serial dilution (after
incubation overnight, since dissociation is slow). By plotting specific activity vs. dimer
concentration, a fit to a first-order dissociation curve gives Kd (Paper II). The second
method simply involved a fit to the two-state urea denaturation curve (I2 → 2U) after
incubation overnight, as measured by Trp fluorescence (see in Paper III).

3.9 Crystallization of VAP
We have previously sent enzyme variants for crystallization and subsequent X-ray
diffraction analysis at the synchrotrons in Grenoble or Berlin to our collaborator at the
University of Tromsø, (Dr. Ronny Helland). He originally solved the structure for VAP at
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1.4 Å resolution [116], and the R336L variant (unpublished). A trip to Tromsø was made
by the author of the present thesis to learn how to initiate crystallization screens. The initial
screen involved a semi-automatic robot station for sitting drop samples of 0.2 µl in a 96
well plate. Most coarse optimizations were done using commercial screens (KCSG and
SGF), while further optimization was done using 0.7-1.0 µl hanging drop samples in 48
well plates using the two-dimensional approach (varying two components at a time, e.g.
pH and precipitant concentration). Several hits were discovered with wild type VAP which
gave crystals, where the most promising condition was the same as for the one used in the
published structure (0.1 M Tris, 0.2 M LiSO4, 22.5-27.5% w/v PEG 3350, pH 7.0).
Optimal concentration of enzyme for crystal formation was between 5-10 mg/ml. We were
particularly interested in finding conditions for good crystal formation where the pH is ∼10
(to see if the enzyme conformation at > pH 10 is different, see discussion in Paper II).
Moreover, we wanted to find conditions devoid of competitive inhibitor ions (SO42- and
PO43-). We have recently obtained a new X-ray machine (D8 venture, Bruker) at the
Science Institute of the University of Iceland (Figure 3.4), which might be able to solve
structures of highly diffracting protein crystals. We have successfully made in-house
crystals (Figure 3.5). However, we have not been able to collect data successfully. We
hope we will soon be able to solve structures of VAP enzyme variants in-house or
alternatively for quality checks before further analysis at a synchrotron.

Figure 3.4. To the left: Single crystal X-ray diffraction using D8 venture (Bruker) at the Science
Institute, University of Iceland. To the right: Crystal (from Figure 3.5) mounted on a micro loop
under a stream of liquid nitrogen.
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Figure 3.5. VAP crystal growth. Crystallization conditions using the hanging drop method: 0.1 M
Tris, 0.2 M LiSO4, 25% w/v PEG 3350, pH 7.0, 10 mg/ml enzyme at 25°C.
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4 Results and Discussion
Paper I
When the work of this thesis started, the unique ultra-sensitivity of VAP towards heat
(room temperature) and urea had been known for some time [110, 113, 114], and that NaCl
stabilized and activated the enzyme. However, little was known about the mechanism of
inactivation of VAP. Three possibilities have been proposed for the thermal sensitivity: i)
The dimers are very weakly associated and easily dissociate, ii) metal ions in the active
site, needed for activity, are weakly bound to the enzyme, and iii) an irreversible
conformational change, with a relatively low energy barrier, occurs. In this paper, the first
possibility was addressed, by developing biophysical methods to study the dimer-monomer
equilibrium.
Here Trp fluorescence was monitored as the enzyme was inactivated using urea. For
the wild type, the Trp denaturation curve was of two state nature with no observable
intermediates. However, the enzyme was inactivated before any structural transition was
observed in the Trp fluorescence. This indicated that either, no major structural changes
occur upon inactivation, or that dimer dissociation could not be detected due to placements
of the Trp residues away from the interface. VAP has six Trp residues, where only one is
located close to the dimer interface (W460), facing towards the protein core 10 Å away
from the active site. Single Trp → Phe substitutions were made in order to elucidate the
contribution of each Trp residue in the fluorescence emission signal. Results indicated that
W460 and W301, both highly buried residues, where responsible for more than 80% of the
emission signal. Furthermore, W274, located at the outer rim of the active site, close to the
magnesium ion coordination site, was shown to be highly quenched and gave almost no
signal. In fact, when substituted to Phe (W274F) the emission increased compared to wild
type, indicating that W274 might be an acceptor for resonance energy transfer for the other
Trp residues (discussed in paper II, in relations to effect of pH on Trp fluorescence) [6].
When acrylamide was used for collisional quenching studies, W460 was shown to be much
more buried than the other Trp residues. This lead us to think that W460 might be in an
environment optimal for phosphorescence (excited triplet state formation).
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Relatively few studies have been conducted, using phosphorescence as a probe, but it
has the advantage that it is rare and enzymes generally do not have more than one Trp in
optimum environment for phosphorescence, that is protected from solvent and excited state
quenchers [240]. Thus, phosphorescence could give an isolated signal coming from one
distinct site of the enzyme. The drawback of phosphorescence studies, is that it requires
rather sophisticated equipment to measure samples in absolute absence of oxygen which is
a potent quencher of phosphorescence (discussed in chapter 3.6). Using a rather primitive
in-house made equipment, it was found that W460 was highly phosphorescent.
Furthermore, it was clear that the life time distribution was not of a single component
nature. Thus, the signal was coming from a second state of the same molecule or another
molecule. By mutagenesis, we found that the other signal was coming from another Trp
residue with a 17% relative amplitude. We could however not derive which residue it was
due to high noise in the measurements (double Trp substitutions would have to be made).
In theory, it is challenging to resolve the contribution of each Trp residue for multitryptophan containing protein by this method (discussed in chapter 3.5), since Trp are often
conserved residues and important for structure or activity. Indeed, most Trp → Phe
substitutions in VAP resulted in lower Tm values than the wild type, especially for Trp
located at a buried site. The effect of the Trp → Phe substitutions was even more
pronounced for activity, where W460F had only 10% of the catalytic efficiency of the wild
type. Moreover, W460I was shown to be close to inactive (Hjörleifsson, unpublished), but
W460Y had the same catalytic properties as the wild type (the effect of these mutations on
activity is discussed in detail in Paper III).
An attempt was made to study the dimer-monomer equilibrium by introducing Trp at
the dimer interface at site F355W. The variant showed similar kinetic properties and
stability (Tm) as the wild type. A minor difference could be seen in the Trp fluorescence
denaturation curve for F355W as the enzyme was inactivated, but the effect was too small
to be used for quantification or to elucidate the correct unfolding model (see unfolding
models in chapter 3.3). Size-exclusion chromatography (SEC) was used to detect
oligomeric states at several urea concentrations. The results showed that as the enzyme was
inactivated the enzyme transitioned to an inactive dimer intermediate at 1.0 M urea. It was
not clear if folded monomers were populated. SEC indicated vaguely that the dimer peak
splits, but initial separation of dimers from the monomers on the column sets up another
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equilibrium driven movement, possibly forming monomers during the duration of the
experimental run. Therefore, the unfolding model could either be of the nature:

N 2  I 2  2I  2U or N 2  I 2  2U.
Paper II
The effect of salt ions on VAP activity and stability was evaluated in the molar range 0-1
M, following a lead from older studies that had not given a comprehensive explanation for
this as regards of/to mechanism, or which types of salt ions were effective. Increased ionic
strength (using NaCl or other salts) was shown to lead to an increase in the activity of
VAP, with a peak of activation at 0.5-0.6 M. The nature of the cation had no effect, while
chloride was shown to be the most efficient anion in activating the enzyme. The effect of
NaCl activation was shown to be pH dependent, where at pH 8.0, a 4-fold activation was
seen, but no activation was present at pH 10.5. Salt activation as a function of pH gave a
sigmoidal curve, an indication of a single protonation event with a pKa of 8.7. Activity
profiles as a function of pH showed two maxima, at pH 9.0 and 10.2, unique amongst APs.
Only the former peak showed increased activity in the presence of 0.5 M NaCl. Thus, in
the pH range 8.0 – 10.5, we propose there is a conformational change where both KM and
Ki (inorganic phosphate) increase greatly.
The effect on thermal stability was also pH dependent. T50% was 25.8 °C without
NaCl and 53.5°C with 0.5 M NaCl present, at pH 8.0. At pH 10.5, NaCl had no stabilizing
effect. Magnesium showed no specific stabilizing effect towards inactivation, but the
inorganic competitive inhibitor ions SO42- and PO43- increased thermal stability by specific
binding to the active site. The thermal stability of the tertiary structure (Tm) increased
linearly with NaCl, most likely by destabilization of the unfolded state.
Trp fluorescence was used to monitor structural changes as a function of pH.
Distinctive states could be detected, which correlated with changes in activity. Most likely
W274, an exposed Trp residue in the active site was affected by pH. This observation
strengthened the double-peak pH profile observed for activity
An assay was developed to study the metal-ion content of the enzyme as it was
inactivated by urea. The enzyme was treated during purification, bound to the StrepTactin
affinity column, with buffers devoid of metal ions (Chelex® treated). After treating the
enzyme with urea in the range 0-2 M, it was eluted and subsequently assayed for specific
activity and metal-ion content. Results indicated that as the enzyme was inactivated by
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urea there was no change in magnesium or zinc content. Thus, the inactivated state was a
fully metallated dimer.
Lastly, an assay to study the dimer-monomer equilibrium was developed. This was
done by serial dilution of the enzyme and by monitoring specific activity as a function of
the dimer concentration (specific activity should be constant unless dissociation occurs).
The dissociation constant of the dimer (Kd) could then be derived and subsequently the free
energy change for the dissociation event. The Kd was shown to be in the nM range, where
the dimer was showed to be stabilized in going from pH 8.0 to 10.5. Furthermore,
phosphate and sodium chloride were shown to increase the Kd at pH 8.0.
Paper III
We believe that the inactive dimeric state of VAP (in terms of phosphatase activity) has an
interesting shift in the functional properties (see 1.2.6 Promiscuous activity). We have not
been able to detect any structural changes accompanying the inactivation event. The
presumable half-of-sites mechanism, where one subunit binds the substrate while the other
releases products (or drive a conformational change at the other subunit to release product)
might occur for VAP, and is possibly general for APs (see chapter 1.3.3). Thus, we
proposed that the inactive dimer might have lost a connection at the dimeric interface that
drives phosphate release in each catalytic cycle. This making another conformer
dominating in the equilibrium ensemble of molecules.
In paper III, we introduced the fluorescence probe bimane at selected sites on the
dimer interface to detect subtle structural changes upon inactivation. Bimane is known to
be intrinsically quenched by Trp and Tyr in a well-defined sphere of quenching (5-15 Å
range) [238, 239]. Compared to Förster resonance energy transfer (FRET), this method,
termed tryptophan and tyrosine induced quenching (TrIQ/TyrIQ), can detect changes in
distances much closer than FRET based methods (20-100 Å).
Two areas were chosen for labeling, on the short loop comprising amino acid
residues 58-61 and residue K486. Either Trp or Tyr where introduced, juxtaposing a
bimane label at the other monomer, to serve as intermolecular quenchers of bimane
fluorescence. A Phe residue was used as a control (non-quencher). Cys substitutions,
needed to attach the probe, affected greatly the catalytic efficiency of the enzyme at
position 58-61 (E58C, D59C, A60C, I61C), while the K486C substitution had a lesser
effect. Bimane labeling further affected the activity. The variant A60C/F355W showed the
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greatest drop in catalytic efficiency, only 1% of the wild type. Interestingly, the F355W
mutation had no effect on catalytic efficiency whereas the A60C variant had 20% catalytic
efficiency compared to the wild type. The loop 58-61 extends to the helix containing the
catalytic Ser (S65). Presumably, there exist networks close to this area that might mediate
asymmetric interactions across the interface.
When the labelled A60C variant was inactivated by urea, subtle changes in bimane
fluorescence could be detected, giving three-state denaturation curves, while the Trp
denaturation curve was always of a two-state nature. At both labeled sites, the three-state
curve could only be derived if Trp or Tyr was present at the other monomer within the socalled sphere of quenching. Thus, we concluded that as the enzyme was deactivated by
urea, an interaction network mediated through the interface is lost, resulting in a failure of
the enzyme to release the phosphate. Using this data and by evaluating the enzyme
concentration dependence of each urea denaturation step, we confirmed that the
denaturation mechanism at pH 8.0 was of the nature: (N 2  I 2  2U) , where N2 is the
native dimer, I2 the inactivated dimer intermediate and U the unfolded protein. Thus,
folded monomers were not populated, showing that there exists a close link between
dissociation and unfolding of the enzyme. In other words, the folding and association of
VAP is a cooperative process, as has been reported for several homodimers and
heterodimers [242, 243]. At pH 10.5, the native state was stabilized towards inactivation
(urea, heat) and the loss of activity coincides with the unfolding event. Here, the
denaturation simplifies to a two-state process (N 2  2U) . NaCl was shown to increase
the stability of the native state at pH 8.0, but had no effect at pH 10.5.
An attempt was made to summarize the effect of several interface mutations by
reference to local specific areas of the interface. Four regions were compared where it was
shown that mutations at the marginal areas of the interface where relatively neutral
compared to mutations at the central twofold-rotational axis. An antiparallel β-sheet at the
two-fold rotational axis is conserved in all APs. This point of symmetry resides between
W460 and G461 in VAP. Mutations in this region are known to cause hypophosthatasia in
humans, presumably by formation of an inactive variant. This antiparallel sheet is not fully
unidirectional. A kink is seen between W460 and G461. We propose that half-of-sites
reactivity might be mediated through this symmetry point, possibly by main chain rotations
that allow the W460 residue to flip/flop to an inwards/outwards position relative to the
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other W460 at the other subunit. Similar long-range flip/flop rotameric transitions are
known for a Phe residue in the half-of-sites reactive enzyme caspase 9 [151].
Paper IV
In this paper, the possible role in catalysis and structural stabilization of the long interface
loop insert was in focus. This particular loop characterizes VAP and hovers over the active
site of the other monomer. It is structurally disordered, with one turn helix at its end, but
makes several stabilizing interactions that are unequally distributed along its length. There
are eleven intermolecular hydrogen bonds and several intramolecular hydrogen bonds
involved in the loop interface region. R336 is located in a central position of the loop and
is involved in extensive intra- (with loop-residue Q344) and intermolecular (with residues
S79 and S80) hydrogen bonding network. R336 is also bound to several crystallized water
molecules. Furthermore, R336 forms a weak intermolecular salt-bridge (4.8 Å) with D59
in the other subunit. Y346F, on the large loop, is interchain hydrogen bonded to S79 (main
chain) and S80 of the other subunit as well as to the crystalline water network which R336
also binds.
In our first version of the paper, the variants R336L, Y346F and F355Y were tested
for activity and stability (T50% and Tm). Furthermore, 1-µs all-atom molecular dynamics
(MD) simulations where performed for all the variants.
Initial results indicated that disruption the hydrogen bonding network by introducing
leucine to position R336 increased kcat and lowered KM. resulting in a 40% increase in
catalytic efficiency. The F355Y substitution had no effect on kinetics while the kcat of the
Y346F variant decreased to 46% of wild type. KM also decreased to 40% of wild type
resulting in unchanged catalytic efficiency.
MD simulations of the R336L variant indicated an increased flexibility of the large
loop and further indicated that this change affected rotameric states of the nucleophilic S65
and the conserved R166, which binds the phosphate moiety. However, when we repeated
the kinetic measurements in buffer devoid of ethylene glycol (ethylene glycol was thought
to be crucial in stabilizing the enzyme on ice, which later was proven unnecessary), they
were not consistent with R336L being an activating mutation. Thus, we repeated all the
kinetic measurements where we measured the kinetics with or without the addition of 0.5
M NaCl, excluding ethylene glycol (Table 4.1). We also introduced new variants; the
Q334L, S79A, S87A and the S79A/S87A double-variant. Q334 is part of the large loop
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and is hydrogen bonded to R336 within the same loop as well as binding to residues S79
and S87 on the other monomer over the interface.
Results for R336L indicated that kcat is only 30% of wild type without addition of salt
but 78% of the wild type with the addition of 0.5 M NaCl (Table 4.1). The kcat was
unchanged for Q334L, Y346F and F355Y compared to wild type. S79A showed a 70%
higher kcat with no salt addition but 35% increase with 0.5 M NaCl compared to the wild
type, resulting in almost 4-fold increase in catalytic efficiency. The S87A variant showed a
decrease in kcat being 40% and 60% of the wild type with no addition and with 0.5 M NaCl,
respectively. Interestingly, the double variant S79A/S87A was notably catalytically
impaired. A large decrease in kcat caused catalytic efficiency to drop to 17% and 8% of
wild type, measured with no addition of NaCl or 0.5 M NaCl, respectively. These results
indicate that the presence of at least one intersubunit hydrogen bond to R336 is needed to
maintain the integrity of the active site. Thus, the double-alanine change S79A/S87A is not
tolerated, presumably due to loss of hydrogen bonding opportunities.
Interestingly, KM was significantly lower than for the wild type for all loop
connecting variants (except Y346F). This was not the case at 0.5 M NaCl, where there was
a significant change for KM compared to the wild type, except for S79A and S79A/S87A.
In most cases there was not much change in active site stability seen for the loop variants
except for R336L and Q334L where T50% was 12.8 °C and 16.5°C respectively compared
25.8 °C for the wild type. However, at 0.5 M NaCl (pH 8.0), both these variants were
stabilized and had similar stability as the wild type (Table 4.1). This strengthens the
argument that the stabilization induced by NaCl is based on ion binding near the active
site. The increase in KM seen when 0.5 M NaCl is introduced can likely be explained by
charge neutralization of the substrate by the salt ions resulting in less facile binding to the
positively charged Arg and Zn in the active site.
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Table 4.1. The effect of sodium chloride on the temperature stability and kinetic constants

of VAP variants. Activity measurements were performed using p-nitrophenyl phosphate as
substrate at 10°C in 0.1 M Caps, 1 mM MgCl2, pH 9.8 in the presence of 500 mM NaCl or
without added salt. n= number of independent experiments each performed in triplicate.
kcat,

Km,

kcat/Km,

T50%

Tm

s-1

(µM-1s-1)
3.4 ±0.5

(°C)
25.8 ±1.4

(°C)
50.8 ±0.6

VAP no salt (n=6)

171 ±11

(µM-)
52 ±9

VAP with NaCl (n=8)

240 ±23

211 ±11

1.1 ±0.1

53.5 ±1.1

58.5 ±1.7

Q334L no salt (n=2)

170 ±10

44 ±17

3.9 ±0.1

16.5 ±0.8

51.0 ±1.8

Q334L with NaCl (n=2)

252 ±8

220 ±18

1.1 ±0.1

ND

ND

R336L no salt (n=7)

49 ±13

48 ±10

1.0 ±0.5

12.8 ±1.2

45.0 ±5.1

R336L with NaCl (n=4)

188 ±14

212 ±33

0.9 ±0.3

53.0 ± 0.1

ND

Y346F no salt (n=2)

220 ±4

88 ±16

2.5 ±0.6

21.4 ±1.4

53.1 ±1.6

Y346F with NaCl (n=2)

251 ±6

218 ±5

1.2 ±0.2

ND

ND

F335Y no salt (n=2)

176 ±6

40 ±10

4.4 ±1.1

20.3 ±1.1

50.2 ±1.3

F335Y9 with NaCl (n=2)

270 ±32

260 ±42

1.0 ±0.3

52.2 ±0.1

ND

S79A no salt (n=3)

271 ± 44

42 ±7

6.5 ±1.7

27.9 ±1.7

44.1 ±3.4

S79A with NaCl (n=3)

325 ±38

193 ±45

1.8 ±0.5

ND

ND

S87A no salt (n=3)

57 ±6

22 ±3

2.6 ±0.6

20.1 ±1.8

47.5 ±1.1

S87A with NaCl (n=4)

77 ±13

62 ±15

1.3 ±0.4

ND

ND

S79A/S87A no salt (n=4)

12 ±4

35 ±4

0.34 ±0.05

25.2 ±3.6

57.0 ±4.9

S79A/S87A with NaCl (n=4)

15 ±4

159 ±13

0.09 ±0.01

49.1 ±5.1

ND

A crystal structure for R336L has been solved (unpublished). It shows no major
main-chain changes, and has an identical active site as the wild type. The only significant
change is in the relative B-factors which are on average higher in the Ser cluster region
(S79 and S87) opposite the large-loop, but the large interface loop itself is on average
similarly mobile (Figure 4.1). However, B-factor comparisons between structures can be
perplexing due to variable diffraction resolution and packing of the crystals.
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(A)

(B)

Figure 4.1. Average B-factor comparison of residues for VAP wild type structure (PDB: 3E2D)
(A) and the R336L variant (unpublished) (B). The comparison was made in UCSF Chimera using
the “render by attribute” plugin. The color coding is relative for each structure, blue for the lowest
B-factors and red for the highest (white is set for the average). The resolution and crystal lattices
are not the same for each structure, thus the comparison can only be applied relatively for each
structure. Note the increased mobility of the helix at position S87 for R336L.
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5 Conclusions
Paper I
The results indicated that the dimer interface of VAP is not the most sensitive part of the
enzyme, where the inactivated form is likely an inactive dimeric intermediate. We
ascertained that the measurement of Trp fluorescence is not a possible route to monitor
dimer-monomer equilibrium, likely due to folded monomers not being populated in the
denaturation process. However, we discovered that the region where the buried W460
resides close to the interface is important for modulating catalytic activity. Furthermore,
discovering that W460 is a phosphorescent residue opens new possibilities to use
phosphorescence to probe subunit heterogeneity and structural changes.
Paper II
Ionic strength, and chloride, have a large effect on activity and stability of VAP. We
propose that the chloride ion binds specifically to the active site in a pH dependent fashion.
It is likely that the chloride ions are coordinated to Zn2+ where the phosphate group usually
binds (see Figure 1.6). The chloride both decreases the affinity of the enzyme for the
substrate and increases the rate of phosphate release (the rate limiting step) by competing
with the Zn2+ coordination site. Results indicated that as the enzyme was inactivated at low
ionic strength, it is transformed to an inactive dimer which retains both the magnesium and
two zinc ions in the active site. By bringing the pH from neutral to basic (7 – 10.5), a
conformational change occurs (measured by Trp fluorescence), so that salt no longer has
effect on activity or stability.
Paper III
Here we have shown using the intrinsic fluorescence probe bimane that as the enzyme is
inactivated, subtle changes are detected at the interface. We have also confirmed that
folded monomers are not populated in the denaturation pathway (at least in in vitro). This
was debated in Paper I, where size-exclusion chromatography (SEC) indicated a split of
the dimeric peak revealing an intermediate species. Perhaps the inactivated dimer has a
slightly different mobility, resulting in splitting of the dimer in the SEC diagram. The
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effect of pH and NaCl on stability of VAP was also put in numbers for the first time in
terms of free energy. The native state is remarkably unstable at low ionic strength (at pH
8.0), with a ∆G of 2-3 kJ/mol, which is an energy significantly less than for one hydrogen
bond. In the last part of the discussion, speculations about the half-of-sites reactivity of
VAP and APs are put forward. It is suggested that there might exist networks of
interactions which are mediated through the interface and where entropy might play a big
role in mediating product release, presumable by release of bound water in a cooperative
fashion from each subunit alternatively (as shown for fluoroacetate dehalogenase in Figure
1.14).
Paper IV
Results show that the role of the large interface loop is mostly to stabilize the active site by
an unknown mechanism. Both intra- and interchain hydrogen at the loop were shown to be
important for important for stability. It remains to be tested how much the R336L mutation
affects the Kd of the dimer. With regards to catalytic efficiency, the hydrogen network
linking the large loop with the active site of the opposite monomer, seems to be important.
However, the intramolecular hydrogen bonds are not as important as the interchain
hydrogen bonds involving S79A and S87A. Possibly, the loops where S79 and S87 are
located need to have some degree of restriction to maintain the correct positions of
catalytic residues (S65 and R129). Disrupting these hydrogen bonds gives increased
mobility of the two small loops connected with the active site (residues 50-54 and 78-80)
which is catalytically unfavorable. These results indicate that high mobility of loops in the
active site does not always result in increased kcat, especially for enzymes that have a large
active site, where nucleophilic residues and substrate binding metal ions need to be
orchestrated towards the catalytically active state.
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a b s t r a c t
Alkaline phosphatase is a homodimeric metallo-hydrolase where both Zn2+ and Mg2+ are important for catalysis
and stability. Cold-adapted alkaline phosphatase variants have high activity at low temperatures and lower thermal stability compared with variants from mesophilic hosts. The instability, and thus inactivation, could be due to
loose association of the dimers and/or loosely bound Mg2+ in the active site, but this has not been studied in detail for the cold-adapted variants. Here, we focus on using the intrinsic ﬂuorescence of Trp in alkaline phosphatase
from the marine bacterium Vibrio splendidus (VAP) to probe for dimerization. Trp → Phe substitutions showed
that two out of the ﬁve native Trp residues contributed mostly to the ﬂuorescence emission. One residue, 15 Å
away from the active site (W460) and highly solvent excluded, was phosphorescent and had a distant role in substrate binding. An additional Trp residue was introduced to the dimer interface to act as a possible probe for dimerization. Urea denaturation curves indicated that an inactive dimer intermediate, structurally equivalent to
the native state, was formed before dimer dissociation took place. This is the ﬁrst example of the transition of
a native dimer to an inactive dimer intermediate for alkaline phosphatase without using mutagenesis, ligands,
or competitive inhibition.
© 2016 Elsevier B.V. All rights reserved.

1. Introduction
Alkaline phosphatase (AP) is one of the most extensively studied
enzymes and yet its role is still not fully understood [1–3]. It catalyzes
the hydrolysis of phosphomonoesters and is generally believed to be
only active as a homodimer. The active site in each monomer consists
of three conserved metal ion sites. The M1 and M2 sites are occupied
by Zn2+ whereas the M3 site is generally occupied by Mg2+ and in
some cases exchanged by Co2+ [4–6].
The role of the metal ions in catalysis and substrate binding has
been extensively studied in Escherichia coli AP [7–10] and mammalian
APs [11,12]. For E. coli AP (ECAP), the generally proposed reaction
mechanism has the Zn2+ ions in M1 and M2 coordinating the binding
of the monophosphate substrate, as well as activating the Ser102
nucleophile [13].
The role of Mg2+ is not fully clear. In crystallographic structures, the
2+
is usually octahedrally bound where a water molecule is
Mg
coordinated between the Ser102 and Mg2 + [8,13,14]. The Mg2+ has
been postulated to act as a general base, activating the nucleophilic
Ser102. Earlier reports have also suggested a stabilizing role of Mg2+
for ECAP against inactivation during storage [15,16]. Clearly, the role
of Mg2+ is different for many alkaline phosphatases, where the Mg2+
can have activating role [17] as well as stabilizing role, or simply no
⁎ Corresponding authors.
E-mail addresses: jgh4@hi.is (J.G.ð Hjörleifsson), bjarni@hi.is (B. Ásgeirsson).
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effect [18]. Lastly, Mg2+ may be the deciding factor in bringing about
discrimination between phosphoryl-hydrolysis from different substrates,
e.g. monoesters and diesters [19].
The alkaline phosphatase studied here (VAP) was originally isolated
from Vibrio splendidus [20], a Gram negative and cold-adapted marine
bacterium closely related to E. coli. It has one of the highest reported
catalytic activity for APs, being adapted to work at cold temperatures
[20,21]. Furthermore, it has the lowest reported thermal stability of
known APs with half-life less than 10 min at 40 °C [20,22] as well as
the activity being very sensitive to urea [22,23]. By replacing activesite residues involved in Mg2+ coordination with corresponding residues in the mesophilic ECAP, namely D153 and K328, thermo-stability
as well as resistance to urea increased [22]. Thus, it has been postulated
that VAP binds magnesium weaker than other APs, hence the thermoinstability when activity is being monitored. Another possibility is that
the active dimers in VAP are very weakly associated, leading to enzyme
inactivation via dimer dissociation (VAP has inactive monomers).
Recently, we made the enzyme variant R336L, where at least two hydrogen bonds at the interface should be broken. This mutant showed
extreme thermo-instability and its activity dropped by half at 0.1 M of
urea within half an hour (unpublished results). Thus, at present, it has
not been established if VAP instability is governed by a weakly bound
Mg2+ at the M3 site or by an instable dimer. Another possibility is
that dimer association is cooperatively linked to Mg2+ binding.
To better understand the inactivation and unfolding pathway of VAP,
a method to study the dimer dissociation event is needed. Many
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methods have been applied to study dimerization of various APs
where the most common methods are size-exclusion chromatography (SEC) [24] and sedimentation velocity [25,26]. Our group previously used SEC to study dimer dissociation in AP from Atlantic
cod where the dimer dissociation was shown to be linked to loss of
activity in the 2–3 M urea range [27]. SEC however has several drawbacks to study homodimer/monomer equilibrium. 1) In many cases
SEC data has poor resolution leading to biased assignment of peaks,
making data usually only qualitatively reliable, 2) resin interaction
with proteins is known to occur, and 3) local concentration and solubility on SEC columns during runs can affect the dimer/monomer
dissociation equilibrium. Shrimp AP was initially believed to be
active as a monomer judged by SEC data as well as by native PAGE activity staining [28], but was later found to crystallize as a dimer [8].
The same conclusion was initially drawn for VAP for the same
reasons [20], before the crystal structure was obtained [21].
Fluorescence of proteins is the most preferable real-time method
to study quaternary structure dissociation due to its sensitivity and ability to work at physiological conditions. In addition to ﬂuorescence,
phosphorescence has been utilized to study metal ion binding [7] and
phosphate binding [29] in ECAP. Only deeply buried Trp residues, like
Trp109 in ECAP, have the propensities to have an electron transition
to the long-lived triplet state. The absence of quenching residues nearby, or protein backbone interference, is a crucial factor as well [30].
Chemical incorporation of ﬂuorescence probes can also be used to
study homodimer dissociation, such as by ﬂuorescence resonance
energy transfer (FRET), however using extrinsic probes can affect either
activity and/or stability of subunit association.
In order to report on the folded state of proteins, Tyr or Trp need to
be in a position in the native fold so that upon dissociation a change in
ﬂuorescence signal is detected, e.g. residues are relieved of quenching
by a nearby group, or a change in local polarity around the ﬂuorophore
is observed (spectral shifts). VAP has ﬁve Trp residues where no residue
is located at the dimer interface. Thus, upon dissociation of dimers, the
change in ﬂuorescence signal due to monomer dissociation is insigniﬁcant, since it has been shown in the case of ECAP that the structure
change of monomers upon dissociation is minimal [31].
In this study, all of the tryptophan residues of VAP were characterized with respect to ﬂuorescence by making tryptophan to
phenylalanine substitutions. An additional tryptophan residue was
also introduced at the dimer interface. Urea induced ﬂuorescence
redshift and size exclusion chromatography were used to study the
mechanism of inactivation and unfolding, in addition to the assessment
of activity and global stability of the variants.
2. Materials and methods
2.1. Materials
Chemicals were generally obtained from Sigma-Aldrich (Schnelldorf,
Germany) or Merck (Darmstadt, Germany). Strep-Tactin Sepharose,
(2-(4′-hydroxy-benzene-azo) benzoic acid (HABA), desthiobiotin
and anhydrotetracyclin (AHTC) were from IBA GmbH (Germany).
Bacto Yeast extract was obtained from Becton, Dickinson and
Company (France). Primers were obtained from TAG (Copenhagen).
Pfu polymerase, DnpI nuclease and markers were from Fermentas
(St. Leon-Rot, Germany). Alkaline phosphatase from E. coli and other
proteins were purchased from Sigma-Aldrich.

3′, where the BsaI binding site is shown in bold (cleavage sites in
bold/lower letters) and the gene complimentary region is underlined.
The PCR product was ligated into pASK3-plus digested with BsaI
giving a two amino acid linker between the gene C-terminus and the
C-terminally linked StrepTag (WSHPQFEK).
Site-directed mutagenesis was performed using the QuikChange®
kit (Stratagene) following the manufacturer's protocol. Oligonucleotide
primers were synthesized by TAG (Copenhagen, Denmark). All plasmids were propagated in E. coli TOP10 cells and plasmids were puriﬁed using NucleoSpin® plasmid puriﬁcation kit (Macherey-Nagel,
Germany) following the manufacturers protocol, or by co-precipitation
with glycogen (Fermentas R0561 molecular biology grade) in
ethanol following the manufacturer's protocol. Generally, three
clones were sent for sequencing (Beckman Genomics, United Kingdom)
and a positive clone selected and further expressed in the E. coli
LMG194 strain (lacking an AP gene).
2.3. Protein expression and puriﬁcation
A single colony of LMG194 cells, previously transformed with
mutated plasmid, was added to a 20 ml LB medium containing
0.1 mg/ml ampicillin (LAMP medium) and incubated at 37 °C until a
saturated culture was obtained (no more than 16 h). Approximately
2 ml of this starter culture was added to 450 ml of freshly prepared
sterilized LAMP medium in total of nine bottles (4 l). Cells were
grown at 18 °C on an orbital shaker at 150 rpm until OD600 was
0.5–0.7. Then, anhydrotetracyclin was added to a ﬁnal concentration
of 20 ng/ml to induce expression. Cells were harvested 24 h later by centrifugation. The cell pellet was re-suspended in lysis buffer (25 mM Tris,
10 mM MgCl2, 0.5 mg/ml hen egg lysozyme, 0.01% Triton X-100, pH 8.0)
and incubated at 2–4 h at 4 °C before being frozen at −20 °C. The cell
lysate was allowed to slowly thaw and DNAse added to a ﬁnal concentration of 0.050–0.10 mg/ml. The lysate was further incubated for
1–2 h at 4 °C and ﬁnally centrifuged at 15.000 ×g for 15 min to obtain
a clear lysate.
For all variants except the W512F, where the tryptophan is located
within the StrepTag sequence, the clear lysate was loaded onto a
Strep-Tactin® afﬁnity column (previously equilibrated in binding
buffer: 25 mM Tris, 10 mM MgCl2, pH 8.0) overnight at 4 °C with a
ﬂow-rate of less than 0.1 ml/min. Nonspeciﬁcally bound proteins were
washed off with 25 mM Tris, 10 mM MgCl2, 150 mM NaCl, pH 8.0. The
column was then equilibrated with binding buffer before eluting with
elution buffer (25 mM Tris, 10 mM MgCl2, 15% (v/v) ethylene glycol,
2.5 mM desthiobiotin, pH 8.0). Typical protein yield was between 3
and 5 mg of pure enzyme.
The W512F variant with a non-functional StrepTag was puriﬁed
directly on L-histidyldiazobenzylphosphonic acid agarose column
speciﬁc for alkaline phosphatases (Sigma-Aldrich) using the same conditions as for Strep-Tactin puriﬁcation, except elution was done in
100 mM Na2HPO4, pH 9.1. Active fractions were pooled and dialyzed
overnight in 2.0 L of 25 mM Tris, 10 mM MgCl2, pH 8.0.
The W301F variant required further puriﬁcation after Strep-Tactin
column elution. The eluted enzyme from the Strep-Tactin puriﬁcation
was loaded onto a Mono-Q ion-exchange column and eluted using a
0–1 M NaCl gradient on a FPLC apparatus (GE-Healthcare).
Purity was analyzed by SDS-PAGE on 4–12% bis-Tris NUPAGE®
(Invitrogen) gels. All puriﬁed enzyme samples contained 15% (v/v)
ethylene glycol and were snap-frozen in liquid nitrogen before storing
at −20 °C.

2.2. Generation of enzyme variants
2.4. Fluorescence measurements
VAP was sub-cloned from an original pBluescript vector to a pASK3plus StrepTactin vector (IBA, Gottingen, Germany). BsaI site overhangs
were introduced in a PCR reaction using the forward oligonucleotide
primer: 5′TAATGAGGTCTCnaATGAAACCAATTGT TACCGCA-3′ and
reverse primer: 5′-CAAAAAGGTCTCngcgcGTTTACTTG TTGTTTAATGT-

All enzyme variants were diluted from approximately 0.4–0.5 mg/ml
stock solutions to 0.02 mg/ml in buffer containing 20 mM Mops, 1 mM
MgSO4, pH 8.0 (10 °C). Emission spectra were recorded at 10 °C on a
FluoroMax4 (Horiba) with 0.5 nm increments and consisted of three
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averaged scans. An excitation wavelength of 295 nm was selected and a
slit-width of 5.0 nm was used for both excitation and emission. The
relatively high excitation slit-width of 5 nm did not cause signiﬁcant
photo-bleaching during measurements. A blank solution spectrum was
measured under the same conditions and subtracted from the other
spectra. The wavelength of maximum emission intensity (λmax) was
determined by ﬁtting the spectra to a 3rd degree polynomial in the
range 315–370 nm (y = ax3 + bx2 + cx + d, where y is the intensity
and x is the wavelength. The roots of the ﬁrst derivative were solved
by solving the quadratic equation for the polynomial.
Acrylamide was chosen for collisional quenching studies for three
reasons: Acrylamide quenching efﬁciency (ƒQ) of tryptophan is near
unity [32], acrylamide is uncharged, so charge effects are absent, and
acrylamide is capable of long-range interactions with tryptophan in
proteins, so quenching can be observed without direct penetration
[33,34]. Collisional quenching of ﬂuorescence is described by the
Stern–Volmer equation:
F0 =F ¼ 1 þ kq τ0 ½Q  ¼ 1 þ Ksv
where F0 and F are the ﬂuorescence intensities in the absence and
presence of quencher, respectively, kq is the bimolecular quenching
constant, t0 is the lifetime of ﬂuorescence without quencher, Q is the
concentration of quencher and Ksv is the Stern–Volmer constant for
collisional quenching.
Fluorescence measurement for acrylamide quenching was done as
described above after adding aliquots from a 5.0 M stock solution of
acrylamide giving concentrations in the range 0–0.3 M acrylamide
(sample dilution by each added aliquot was corrected for). By plotting
F0/F against [acrylamide], the slope of the linear ﬁt is the Stern–Volmer
constant, Ksv.
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and τ is the lifetime. While this analysis was sufﬁcient for ECAP,
wild-type VAP and the VAP-W460F variant required a doubleexponential ﬁt, I(t) = α1 ⋅ e− t/τ1 + α2 ⋅ e− t/τ2.
2.7. Enzyme kinetics
Enzyme kinetic rate constants were determined at 10 °C by measuring the turnover-rate under hydrolyzing conditions using varying
concentrations of p-nitrophenyl phosphate (p-NPP) in 0.1 M CAPS,
1 mM MgCl2, 0.5 M NaCl, pH 9.8 (corrected for 10 °C) over 30 s period
in a temperature regulated Evolution 220 spectrophotometer (Thermo
Scientiﬁc). For exact determination of the initial pNPP concentration
for each measurement, the sample was allowed to fully hydrolyze and
its concentration determined by measuring the absorbance at 405 nm
(using extinction coefﬁcient 18.5 mM−1 cm−1). Enzyme concentration
was measured by absorption at 280 nm using extinction coefﬁcient
of 61,310 M−1 cm− 1, 55,935 M− 1 cm− 1 and 66,810 M−1 cm− 1 for
wild-type, Trp → Phe variants and Phe → Trp variants respectively, [36].
KM and kcat were determined by non-linear regression ﬁt to the
Michaelis–Menten equation using GraphPad Prism®.
2.8. Thermal unfolding measurements
Enzyme samples with absorbance at 280 nm between 0.1 and 0.2
were dialyzed overnight in 25 mM Mops, 1 mM MgSO4 at pH 8.0
(20 °C). Tm determination was performed on a JASCO J-810 circular
dichroism (CD) spectropolarimeter by measuring a melting curve at
222 nm in the range 15–85 °C in a 2 mm cuvette with 1 °C/min temperature rise. A two-state pathway was assumed for monomer unfolding
N ⇆ U, where N is the native and U is the unfolded enzyme. The traces
were normalized and Tm determined at FU by a direct ﬁt to a sigmoidal
curve using the program Kaleidagraph®.

2.5. Urea denaturation and inactivation measurements
2.9. Size exclusion chromatography
Samples were incubated for 4 h at 10 °C with varying concentration,
of urea ranging from 0–8 M in 25 mM Mops, 1 mM MgSO4, pH 8.0.
Tryptophan ﬂuorescence was monitored as described above, where
the wavelength of maximum emission intensity (λmax) was determined. For enzyme inactivation experiments, samples were incubated in urea in the range of 0–2 M. Activity was measured under
transphosphorylating conditions using 2.0 mM p-nitrophenyl phosphate
(p-NPP) in 1.0 M diethanolamine with 1.0 mM MgCl2 at pH 9.8 and 10 °C.
The change in absorbance was followed at 405 nm over a 30 s period in a
temperature regulated Evolution 220 spectrophotometer (Thermo
Scientiﬁc). An extinction coefﬁcient of 18.5 M−1 cm−1 was used at
pH 9.8. The unfolding curves were ﬁtted to a two state model for the
wild-type VAP (N → D) and a three state model for the F355 W variant
(I2 → 2I → 2D) using the open-source graphical freeware CDpal [35].

Chromatography was performed on a Pharmacia FPLC apparatus
equipped with a Superose 12 column (GE Healthcare). The column
was pre-equilibrated at 0.5 ml/min and temperature of 4–5 °C with
three column volumes of the same denaturant solution as used for
pre-incubating the samples. The buffer was 25 mM Mops, 1 mM
MgSO4 (pH 8.0) containing urea where indicated. The ﬁnal enzyme concentration was ≈1.5 mg/ml (25 μM) and the samples were applied in a
volume of 0.5 ml. The column was calibrated with the following standard proteins: immunoglobulin G (150 kDa), egg albumin (45 kDa),
pepsin (35 kDa), myoglobin (16 kDa), and cytochrome c (11.6 kDa).
3. Results
3.1. Trp substitutions in VAP

2.6. Phosphorescence measurements
Phosphorescence of samples was measured in 20 mM Tris, 10 mM
MgCl2, pH 8.0 at 10 °C on a Horiba Fluormax4-P using a xenon pulsed
lamp equipped with a R928P photon-counting detector. Samples were
degassed by argon-purging in a closed ﬂow-cell cuvette for 1 h on ice
before performing measurements. Concentration was 5–6 μM for VAP
and ECAP, and 8 μM for W460F. Phosphorescence spectra were
measured using excitation at 292 nm with 5 nm slit width for both
excitation and emission. A gate-and-delay generator was used to
measure phosphorescence decay by increasing the initial delay from
1 ms to 180 ms in 2 ms intervals using 290 nm and 440 nm for excitation
and emission, respectively. The excitation and emission slit-widths
were 5 nm and 10 nm, respectively. Each interval consisted of
50 measured pulses with a sample window of 200 ms. The data
were initially ﬁtted to a single-exponential curve I(t) = α ⋅ e − t/τ ,
where I is the intensity, α is the pre-exponential factor, t is time

Vibrio alkaline phosphatase (VAP) has ﬁve native Trp residues and
one extra Trp located on the StrepTag® puriﬁcation tag which is likely
fully exposed and mobile. The StrepTag variant of the wild-type VAP
gave an identical x-ray structure to the one previously published
without a C-terminal tag (Fig. 1A) and no diffractions were observed
from the tag (Helland & Asgeirsson, unpublished results). All of the
Trp residues in VAP are highly conserved in known bacterial APs, except
W475 and W155 (Fig. 1B). None of the Trp residues are located on the
four designated non-homologous inserts previously reported in VAP
[21]. W155, W301 and W475 are all located in the typical αβα-folded
center and are buried, or partially buried, between the strands and
helices in the fold (Fig. 1C–H). The environment is highly non-polar
for W155, while for W301, W460 and W475 the environment has a distinctive amphipathic character with one side surrounding the tryptophan residue non-polar and the other polar. The W460 residue is
located on a short loop at a conserved site buried below the roots of
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Fig. 1. VAP crystal structure (PDB: 3E2D). (A) VAP dimeric structure. Tryptophan residues are colored in yellow, residue F355 in magenta, and Zn and Mg ions in cyan and green,
respectively. (B) Conservation of residues in the VAP monomer. Conserved sites are shown in red and non-conserved in blue. The ﬁve native tryptophans and F355 are shown as balls
and sticks. Conservation calculations were done using ConSurf server (UNIREF90 and MAFFT) and the structure rendered in Chimera. (C–H) The environment within 5 Å around the
chosen native tryptophan residues (C–G), and Phe355 (H). Tryptophan residues and Phe355 are shown in yellow sticks and neighboring residues as spheres. Hydrophobic residues are
shown in green, small non-polar residues in orange, polar residues in magenta, negatively charged residues in red and positively charged residues in blue. Zn and Mg ions are shown
in teal and green respectively and sulfate ion as sticks in yellow and red (D).

the so-called crown domain, 15 Å away from the active site and 5 Å
away from the backbone of the other monomer. Even so, W460 is not
counted here as an interface residue in the usual sense, since the residue
points inwards toward the tertiary core. W274 is located in the active
site and nearly fully exposed. It binds a water molecule that is additionally hydrogen bonded to another water molecule bound to the activesite Mg2+.
Single Trp substitutions to phenylalanine were made to study the
role of each Trp in VAP emission spectrum. All variants were expressed
as soluble enzymes with yields comparable to wild-type expression
yield, except for W301F, where the yield for soluble enzyme was

10–20 times lower, and the enzyme was possibly precipitated as
inclusion bodies to some extent. W301F required further puriﬁcation
after afﬁnity puriﬁcation to remove two extra bands seen in SDS-PAGE
that were consistently present as co-eluents.
A new Trp residue was introduced by forming the F355W variant as
a strategy to introduce a Trp residue at the dimer interface to serve as a
probe for dimerization. F355 is located at the root of the long surface
loop that characterizes this particular AP in comparison with ECAP
(Fig. 1B and H). This site was chosen for further studies, since we
found that a mutation to a Tyr at this site had no effect on kinetics or
thermal stability, indicating structural neutrality at this site.

Fig. 2. Effect of NaCl on VAP activity and stability. (A) Effect of NaCl on VAP storage at room temperature. Samples were incubated in 25 mM Mops, pH 8.0 and activity measured under
trans-phosphorylation of 2.0 mM p-nitrophenyl phosphate (p-NPP) at 25 °C in 1.0 M diethanolamine with 1.0 mM MgCl2 at pH 9.8. (B) Effect of NaCl and KCl on catalytic turnover. Activity
was measured under hydrolyzing conditions with 5 mM PNPP, 100 mM Caps, 1 mM MgCl2 with NaCl or KCl ranging from 0–700 mM at pH 9.8 and 10 °C.
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3.2. Kinetic constants and stability of the Trp → Phe variants
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Enzyme kinetics were performed under hydrolyzing conditions.
Recently, we have added 500 mM NaCl to our kinetic sample buffer
since it has a stabilizing effect for storage, both on ice and at room
temperature. Fig. 2A shows the high stabilizing effect 500 mM NaCl has
on VAP at room temperature, where activity does not drop for two
days. After 4 days with NaCl present the activity was still 75% of initial activity. Without NaCl the activity dropped steadily and after 1 day 10% of
activity remained. Furthermore, NaCl increased the enzymes catalytic
turnover, where the activity peaked at a salt concentration of 500 mM
(Fig. 2B). Concurrently, KM was increased approximately twofold at
500 mM NaCl (data not shown). This activity enhancement is believed
to come from the chloride anion since the same effect is seen using KCl.
The W512F variant (tryptophan located on the C-terminal StrepTag)
showed no signiﬁcant change for either kcat or KM compared with
the wild-type VAP that showed a kcat and KM of 302 ± 20 s− 1 and
194 ± 30 μM, respectively (Table 1). The W274F mutant, where an exposed Trp was removed from the active site, maintained the same activity as the wild-type. The kcat decreased for all the other variants, being
125 ± 2 s−1, 137 ± 8 s− 1, 65 ± 4 s−1 and 44 ± 2 s− 1 for W155F,
W301F, W460F and W475F, respectively. The KM values remained
unchanged compared with wild-type, except for W460F and
W274F, where the KM was 1.8-fold and 2.5-fold higher than the
wild-type value, respectively. Overall, W460F had the lowest catalytic
efﬁciency (kcat/KM) of 184 s−1 mM− 1 compared to 1460 s− 1 mM− 1
for the wild-type.
In order to understand better the role of W460 in catalysis,
the W460Y (Tyr or Trp is conserved at this position) and W460I
(non-polar branched residue) variants were made. The W460Y variant showed only minimal decrease in kcat (275 ± 4 s− 1) and a slight
increase in KM (252 ± 46 μM) compared to the wild-type, while the
W460I variant was completely inactive.
Melting temperatures (Tm) were determined by CD spectroscopy
as an indication of monomer unfolding (Table 1 and Figure S1-A).
Magnesium and the competitive inhibitor-ion sulfate affected the
stability of the monomers (Figure S1-B), so we used a moderate concentration of 1 mM MgSO4 in the sample buffer for melting temperature experiments. No change in Tm was observed for the W512F (51.0 ± 0.6 °C)
variant compared to wild-type (51.0 ± 0.3 °C). For all the other variants,
a decrease in Tm was seen at 49.8 ± 2.2 °C, 47.1 ± 0.7 °C, 44.6 ± 1.7 °C,
48,7 ± 1.3 °C and 48.1 ± 0.1 for W155F, W274F, W301F, W460F and
W475F, respectively. The large decrease in Tm observed for the W301F
variant indicated a loosening of the globular fold.

the emission spectra, indicating that W512 is completely solvent
exposed and likely quenched by a nearby group, possibly the histidine
residue in the tag (residue number 3). It is clear, that the dominant
ﬂuorescence signal comes from W460 and W301, as variants W460F
and W301F showed a close to 50% decrease in ﬂuorescence intensity individually compared to the wild-type VAP. The W274F variant showed
increased ﬂuorescence compared to the wild-type VAP. This can be
explained by a change in conformation around one or more remaining
Trp, where static quenching by nearby residue has been relieved.
The W155F variant had a slightly lower emission signal than the
wild-type, while W475F showed a moderate decrease.
From the data in Fig. 3A, it is also apparent that one or more of the
Trp → Phe alterations affected the packing and/or structure of the enzyme, since the sum of the difference spectra for the Trp → Phe variants
compared to wild-type VAP emission was higher than the emission of
wild-type VAP. This was most noticeable at the blue edge of the
emission spectra (W274F was excluded since the difference there b 0).
To examine solvent exposure of Trp-residues in VAP, the wavelength
of maximum emission (λmax) was determined (Table 2). Overall, the
Trp-substitutions had only a moderate effect on λmax. For the wildtype VAP, the λmax was 340.1 ± 0.1 nm while the exposed Trp residue
mutants, W274F and W512F, showed a modest blue-shift to λmax
339.3 ± 0.2 nm and 339.5 ± 0.3 nm, respectively. This correlates with
removal of a Trp residue that is more exposed than the average of the
set of tryptophans. Removal of the residues that showed decreased
emission upon removal, W155F, W301F, W460F and W475F, resulted
in a moderate red-shift in all cases with λmax of 341.1 ± 0.1 nm,
341.0 ± 0.1 nm, 341.4 ± 0.8 nm and 342.0 ± 0.1 nm, respectively.
This correlates with the removal of a residue more buried than
the average.
To further examine solvent exposure of the Trp residues, acrylamide collisional studies were conducted. Measurements were plotted as Stern–Volmer plots (Fig. 3B) and the calculated Stern–Volmer
constants, Ksv are shown in Table 2. In the concentration range of
0–0.3 M acrylamide, none of the variants showed deviation from
linearity in the Stern–Volmer plots. All variants had similar Stern–
Volmer constants as wild-type VAP (2.4 ± 0.3 M−1), except W460F,
which showed a striking 3.3 fold increase in the Stern–Volmer constant
(7.9 ± 0.2 M−1). This indicated that upon W460 removal, the remaining residues became more prominent in their contribution to the signal.
In other words, W460 is likely almost completely shielded from the
solvent. Not even acrylamide, which is known to have long range
quenching effect deep into protein cores [36], is able to reach W460
and quench its emission.

3.3. Trp → Phe variant emission spectra and acrylamide quenching

3.4. Room-temperature phosphorescence measurements

Tryptophan emission spectra for all the enzyme variants are shown
in Fig. 3A. The W512F change located on the StrepTag had no effect on

Only Trp residues buried deeply away from the solvent in proteincores are capable of having long emission lifetimes in aqueous buffer
solutions at room temperature. Such excited state is the result of interstate crossing from the singlet state to the long-lived triplet state. It is
also well known, that oxygen is a very efﬁcient collisional quencher of
phosphorescence. Thus, samples need to be deoxygenated efﬁciently
before measurements can proceed. Furthermore, phosphorescence is
often quenched statically by a nearby intrinsic quencher, mainly His,
Tyr, Trp and Cys residues [30]. None of these residues are within 5 Å
proximity of W460, which is a likely candidate to be phosphorescent
at room temperature in VAP.
Indeed, VAP was found to be phosphorescent at 20 °C, having a
typical red-shifted phosphorescence emission spectrum (Fig. 4A) with
two maxima at 418 nm and 443 nm, similar in shape as the ECAP phosphorescence spectrum at room temperature [7,29]. Phosphorescence
decay curves are shown in Fig. 3B where VAP wild-type phosphorescence decay ﬁtted best to a double exponential decay with one long
lifetime of 140 ms and one short lifetime of 40 ms. The latter had a
17% relative amplitude. To deﬁne whether the two lifetimes originated

Table 1
Kinetic measurements and temperature unfolding. For kinetic measurements the rate
of hydrolysis of p-NPP in 0.1 M CAPS, 500 mM NaCl, 1 mM MgCl2, pH 9.8 was measured
at 10 °C. Temperature unfolding (Tm) was monitored by CD spectroscopy in 25 mM Mops,
1 mM MgSO4, pH 8.0 (20 °C) by measuring a melting curve at 222 nm in the range 15–85
°C. The average data with standard deviations were obtained from several independent
experiments (n = 3–5).
Enzyme variant

kcat (s−1)

Km (μM)

kcat/Km (s−1 mM−1)

Tm (°C)

Wild-type
W155F
W274F
W301F
W460F
W475F
W512F
F355W
W460Y

302 ± 20
125 ± 2
300 ± 4
137 ± 8
65 ± 4
44 ± 2
313 ± 36
255 ± 56
275 ± 41

194 ± 30
218 ± 8
462 ± 25
239 ± 23
354 ± 56
194 ± 22
212 ± 29
218 ± 20
252 ± 46

1560 ± 260
573 ± 23
650 ± 36
573 ± 64
184 ± 31
230 ± 28
1480 ± 260
1170 ± 280
869 ± 240

51.0 ± 0.6
49.8 ± 2.2
47.1 ± 0.7
44.6 ± 1.7
48.7 ± 1.3
48.1 ± 0.1
51.0 ± 0.3
52.0 ± 0.9
N/A
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Fig. 3. Emission spectra of single tryptophan variants of VAP and acrylamide quenching. (A) Emission spectra were recorded at 10 °C in the range 310–390 nm using excitation at 295 nm
(5 nm slit-width for both emission and excitation). Blank was measured under the same conditions and subtracted from the spectra. Measurements came from several independent
experiments (n = 2–4). The sum spectrum shown is the total of the added difference spectra of Trp → Phe mutants compared to the wild-type VAP spectrum, but excluding the
W274F spectrum (black dotted line). Emission intensity was normalized to the wild-type maximum emission intensity (B) Stern–Volmer plots. Emission intensity at 340 nm was
measured under the same conditions as in (A) after addition of aliquots of acrylamide giving F0/F, where F0 is the emission without acrylamide and F the emission after each added
aliquot. The Stern–Volmer constant was derived by linear regression in Graphpad Prism.

from the same Trp molecule, phosphorescence decay of W460F was
recorded. W460F also showed phosphorescence, although the signal
was roughly 10 times less intense than for the wild-type VAP and correlated well with the low relative amplitude of the shorter 40 ms lifetime.
The W460F decay curve was ﬁtted to a double exponential decay
equation, where the lifetimes were 6 ms and 65 ms, The shorter lifetime
of W460F might arise from background during acquisition due to higher
signal to noise ratio, or a third phosphorescent tryptophan with very a
low phosphorescence quantum yield not detectable when W460 is
present.
As a control, ECAP phosphorescence was also recorded. In our hands,
the ECAP phosphorescence decay was ﬁtted to a single exponential
decay function and had a lifetime of 230 ms which is considerably
shorter than published values [37]. Thus, it was clear that our oxygen
purging system, by slowly blowing argon gas through a quartz ﬂowcell, was not working to fully remove all oxygen from the sample.
We calculated that the oxygen concentration after purging for 1 h in
our system was ~3 μM.
3.5. Introducing a tryptophan to the dimer interface
The F355W dimer interface variant showed the same kinetic properties and thermal stability as the wild-type VAP (Table 1). It displayed an
increase in ﬂuorometric emission intensity compared to wild-type VAP
and a slight red-shift, where λmax was 340.9 ± 0.2 nm (Table 2). The

Stern–Volmer constant increased to 3.2 ± 0.2 M− 1, indicating that a
Trp at position F355 is more exposed on average than the other Trp
residues. It was also relatively unquenched in the native state of VAP
as judged by its high contribution in the emission spectrum.
3.6. Urea induced denaturation/inactivation for wild-type and F355W
Urea denaturation and inactivation curves for the wild-type VAP and
F355W are shown in Fig. 5A. Inactivation was an irreversible step while
the unfolding step was partially reversible as monitored by the peak of
ﬂuorescence emission (data not shown). The denaturation curve for the
wild-type VAP showed the characteristics of a two-state unfolding pathway in the 2–4 M urea range with no detectable intermediates. It can
also be seen, that the activity fell rapidly with increasing concentration
of urea, where half of the activity was lost at 0.3–0.4 M urea. The F355W
inactivation curve was identical to the curve for the wild-type VAP.
However, the unfolding curve occurring at higher urea concentrations
was somewhat different. For the wild-type VAP, unfolding seems to be
occurring in the 2–4 M range, but for W355 a larger curvature (redshift) was seen in the unfolding curve starting at around 0.8 M urea.
This could be due to solvent exposure of W355 upon dimer dissociation,
since the activity had dropped down to less than 15% at 0.8 M urea. This
suggested the possibility that an inactive dimeric intermediate was
formed before its dissociation took place. Thus, the unfolding scheme
is either of the two following cases:
Case 1. N2 → I2 → 2I→ 2U

Table 2
Fluorescence emission maxima and acrylamide quenching data for VAP variants. All samples were prepared in 20 mM Mops, 1 mM MgSO4, pH 8.0 (corrected for 10 °C) to a ﬁnal
enzyme concentration of 0.02 mg/ml. The emission spectra were recorded at 10 °C for
310–400 nm using 295 nm as excitation wavelength. Stern–Volmer constants (Ksv) were
derived as the slope of F0/F plotted against [acrylamide] quencher. The data represent the
average and standard deviation from 2–4 independent experiments.
Enzyme variant

λmax (nm)

Ksv (M−1)

Wild-type
W155F
W274F
W301F
W460F
W475F
W512F
F355W

340.1 ± 0.1
341.1 ± 0.1
339.3 ± 0.2
341.0 ± 0.1
341.4 ± 0.8
342.0 ± 0.1
339.5 ± 0.3
340.9 ± 0.2

2.4 ± 0.3
2.6 ± 0.1
2.4 ± 0.1
2.3 ± 0.1
7.9 ± 0.2
2.9 ± 0.1
2.8 ± 0.2
3.2 ± 0.2

Case 2. N2 → I2 → 2U
The unfolding curve for the F355W variant could be ﬁtted a four
state model (Case 1), where ﬁrst the inactive dimer is formed N2 → I2
(inactivation is not seen using ﬂuorescence since no dissociation
happens). Then, the ﬂuorescence unfolding curve could be ﬁtted with
the I2 → 2I → 2D model, or I2 → 2D, where no folded monomer intermediate accumulates (Case 2). The signal for the possible I2 → 2I conversion (seen by a red-shift) is low and partially merges with the 2I → 2D
conversion, making this observation qualitative at most, and making
it difﬁcult to distinguish between Case 1 and Case 2 using F355W
ﬂuorescence for detection.
In an attempt to resolve between Case 1 and Case 2, we incubated
VAP in 8-Anilinonaphthalene-1-sulfonic acid (ANS), which is widely
used to detect structural changes resulting in solvent exposure of
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Fig. 4. VAP phosphorescence. (A) Phosphorescence emission spectrum of VAP. (B) Phosphorescence decay for VAP wild-type, VAP-W460F or ECAP. Data for VAP wild-type and VAPW460F were ﬁtted to a two exponential decay model, whereas the ECAP data was ﬁtted to a single exponential model using Graphpad Prism.

hydrophobic residues. Surprisingly, VAP showed no increase in ﬂuorescence of ANS over blank measurements in the range 0–5 M urea
(Figure S2-A) and the signal was not protein concentration dependent
(Figure S2-B). Bovine serum albumin (BSA) which is known to readily
bind ANS in the native state [38] was used as a control for the experiment and showed the expected increase in ANS ﬂuorescence.
Size exclusion chromatography (SEC) was used to detect the
oligomeric state of VAP at 0 M, 1 M, and 2 M urea (Fig. 5B). At
0 M urea the enzyme migrates as a 110 kDa protein on the column
which ﬁts well to the calculated mass of 112 kDa. At 1 M urea, the
dimeric peak is present and starts to split toward a species with
lower molecular mass (the monomer). Thus, the observation
that dimer dissociation starts around 0.8 M urea using F355W
ﬂuorescence (Fig. 5A) seems to be correct. In Fig. 5A, it can be
seen that approximately 10–20% of the enzyme should be unfolded at 2 M urea (if two-state monomer unfolding is assumed).
Thus, Case 2 (N 2 → I 2 → 2I → 2 U) seems to be the correct
model as two states were seen at 2 M urea, folded monomer and
unfolded monomer, where the latter migrates as a larger species
than the dimer. However, the molecular mass of the folded monomer
in SEC did not ﬁt exactly the calculated mass of 56 kDa, but migrates
as a 79 kDa species. It is possible that the folded monomers are

partially unfolded to some extent at 2 M urea, thus they migrate as a
larger protein.

4. Discussion
The aim of this study was to clarify the inactivation and unfolding
mechanism of VAP to understand better what factors makes this coldadapted enzyme so susceptible to heat and urea. The global stability of
the enzyme to heat (usually measured by melting temperature) is
much greater than the stability of the active-site, but it was not clear if
inactivation was due to dissociation of the active dimer or other causes.
Here, our goal was to use ﬂuorescence to study subtle structural changes
upon enzyme inactivation induced by urea. We ﬁrst characterized the
role of each tryptophan in the emission spectrum together with solvent
accessibility to deﬁne which parts of the enzyme reﬂected most of
the emission spectrum. However, our results showed that none of
the native tryptophan residues could serve as a probe for oligomeric
structural changes in the urea induced denaturation experiment. Introducing a tryptophan residue at the dimer interface, indicated that an inactive dimer intermediate was formed and this was conﬁrmed by size
exclusion chromatography.

Fig. 5. Urea denaturation of VAP. (A) Urea induced ﬂuorescence red-shift and inactivation. Samples were incubated in 0–8 M urea for 4 h at 10 °C before measurements were made. Data for
the wild-type VAP are plotted in black with closed and open squares for inactivation and denaturation, respectively. Data for F355W are plotted in red with closed and open circles for
inactivation and denaturation, respectively. The unfolding curves were ﬁtted to a two-state model for wild-type VAP (N → U) and a three-state model for the F355W variant
(I2 → 2I → 2 U). (B) Size exclusion chromatography. VAP samples of approximately 1.5 mg/ml were pretreated with 0, 1 or 2 M urea for 4 h at 10 °C in 25 mM Mops, 1 mM MgSO4,
pH 8.0 before loading on a Superose 12 column (GE Healthcare) pre-equilibrated in the same denaturant buffer. Protein standard curve is shown as an inset. Vt = 20.67 ml and Vo =
8.33 ml. Rf dimer = 12.67 ± 0.39 (n = 3) ml; Rf monomer = 12.97 ± 0.25 ml; Rf unfolded monomer = 10.20 ml. Vt, Vo, D, Mf and Mu denote the total volume, void volume, native
dimer, folded monomer and unfolded monomer, respectively.
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4.1. Using tryptophan ﬂuorescence to detect structural changes in VAP
For proteins having multiple Trp residues, it is sometimes feasible
to make the Trp fewer by site-directed mutagenesis to decrease the
complexity of their ﬂuorescence emission signal. Tyrosine emission is
used to a much lesser extent to examine protein folding and dynamics
due its higher abundance and lower emission. In order to be able to
resolve ﬂuorescence decay spectra, the number of Trp must in most
cases be reduced to either one or two, since each Trp is frequently observed having more than one lifetime (e.g. due to rotameric states).
For a multi-tryptophan containing protein, the lifetime distribution
can be examined as was done with β-glycosidase from the thermophile
Sulfolobus solfataricus containing 17 Trp per subunit [39]. In such cases,
the relative amplitude of lifetimes of the components is often categorized to a short and long lifetime component by distribution functions.
For the ﬂuorescence decay of VAP, it was possible to see a slight decrease in the relative amplitude of the shorter mean-lifetime using
Top-hat distribution model (Figure S3) for the removal of the two exposed W274 (in the active site) and W512 (located on StrepTag), indicating that these two residues have shorter lifetimes on average than
the rest of the tryptophans.
It would be ideal to reduce the number of Trp residues to either one
or two residues and characterize the effect of each on the steady state
ﬂuorescence emission of VAP dimers. For E. coli cystathionine β-lyase,
the complex urea unfolding curve of this homo-tetramer containing
six Trp residues was resolved by site-directed mutagenesis. Thus, one
Trp residue located at the interface could be used to probe local conformational changes [40]. The urea unfolding curve of native VAP had
much less complexity and showed a typical two-state unfolding. Either
the dissociation event of dimers was not “felt” by any of the native Trp
residues, or no folded monomeric intermediate exist in the unfolding
pathway. It is widely accepted that alkaline phosphatases dissociate to
inactive monomers. Examples can be seen for ECAP [31] and another
cold-active AP from cod [27,41].
Here we found, using single Trp substitution variants, that two of the
conserved Trp residues, W301 and W460, are mostly responsible for the
Trp ﬂuorescent emission from VAP. Surprisingly, replacing the tryptophan in the active site (W274F), increased emission compared to the
wild-type VAP, indicating that some rearrangement around its Trp residues was taking place. Most likely, another Trp residue was relieved of
static quenching. Prior experiments have indicated that W274 plays an
indirect role in substrate binding, since W274K [22], W274H [23],
W274A (unpublished results) and W274F all caused an approximately
two-fold increase in KM.
It was apparent from the acrylamide quenching studies, that W460
was highly buried in the protein core. Knowing that W460 is a highly
buried residue, and produces almost half of the ﬂuorescence emission,
it was unexpected to see that the red-shift upon the W460F replacement was not more than approximately 1 nm. However, a high increase
in the Stern–Volmer constant, as observed, is either a sign of the loss of
highly buried tryptophan emission, or due to a conformational change
allowing better access of the quencher.
4.2. Most tryptophan residues in VAP are important for activity and stability
All the Trp to Phe substitutions in VAP resulted in lower Tm values,
an indication of monomer destabilization. Substituting a buried Trp
with a Phe residue should leave a hole where the Trp pyrrole ring has
been “removed”. The lost hydrophobic contacts will likely result in
some local alteration of the tertiary structure that may affect distal
parts too. The most buried tryptophans, namely W155 (as judged by
the crystal structure) and W460, displayed a decreased Tm value by
2–3 °C. Trp to Phe substitutions for solvent exposed Trp should not
affect protein stability, at least not when Trp is variably introduced
at non-conserved, solvent exposable sites [42,43]. This is true for
the W512F substitution of the highly exposed Trp located on the

C-terminal StrepTag. However, a larger decrease in Tm of 4 °C was
observed for the W274F variant, located at an exposed spot in the active
site, than the buried W155F or W460F. The W475F variant had a Tm of
3 °C lower than the wild-type, while W301F had a Tm of 6 °C lower.
These differences can be regarded as very large compared with our
previous experience with VAP variants [22,23]. The W301F mutation
clearly affected the folding process in an unknown way resulting in
very low expression yields for that variant.
We found that a correlation between solvent exposure of the various
Trp in VAP, as estimated from the crystal structure, and the effect on
protein stability of Trp-Phe substitutions was not always consequential.
A recent example can be found in the literature where the replacement
of a highly exposed Trp at a dimer interface with phenylalanine
increased stability [44].
All the Trp to Phe substitutions resulted in decreased kcat values,
except in case of the solvent exposed W274F and W512F. However,
KM was generally not affected, except for W274F and W460F, where it
was increased. It is not clear why kcat is so highly reduced by the
replacement of W475F, since W475F is located far from the active site.
A loosening of the global fold would be expected going from a larger residue, having more contacts, to a smaller residue having fewer contacts.
However, it is likely that the packing of the hydrophobic core is affected
by the Trp → Phe substitutions, since the sum of the difference spectra
was not identical to the wild-type VAP and was blue-shifted. This
could reach afar through networks shaping distribution of intra- and
intermolecular interactions [45].
KM was increased for the active-site W274F variant (and other W274
variants) but kcat was unaffected. W274, which is equivalent to K328 in
ECAP, has no direct contacts with the substrate but coordinates a water
molecule which is a part of tight water molecule network around the
M3 site. The coordinated waters in the active site might help
accommodate the hydrated substrate when it binds.
The W460F replacement caused a lower afﬁnity for the substrate
despite the fact that this residue is located 15 Å away from the active
site. Furthermore, the W460Y VAP variant had only a slight effect on
kcat and KM, showing that either Trp or Tyr is preferred at this site as
the W460I variant was completely inactive. The unexpected increase
in KM for W460F could be rationalized by the consideration that a
phenylalanine in that position is unable to have favorable polar–polar
interactions with Asn279. Asn279 is located on a helix-turn-helix loop
in the active site, close to His277 and Asp273 that are both M1 coordinates for Zn (Fig. 6). Furthermore, His465, another M1 coordinate, is located on a short ß-strand upstream of the loop where W460 is located.
Thus, increased mobility of this short loop (magenta in Fig. 6) could
allow for movement of zinc ion coordinates and disfavor substrate binding by the zinc ion.
For APs in general, an aromatic residue is conserved at the
corresponding site occupied by Trp460. For ECAP and human placenta alkaline phosphatase (PLAP), there is a Tyr residue at this site.
For cold-adapted APs, the residue corresponding to W460 is also a
Trp residue in Shewenella AP [46–48] and Cobetia marina AP [49],
while it is a Tyr residue in APs from Antarctic shrimp [8] and the Antarctic bacterium TAB5 AP [14,50]. Notably, all of the cold adapted
variants mentioned here have an Asn residue at same position as
Asn279 in VAP.
4.3. Phosphorescence of VAP
All proteins that contain Trp are phosphorescent if the viscosity
and/or temperature is lowered to 77 K [51]. The radiation-less
decay of the excited triplet state in solvents is very dependent on
solvent viscosity. Thus, a very low triplet state lifetime at room
temperature is observed for solvent exposed Trp, while deeply
buried Trp can have a lifetime of several orders of magnitude
higher (reviewed in [52]). In a survey, where protein phosphorescence at room temperature was tested for 39 proteins, the
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Fig. 6. Distal linkage of Trp460 to the active-site. The short loop where Trp460 is located is shown in magenta and the helix-turn-helix where Asn279 and zinc coordinates
are located is shown in navy blue. A sulfate ion is shown bound to the active site pocket. It should be noted that not all substrate and metal-ion ligands are shown here
for simplicity.

phosphorescence lifetimes in the range 0.5 ms to 2 s were observed
for three-fourths of the proteins tested [53]. Only nine proteins had
no detected phosphorescence, while seven proteins had lifetimes
greater than 100 ms.
Here, VAP was shown to be phosphorescent at room temperature,
having two lifetimes, where the longer lifetime was 140 ms and due
to W460 phosphorescence. It was not possible to resolve which Trp
residue was responsible for the shorter lifetime, since the margins of
repeated measurements were around 30%. We believe that this can be
explained by less than optimal deoxygenation of the samples, letting
argon gas bubble slowly through a 500 μl quartz ﬂow cell. To test the
efﬁciency of deoxygenation, a protein sample with a known bimolecular
quenching constant was measured using the same purging conditions.
Alkaline phosphatase from E. coli (ECAP) has a well-known bimolecular
quenching constant, where Trp 109 in ECAP has the highest reported
phosphorescence lifetimes for a protein at room temperature. Measuring ECAP under an identical condition to that used for VAP showed
that ECAP had one phosphorescence lifetime of 230 ms. The reported
lifetime without any oxygen is close to 2 s at room temperature in the
literature [30]. We are currently optimizing a new deoxygenation
method, since having a phosphorescent protein at room temperature
opens up many possibilities to study dynamics and conformational
changes on the millisecond to second timescale which is the timescale
of protein collective domain motions. As an example, protein phosphorescence has been useful in studying afﬁnities for inorganic phosphate
in ECAP, where the phosphorescent Trp109 is located near the active
site [29]. The structural role of metal ion binding in ECAP [7], slow
structure rearrangement upon reactivation of ECAP [54], and hydrogen
exchange in the core of ECAP [55], were also studied by measuring
phosphorescence. The phosphorescence of several proteins was used
to elegantly show that acrylamide was capable of long range quenching
without the requirement of direct penetration, and also shown how
conformational ﬂuctuations can be probed by quenchers of different
sizes [56].
Returning to VAP, we would like to see if the phosphorescence of
W460 could serve as a more sensitive probe than ﬂuorescence probe
for reporting on the dissociation of dimers, since its backbone position

is facing the subunit interface. The two phosphorescence lifetimes
reported here for VAP, could be used to study VAP subunit heterogeneity in the millisecond to second timescale with reference to the heterogeneous activity of subunits [57–61] and asymmetric ﬂexibility [45]
reported for other APs.
4.4. Detection of a dimer intermediate and mechanism for inactivation
and unfolding
We have shown here, that the effect on kinetics and thermal stability
was too great for single Trp substitutions to make it possible to leave
either one or two Trp intact and expect the variant to reﬂect the state
of the native VAP structure.
Introducing a new Trp residue by site directed mutagenesis at the
subunit interface (position F355) was shown to have no effect on the
steady-state kinetic constants or stability of the enzyme. Furthermore,
an emission red-shift in the 0.8–1.8 M urea range was observed as a
small curvature in the urea denaturation curve for F355W, an indication
of an increased polarity around the F355W residue. For F355W (as well
as the wild-type VAP), almost all activity of the enzyme was lost at 1 M
urea concentration. Thus, if the red-shift seen at around 1–2 M urea was
the dimer dissociation event, the inactivation induced by urea was a
consequence of formation of an inactive dimer or a dimeric state with
trace activity present. We have previously reported on an increase in
the mobility of a spin probe in the 1–2 M urea range when located on
the only native Cys67 residue close to the active site [23]. The wildtype VAP did not show as distinct a red-shift curvature at this range
before unfolding took place. SEC data indicated that the enzyme was
still in the dimeric form at 1 M urea and completely monomeric at
2 M urea. Thus, the correct model for inactivation and unfolding
involves an inactive dimeric intermediate and a folded monomeric
state before the monomers unfold: N2 → I2 → 2I → 2D. This is the ﬁrst
example of an inactive alkaline phosphatase dimeric state induced by
a denaturant. In the literature, there are not many examples of inactive
dimer intermediate states induced by denaturants for other enzymes.
Some examples include guanidine hydrochloride mediated denaturation of E. coli alanyl-tRNA synthetase [62] and organophosphorus
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hydrolase from Pseudomonas diminuta [63]. Commonly, the active-site
is usually more stable to denaturants than the dimer interface, and
cold-adapted enzymes are probably more prone to form inactive
dimer intermediates than mesophilic ones.
The inactivation event in VAP might be facilitated by a dissociation of
Mg2+ from the active site or rearrangement of key residues involved in
substrate activation such as Arg129 (homologous to Arg166 in E. coli).
Arg129 is crucial for substrate binding [64], activation and possibly for
modulation of negative cooperativity in half-of-sites reactivity [65].
VAP has one of the highest catalytic activities at lower temperatures
found in APs, which is likely promoted by more loop mobility around
the active site. Therefore, it does not come by surprise that the activesite might be more prone to adapt kinetically unfavorable rearrangements of key residue compared with more heat-tolerant APs, especially
the ones that coordinate the active site metal ions. Thus, low concentration of a chaotropic denaturant might facilitate the transition to this
inactive and kinetically trapped state. More experiments need to be
conducted to evaluate the nature of this inactive dimeric state, such as
conducting crystallographic experiments at low urea concentrations.
We strongly believe that magnesium might be absent in the inactive dimeric structure. We are currently optimizing magnesium dissociation
assays for VAP. However, it is very challenging to measure the dissociation of magnesium from the active site where a bias for magnesium dissociation exists, since leakage of magnesium during sample preparation
and handling of the enzyme is common (e.g. dialysis or desalting).
5. Conclusion
In this study, we have characterized all the tryptophan residues in
VAP with respect to ﬂuorescence, activity and stability. One residue
close to the active site, excluded from the solvent (W460), is highly
phosphorescent and plays a distant role in modulating substrate
binding. By studying the inactivation and unfolding mechanism using
urea as a denaturant, the enzyme was found to form an inactive dimeric
intermediate state that is structurally similar to the active state. This is
the ﬁrst time to our knowledge that alkaline phosphatase is shown
to have an inactive dimeric state not promoted by mutagenesis or
chemical inhibition.
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Figure S1: (A) Normalized melting temperature (Tm) traces of VAP variants. Tm determination was
performed on a JASCO J-810 circular dichroism (CD) spectropolarimeter by measuring a melting curve
at 222 nm in the range 15-85 °C in a 2 mm cuvette with 1°C/min temperature rise. The traces where first
normalized to fraction unfolded and then fitted with a two state S curve to define the Tm (results shown
in table 2). (B) Effect of magnesium on VAP global heat stability. All samples were measured in 25 mM
Mops, pH 8.0 (20°C) with no added magnesium (black curve), 1 mM MgCl2 (red curve) and 1 mM
MgSO4 (Blue line). Melting temperature (Tm) was 48.9 °C, 52.2 °C and 54.2 °C for no Mg2+, 1 mM
MgCl2 and 1 mM MgSO4, respectively.
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Figure S2. ANS fluorescence measurements. (A) ANS fluorescence vs. urea concentration. The
samples were incubated at 10 °C with urea ranging from 0-5 M in 25 mM Mops, 1 mM MgSO4, pH
8.0 for 4 hours with a protein concentration of 0.02 mg/ml. ANS was then added from 2 mM stock
solution to a final concentration of 20 µM and an emission curve was recorded from 420 – 600 nm (8
nm slit width) with an excitation wavelength fixed at 390 nm (5 nm slit width). Blank measurements
were made under the same conditions without adding enzyme. (B) Effect of VAP concentration on
ANS emission. ANS and BSA were purchased from Sigma.

Figure S3: Fluorescence decay curves for VAP tryptophan mutants. Time resolved decay curves were
measured on a Fluoromax4-P (Horiba) equipped with a single photon counting system (FluoroHub,
Horiba). The detector photomultiplier tube was maintained at 900 V and the sample excited using
NanoLED 280 nm (Horiba) using a 7 nm slit width for emission monochromator fixed at 340 nm. The
stop count rate was not allowed to exceed 2% of the excitation rate. A prompt was measured under
the same settings to define the instrument response time using LUDOX TM-40 colloidal silica (Sigma)
scattering agent. Acquisition was stopped when the signal peaked at 20.000 counts. The sample was
measured at 10 °C in 25 mM Mops, 1 mM MgSO4 pH 8.0. Each channel was automatically calibrated
to 0.0548 ns by the instrument.
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ABSTRACT: The eﬀect of ionic strength on enzyme activity
and stability varies considerably between enzymes. Ionic
strength is known to aﬀect the catalytic activity of some
alkaline phosphatases (APs), such as Escherichia coli AP, but
how ions aﬀect APs is debated. Here, we studied the eﬀect of
various ions on a cold-adapted AP from Vibrio splendidus
(VAP). Previously, we have found that the active form of VAP
is extremely unstable at low ionic strengths. Here we show that
NaCl increased the activity and stability of VAP and that the
eﬀect was pH-dependent in the range of pH 7−10. The
activity proﬁle as a function of pH formed two maxima,
indicating a possible conformational change. Bringing the pH
from the neutral to the alkaline range was accompanied by a large increase in both the Ki for inorganic phosphate (product
inhibition) and the KM for p-nitrophenyl phosphate. The activity transitions observed as the pH was varied correlated with
structural changes as monitored by tryptophan ﬂuorescence. Thermal and urea-induced inactivation was shown to be
accompanied by neither dissociation of the active site metal ions nor dimer dissociation. This would suggest that the inactivation
involved subtle changes in active site conformation. Furthermore, the VAP dimer equilibrium was studied for the ﬁrst time and
shown to highly favor dimerization, which was dependent on pH and NaCl concentration. Taken together, the data support a
model in which anions bind to some speciﬁc acceptor in the active site of VAP, resulting in great stabilization and catalytic rate
enhancement, presumably through a diﬀerent mechanism.

E

and osmotic pressure of the periplasm were measured in diﬀerent
media for Escherichia coli and Salmonella typhimurium. The
results indicated that the ionic composition of the periplasm can
diﬀer from that of the external medium, especially in a low-ionic
strength medium. The concentration of chloride was found to be
around 200−400 mM inside the periplasmic space using a
medium with an ionic strength of approximately 100 mM.9
Furthermore, using a pH-sensitive green ﬂuorescence protein
variant (TorA-GFPmut3) fused to a periplasmic protein, the pH
of the periplasm of E. coli was found to equal the pH of the
medium. Thus, the pH is likely not regulated in the periplasmic
space.10
An AP from the Gram-negative, cold-adapted bacterium Vibrio
sp. (VAP) is an interesting case, because it has been found to be
very intolerant to heat at low ionic strengths.11,12 Furthermore,
VAP has been shown to be remarkably stabilized and activated by
0.5 M NaCl.12 The mechanism for this ionic eﬀect is unknown
and is explored in this study. Some APs are known to be activated
by high ionic strengths, such as the E. coli AP (ECAP)13−15 and
the AP from Vibrio alginolyticus.16 The latter is closely related to
VAP. Other APs, such as the human placental AP (PLAP),17 are

nvironmental factors, such as heat, pH, and ionic strength,
place enzymes under evolutionary pressure to adapt by
residue replacements.1−3 For multicellular organisms, the ionic
strength is kept relatively constant both inside cells and in
extracellular spaces. However, bacteria have evolved to withstand
environments of various ionic strengths. In sea ice, for example,
microbes are found in habitats created by pores and channels in
the sea ice, where salinity can vary from 0 to 200%.4,5
The eﬀects of ions on the function and stability of enzymes
have been extensively studied but vary depending on the enzyme.
Diﬀerent eﬀects may be observed at low concentrations (salting
in), where eﬀects may be due to semispeciﬁc binding of the ions
to the enzyme, or higher concentrations (salting out), where the
properties of the water medium might be aﬀected (Hofmeister
eﬀects). The intricacies of these interactions are not yet fully
understood.6,7
The alkaline phosphatase (AP) superfamily is well-suited to
studying the evolution of enzymes due to environmental factors,
because it is found only as an extracellular enzyme, either
secreted or membrane-bound. APs are homodimeric metalloenzymes containing two zinc ions and one magnesium ion in
each active site. The Zn2+ ions have both a substrate binding role
and a role in hydrolysis, while the Mg2+ ion is believed to activate
the nucleophilic Ser in the active site.8 In Gram-negative bacteria,
APs are secreted to the periplasmic space where they are believed
to act mostly as phosphate scavengers. In one study, the volume
© 2017 American Chemical Society
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not activated by high ionic strengths. The rate of phosphomonoester hydrolysis by APs increases with an increase in pH, where
the rate-limiting step becomes the release of the inorganic
phosphate (P2) from the phospho-enzyme complex at pH >8.0
(Scheme 1). This pH dependence of the rate-limiting step causes

polymerase was obtained from NEB and DpnI from Fermentas.
Alkaline phosphatase from E. coli and calf intestines were
purchased from Sigma-Aldrich.
Subcloning of the VAP Gene to pET11a. The VAP gene
containing the original N-terminal export sequence (MKPIVTAVVTSTLSFNVLS), previously generated with a StrepTag II
(WSHPQFEK) at the C-terminus,12 was subcloned from the
pASK3-plus StrepTag vector (IBA, Gottingen, Germany) to a
pET11a vector using the overlap extension polymerase chain
reaction (PCR) cloning method.23,24 Details of the cloning
procedure can be found in the Supporting Information. Positive
E. coli Top10 clones were selected, and the plasmid was
subsequently puriﬁed on a GeneJET Plasmid Miniprep Kit
(Fermentas) and sequenced (Genewiz) to conﬁrm 100%
sequence identity. The VAP gene in the pET11a vector
contained the StrepTag II sequence at the C-terminus with a
two-amino acid linker (Ser-Ala) between the polypeptide chain
and the tag, upstream of the stop codon.
Enzyme Expression and Puriﬁcation. E. coli Lemo21(DE3) cells (NEB) were transformed with the VAP-pET11a
plasmid and clones selected on an LB-agar containing 100 μg/
mL ampicillin and 30 μg/mL chloramphenicol. A single colony
was inoculated into 20 mL of LB medium starter culture
containing 100 μg/mL ampicillin and 30 μg/mL chloramphenicol and shaken overnight at 300 rpm in a 100 mL Erlenmeyer
ﬂask at 37 °C. The overnight culture was back diluted 1:100 into
200−250 mL of the same medium containing an addition of 0.50
mM L-rhamnose and grown at room temperature in 1 L
Erlenmeyer ﬂask at 220 rpm until the OD600 was 0.4−0.6, at
which point the cells were induced by adding isopropyl β-D-1thiogalactopyranoside (IPTG) to a ﬁnal concentration of 400
μM. After induction, cells were grown at 18−20 °C at 220 rpm
until they were harvested 16−18 h later by centrifugation. Cells
were resuspended in 100 mL (1:10) of lysis buﬀer [20 mM Tris,
10 mM MgCl2, 0.1% (w/v) Triton X-100, 0.1 mg/mL hen egg
lysozyme, and 10 units/mL DNase I (Sigma) (pH 8.0)] and
incubated for 3−4 h at 4−8 °C under gentle agitation and then
quick-frozen under liquid N2.
Puriﬁcation of VAP, tagged with StrepTag, has been described
elsewhere.12 The active fractions of the elution peak were
collected and analyzed for purity using sodium dodecyl sulfate−
polyacrylamide gel electrophoresis (NuPAGE, 4 to 20%) and
then snap-frozen in liquid N2. The enzyme was not allowed to go
through more than two freeze−thaw cycles before being used in
analyses. The snap-freezing had no eﬀect on the speciﬁc activity
for a few freezing cycles if the enzyme was supplemented with at
least 15% (v/v) ethylene glycol.
Standard Activity Assay. For standard activity assays, 10 μL
of the enzyme solution was mixed with 990 μL of reaction buﬀer
[5 mM p-nitrophenyl phosphate, 1.0 M diethanolamine, and 1
mM MgCl2 (pH 9.8)], and the formation of p-nitrophenol
(pNP) was monitored at 405 nm and 25 °C, using an extinction
coeﬃcient of 18.5 mM−1 cm−1 for 30 s on a Peltier temperatureregulated Evolution 220 spectrophotometer (Thermo Fisher).
Eﬀect of Ionic Strength and pH on Activity. Activity
assays were performed under pseudo-zero-order conditions ([S]
close to Vmax) using 5 mM p-nitrophenyl phosphate at 25 °C
unless stated otherwise. Salt solutions were added from 1.2−4.0
M stocks (depending on the solubility of the respective salt
species). Buﬀers were diluted to a ﬁnal concentration of 50 mM
from 0.2 M stock solutions. All buﬀers were titrated with HCl or
NaOH to the respective target pH value. For pH dependence

Scheme 1

a shift of the slowest step from dephosphorylation (k3) to
phosphate release (k4) at higher pH values.18 Furthermore, the
presence of a suitable phosphate acceptor, such as amine
alcohols, provides competition for water as a nucleophile and
increases the reaction rates.
It has been postulated that ionic strength decreases the aﬃnity
of the enzyme for the phosphate product, leading to the
increased rate of phosphate release (k4). This has been directly
measured by an increase in the inhibition constant (Ki) with
inorganic phosphate at high ionic strengths, where the rate of
dephosphorylation of E-P is only marginally aﬀected by ionic
strength.15 Another aspect is the possibility that the ionic
strength might be aﬀecting rate-limiting conformational changes.
A conformational change in AP between active and inactive states
has been postulated previously,19,20 and asymmetric binding of
phosphate or substrate has been directly observed for ECAP.21,22
The reaction cycle in the dimeric enzyme is believed to be half-ofsites in nature, where a conformational change between low and
high aﬃnity for the substrate is the driving force for catalysis by
facilitating release of the product.22 It is not fully understood how
pH aﬀects catalysis for APs and why some APs are not aﬀected by
ionic strength. In this study, we sought to answer how ionic
strength inﬂuences the chemical and physical properties of VAP
and, more speciﬁcally, how anions aﬀect both the activity and
stability. Furthermore, we wanted to answer how and why the
enzyme is deactivated at a moderate temperature at low ionic
strengths.
Our results indicate that anions, rather than cations, both
activate and stabilize VAP. The ionic eﬀect was shown to be pHdependent. The pH−activity curves had two maxima, which is
unique among APs, and we propose that is caused by a
conformational change involving a deprotonation event in the
pH range of 9.0−10.5. Conformational changes were detected
using tryptophan ﬂuorescence, which correlated with changes in
activity and phosphate binding. Both NaCl and pH were further
shown to aﬀect the monomer−dimer equilibrium, suggesting
their involvement in a conformational change. Interestingly, the
decrease in enzyme activity was not linked to dimer dissociation
or depletion of metal ions from the active site.

■

MATERIALS AND METHODS
Materials. Chemicals were obtained from Sigma-Aldrich
(Schnelldorf, Germany) or Merck (Darmstadt, Germany) unless
stated otherwise. L-Rhamnose and isopropyl β-D-1-thiogalactopyranoside (IPTG) were obtained from AppliChem. Bacto yeast
extract and Bacto tryptone were purchased from Becton,
Dickinson, and company. Triton X-100 was obtained from
BPH chemicals and chloramphenicol from Ampresco. Primers
were obtained from TAG (Copenhagen, Denmark). Phusion
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stock solution where indicated. The enzyme was serially diluted
from a 0.015−0.50 μM enzyme solution (dimer concentration)
by diluting 650 μL of the sample to 350 μL of the same buﬀer.
Samples were incubated for 18−20 h at 25 °C. The activity was
then assayed at 25 °C by mixing 180 μL of the enzyme sample
with 20 μL of an aqueous 50 mM pNPP substrate solution. This
10% enzyme dilution, upon being assayed, did not aﬀect the
outcome of the experiments because the rate toward enzyme
dissociation equilibrium was found to be reached within several
hours.
Inorganic Phosphate Assay. Phosphate release during
enzyme turnover (P2) was measured using the PiPer phosphate
assay kit (Thermo Fisher) following the manufacturer’s protocol
for the inorganic phosphate assay. An end point analysis was
performed at ﬁve diﬀerent time points during the enzyme
reaction under the same conditions that were used for the
enzyme pNPP kinetic assay. No more than 10% of the substrate
was allowed to hydrolyze during the time course to guarantee the
initial rate conditions. The rate of pNP release was also
monitored for the same assay batch under identical conditions
for comparison. At the deﬁned time points, the enzyme reaction
was stopped by pipetting 100 μL of the enzyme sample into 100
μL of a 10 mM EDTA solution (pH 8.0) previously warmed to
90 °C and kept at 90 °C for 5 min before the samples were placed
on ice. The samples were then frozen at −20 °C until they were
further analyzed. The typical inactivation method using 5%
trichloroacetic acid to stop the enzyme reaction was shown to
aﬀect the formation of the ﬂuorescent product resoruﬁn in the
phosphate assay (data not shown), whereas EDTA had no eﬀect
(at the concentration tested in the assay). All samples were
diluted 10-fold in a black, clear bottom 96-well plate in 1×
reaction buﬀer [0.1 M Tris (pH 7.5)] to a ﬁnal volume of 50 μL,
and then 50 μL of the working reaction solution was added (100
μM Amplex Red reagent, 4 units/mL maltose phosphorylase, 0.4
mM maltose, 2 units/mL glucose oxidase, and 0.4 unit/mL
horseradish peroxidase) and incubated for 45 min at 37 °C.
Fluorescence was monitored on a Spectramax M3 (Molecular
Probes) ﬂuorescence plate reader using an excitation wavelength
of 530 nm and an emission wavelength of 590 nm in top read
mode and an average read of 12 ﬂashes. A standard curve was
generated from the provided phosphate standard diluted in 1×
reaction buﬀer in the range of 0−50 μM phosphate. A blank was
subtracted (1× reaction buﬀer) from all samples. By plotting the
phosphate concentration versus time, we obtained the initial rate
of phosphate formation from the initial slope of the linear
regression ﬁt.
Enzyme Thermal Stability Measurements. Thermal
inactivation experiments were conducted in a digitally regulated
heat block using a heat probe for accurate temperature
measurements. The enzyme was diluted 100-fold into 500−
1000 μL of buﬀer with various added ions, giving a solution with
an enzyme content of ∼10 units/mL, and allowed to incubate for
60−120 s before the assay was started by pipetting 10 μL of the
enzyme sample into 990 μL of standard assay buﬀer [5 mM
pNPP, 1 M diethanolamine, and 1 mM MgCl2 (pH 9.8) at 25 °C]
and collecting at least ﬁve data points until the activity had fallen
to 20−30% of the initial activity. The rate of inactivation was
determined by plotting ln(activity) versus time, where the slope
gives the rate constant, k, of inactivation. The half-life was then
calculated using the relationship t1/2 = 0.693/k.
For Arrhenius plots and T50% determinations, ﬁve temperature
points were measured at approximately T50% ± 5 °C. From an
Arrhenius plot (ln k vs 1/T), the activation energy (Ea) was

experiments, Mops was used as a buﬀer for pH 6.0−7.0, Tris for
pH 7.0−9.0, and Caps for pH 9.0−11.5.
Ionic strength did not aﬀect the measured pH values up to 1.0
M salt. Furthermore, ionic strength did not greatly aﬀect the
molar extinction coeﬃcient of pNP up to 1.0 M salt. Of all the
conditions tested, the molar extinction coeﬃcient of pNP was
only marginally aﬀected by pH in the range used here (Figure
S3). Thus, an average molar extinction coeﬃcient of 18.1 mM−1
cm−1 was used for pH 8.0 measurements, 18.9 mM−1 cm−1 for
pH 9.0, and 19.0 mM−1 cm−1 for pH 10.5.
Enzyme Kinetics and Competitive Inhibition Measurements. Enzyme kinetics were performed at 25 °C for pNPP
concentrations ranging from 0.0 to 2.0 mM at pH 8.0, 9.0, and
10.5 using 50 mM Tris for pH 8.0−9.0 and 50 mM Caps for pH
10.5. NaCl was added from a 3.0 M stock solution and mixed
with the respective buﬀer diluted from a 0.2 M stock solution. In
the case in which 1.0 M Tris or 1.0 M diethanolamine (DEA)
were used, no additional buﬀer was added, and the pH was
titrated to the respective value used in the experiments. For
addition of 1.0 M Tris or diethanolamine, the total ionic strength
was set to 0.59 M by adding NaCl.
For Ki measurements, inorganic phosphate was added from a
100 mM Na2PO4 stock. The enzyme solution was diluted to
0.05−0.10 mg/mL, a 10 μL solution mixed with 990 μL of buﬀer,
and A405 assayed for 30 s at 23 °C on a Peltier temperatureregulated Evolution 220 spectrophotometer (Thermo Fisher).
For the exact determination of the p-nitrophenyl phosphate
concentration, each sample was allowed to hydrolyze fully and
the concentration determined by measuring the absorbance at
405 nm using the appropriate extinction coeﬃcient. KM and Vmax
were determined by a nonlinear regression ﬁt to the Michaelis−
Menten equation using GraphPad Prism. To evaluate kcat (kcat =
Vmax/[E]t), the enzyme concentration was measured at A280
using a calculated molar extinction coeﬃcient of 61310 M−1
cm−1 for each monomer as described by Pace et al.25
The competitive inhibitor constant Ki for inorganic phosphate
(PO42−) was determined by a global nonlinear regression ﬁt to
the equation Y = Vmax[S]/[KM(1 + [I]/Ki + [S])], where Y is the
activity, [S] is the substrate concentration, and [I] is the inhibitor
concentration, using GraphPad Prism. The ﬁt was applied to 0,
0.5, and 1.0 mM PO42−.
Eﬀect of Sucrose on Activity. For sucrose experiments and
enzyme dilution studies, the enzyme activity assays were
performed on a SpectraMax 2 (Molecular Probes) plate reader
by monitoring the formation of pNP at 450 nm for 10−30 min
(depending on the enzyme concentration), or until the
absorbance reached 0.4−0.5. All plate reads were performed in
96-well plates, in duplicate or triplicate at ambient room
temperature. A wavelength of 450 nm was chosen to maintain
the absorbance change during the reaction inside the linear
range.
For sucrose experiments, the enzyme was diluted at a 4× buﬀer
concentration (0.20 M) and 50 μL mixed with 150 μL of 6.7 mM
p-nitrophenyl phosphate, giving a ﬁnal concentration of 5 mM
and a respective ﬁnal concentration of NaCl, sucrose (diluted
from a 4× stock), or nucleophile (Tris or diethanolamine) as
denoted for each experiment.
Enzymatic Assays after Dilution. For enzyme dilution
studies, the enzyme was incubated in 50 mM Tris buﬀer at pH
8.0−9.0 and 50 mM Caps at pH 10.5, starting from 2.15 μM
enzyme stock solution (measured at 280 nm using an extinction
coeﬃcient of 122620 M−1 cm−1 for dimer). Inorganic phosphate
was added from a 100 mM stock solution and NaCl from a 3.0 M
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Figure 1. Salt activation of VAP at pH 9.8. Eﬀect of (A) chloride salts and (B) sodium salts on activity. Activity was measured for pNPP hydrolysis in 50
mM Caps and 5 mM pNPP (pH 9.8) at 25 °C. Data points were normalized to activity measured with no salt added. Data were ﬁtted to a hyperbolic
function [y = 1 + Bmax × x/(KD + x)] or a log-Gaussian function (y = 1 + amplitude × exp{0.5 × [ln(x/center)/width]2}), whichever ﬁtted best, only to
aid the eye. Measurements consisted of several independent experiments in which activity was measured in duplicate (n = 2−5).

range of 0.00−1.00 mg/L in Milli-Q water, and Zn2+ standards
were made from 9953 Titrisol (Merck) diluted to the range of
0.00−1.00 mg/L in Milli-Q water. The measurement time was 1 s
for each read, and each measurement contained ﬁve reads for
each of the standards and three reads for the samples. Milli-Q
water was used as a blank for the standards and the elution buﬀer
as a blank for the samples.
Tryptophan Fluorescence Measurements. The intrinsic
tryptophan ﬂuorescence was monitored at 20 °C on a Fluoromax
4P (Horiba) instrument using a 500 μL quartz cuvette with a 4
mm path length. The enzyme sample from a 2.5 mg/mL stock
was diluted to 0.040 mg/mL with a solution containing 1 mM
MgSO4 (for stabilization) and 50 mM buﬀer, using Mops for pH
6.0−7.0, Tris for pH 7.5−9.0, and Caps for pH 9.5−11.5. Slits
were set to 3 and 5 nm for excitation and emission, respectively,
using 295 nm for excitation, recording emission from 310 to 450
nm in 0.5 nm increments. The wavelength of maximum emission
(λmax) was determined mathematically using Excel Solver
(LINEST function) by ﬁtting the spectra from 320 to 380 nm
with a third-degree polynomial (y = ax3 + bx2 + cx + d, where y is
the intensity and x is the wavelength). By solving the roots for the
ﬁrst derivative of the equation, we determined λmax.

obtained. T50% was then calculated from the Arrhenius equation,
where the k for 50% loss of activity after 30 min was used in each
case (k = ln 2/30 min × 60 s/min) to give T50% = (Ea × 1000)/
R(ln A − ln k).
The thermal denaturation midpoint measurements (Tm) were
determined in 25 mM Mops and 1 mM MgSO4 (pH 8.0) using
circular dichroism (CD) in a 2 mm cuvette at 222 nm over the
temperature range of 15−90 °C with a rate of increase in
temperature of 1 °C/min. The enzyme concentration was ∼0.2−
0.3 mg/mL. For monomer unfolding, a two-state pathway was
assumed (N → U, where N is native and U is unfolded). Tm was
determined by a direct ﬁt to a normalized sigmoid curve using
GraphPad Prism.
Sample Preparation for the Metal Ion Assay. Lemo21(DE3) E. coli cells, transformed with the VAP-pET11a plasmid,
were cultivated in a total of 1.0 L of LB medium. Puriﬁcation was
performed as described above on columns using 6 mL of fresh
StrepTactin resin except the lysis buﬀer contained 100 times less
MgCl2 (0.1 mM). The column was washed extensively with
Chelex-treated 10 mM Tris buﬀer (pH 8.0). Then, the resin was
divided into two columns, and 3 mL of either 0.1 or 0.5 M NaCl
in 10 mM Tris (pH 8.0) was added to each column and incubated
at 37 °C for 16 h under gentle agitation. The resin was then
washed with 3 × 5 mL of Chelex-treated 10 mM Tris before the
enzyme was eluted with 3 mL of Chelex-treated 15 mM
desthiobiotin in 10 mM Tris elution buﬀer (pH 8.0). The eluted
samples were then assayed for activity (see Standard Activity
Assay), protein concentration (A280), and Zn2+ and Mg2+ content
using atomic absorption spectroscopy (see below).
The metal ion analysis was also performed after incubating the
enzyme, bound to StrepTactin, in urea. The resin was divided
into four columns and incubated in 3 mL of 10 mM Tris buﬀer
(pH 8.0) containing 0.0, 0.5, 1.2, or 2.0 M urea for 4 h at 4 °C
under gentle agitation (the urea stock solution was also Chelextreated). The resin was then washed with 3 × 5 mL of Chelextreated 10 mM Tris, and the enzyme was eluted and assayed as
previously described.
Atomic Absorption Spectroscopy. Atomic absorption
spectroscopy was performed on a Varian (Crawley, England)
Spectra220 FS atomic absorption spectrometer. Standard curves
for Mg2+ were made from 9949 Titrisol (Merck) diluted to the

■

RESULTS
Activation of VAP by Salt. Because we have previously
observed both stabilizing and activation eﬀects on VAP by using
NaCl at 0.5 M,12 we sought to study in detail the eﬀect of various
ions on the enzyme’s structure, stability, and function. First, we
wanted to determine if the eﬀect was speciﬁc for a particular type
of ion(s) or followed the Hofmeister series eﬀect.26,27 Figure 1A
shows the eﬀect of chloride salts and Figure 1B the eﬀect of
sodium salts on the activity at pH 9.8. VAP was activated similarly
in the concentration range of 0.0−1.0 M using four diﬀerent
chloride salt species (Figure 1A) with a plateau observed at a 50−
60% increase in activity. Using the sodium salts of various anions,
a diﬀerence in activation was seen. Glutamate is one of the main
osmolytes in E. coli and has been shown to be highly kosmotropic
(ranks between F− and SO42−).28 Thus, we decided it would be
an interesting comparison with inorganic ions. Sodium glutamate
was, in fact, the most eﬀective additive we tested in promoting
the activity of VAP at ionic strengths in the range of 0−200 mM.
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However, at higher concentrations of glutamate, the activity
dropped sharply. Sodium acetate, sodium nitrate, and sodium
ﬂuoride were all less eﬀective than the chloride salts in activating
the enzyme. At concentrations above 300 mM, ﬂuoride
stimulation reached a plateau similar to those of the chloride
salts, whereas the activity diminished in the presence of acetate or
nitrate. It may be concluded that ionic strength rather than the
type of anion governed the salt activation of VAP at low salt
concentrations (0−200 mM), whereas at higher salt concentrations, an anion-dependent inhibition was produced by some of
the anion types. Chloride and ﬂuoride were not inhibitory to
VAP, whereas glutamate, acetate, and nitrate did inhibit VAP.
VAP Activation by NaCl Is Dependent on pH. The
activity of VAP with pNPP was measured in the pH range of 7.0−
10.5 with NaCl concentrations ranging from 0.0 to 1.0 M (Figure
2A). The relative increase in activity induced by addition of NaCl
was 4-fold greater at pH 7.0−8.0 than at pH 9.8 (typical assay
conditions). Changing the pH from 8.0 to 10.5 gradually
decreased the ionic eﬀect to near no eﬀect at pH 10.5. The
dependence of activity as a function of NaCl concentration
exhibited a hyperbolic dependence. By ﬁtting the data to a
hyperbolic equation for each pH, we could derive two
coeﬃcients. One is the Imax salt coeﬃcient, which denotes the
maximum level of activation induced by NaCl at the respective
pH. The second is I1/2, the salt activation coeﬃcient, which is the
concentration of salt needed to reach half of Imax at the respective
pH.
The dependence of Imax on pH in the pH range of 7.0−10.5
gave a sigmoidal curve, which is an indication of the enzyme
occupying two states in this pH range (Figure 2B): one form that
was activated by NaCl and another that is not aﬀected by NaCl.
The pKa of a group responsible for the transition between the
two states was found to be 8.7 under the conditions tested.
Interestingly, the I1/2 constant showed a near-linear negative
dependence on pH in the range of pH 7.0−10.5. Thus, as the pH
increased, the enzyme was less activated, e.g., >100 mM NaCl,
and required less salt to reach the respective maximum activity
that could be attained through NaCl activation. NaCl had no
eﬀect on the activity of VAP once the pH reached 10.5.
The pH−Activity Proﬁle of VAP Gave Two Maxima. To
better understand the salt activation of VAP, the pH−activity
proﬁle was measured from pH 6.0 to 11.5, without adding salt
(control) and after the addition of 500 mM NaCl (Figure 3A).
The pH−activity proﬁle showed two maxima at approximately
pH 9.0 and 10.2. The addition of 500 mM NaCl increased the
activity at pH 9.0 considerably but had hardly any eﬀect on the
maximum at pH 10.2. At pH 10.5, NaCl greatly increased the KM
for pNPP (see in Table S2) to such an extent that the
concentration of the substrate used was not enough to achieve
Vmax. Thus, the second maximum was slightly shifted toward a
lower pH value using 500 mM NaCl.
To address if these two maxima and the speciﬁc ionic
activation around pH 9.0 for VAP were due to a systematic assay
error, or substrate activation, and thus not a unique property of
VAP, calf intestinal alkaline phosphatase (CIP) and E. coli
alkaline phosphatase (ECAP) activity proﬁles were measured
using the same conditions that were used for VAP (Figure 3B,C).
Only one pH maximum was observed for both CIP and ECAP.
CIP was not activated by NaCl, in agreement with previous
observations.29 However, the pH optimum shifted from pH 10.0
to 9.5 in 500 mM NaCl, possibly by aﬀecting activity coeﬃcients
for pKa values of groups responsible for activity (Debye−
Hückel).

Figure 2. Eﬀect of pH on NaCl activation for VAP. (A) Activity as a
function of NaCl concentration. Activity was normalized at each pH
value to activity measured with no NaCl added. Data were ﬁtted to a
hyperbolic function [y = 1 + Imax × x/(I1/2 + x), where y is activity, x the
salt concentration, Imax the salt coeﬃcient, and I1/2 the salt activation
constant]. (B) Salt coeﬃcient Imax as a function of pH. Data were ﬁtted
with a variable-slope sigmoidal curve (GraphPad Prism). (C) Nearlinear relationship of salt activity constant I1/2 as a function of pH in the
pH range of 7.0−10.5. Data were taken from several independent
experiments during which activity was measured in duplicate (n = 2−4).
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Eﬀect of pH, Ionic Strength, and Transphosphorylation
on VAP Enzyme Kinetics. To study further the eﬀect of pH,
ionic strength, and the presence of a transphosphorylation
substrate on VAP activity, Michaelis−Menten kinetics were
measured, as well as a competitive inhibition assay with inorganic
phosphate, at pH 8.0, 9.0, and 10.5, together with the addition of
0.5 M NaCl or 1.0 M nucleophilic phosphate acceptor (Table
S2).
The stimulating eﬀect of NaCl on kcat was pH-dependent.
Only the peak in Figure 3A at pH 9.0 was sensitive to NaCl, while
the other peak at pH 10−10.5 was not. Further analysis showed
that the aﬃnity for the substrate and product was greatly reduced
at pH 10.5 (both KM and Ki increased), while kcat was unchanged
by NaCl. In the presence of an organic phosphate acceptor (Tris
or DEA), both kcat and KM were greatly increased. In most cases,
the addition of 20% (w/v) sucrose decreased the activity
substantially, indicating that the release of the inorganic
phosphate product was the rate-limiting step at pH 8.0 and
9.0. At pH 10.5, sucrose had a weaker eﬀect on kcat, and via the
addition of 0.5 M NaCl, sucrose had no eﬀect on activity,
indicating a possible shift in the rate-limiting step toward a step
not aﬀected by diﬀusion rates.
Thermal Inactivation and Denaturation of VAP Are
Aﬀected by Ionic Strength and pH. Inorganic phosphate and
sulfate are well-documented competitive inhibitors of AP
activity.31−33 Phosphate binds approximately 10 times more
tightly to VAP than sulfate does and provides much more
protection against thermal inactivation than sulfate does. Figure
4A shows that VAP had a half-life of <1 min when heated at 30 °C
with no additional ions in the buﬀer. The half-life at 30 °C
increased to ∼10 and 50 min for 1 mM sulfate and 1 mM
phosphate, respectively (Figure 4A). The cation added with the
sulfate salts had no eﬀect on VAP stabilization. Magnesium ions
added as a chloride salt did not provide any speciﬁc stabilization
and performed equally well as NaCl.
The eﬀect of NaCl on thermal inactivation of VAP was further
studied at 55 °C in the range of 0.0−1.0 M NaCl (Figure 4B).
The half-lives (for activity) at 55 °C were 0.2 and 38.5 min with
0.0 and 1.0 M NaCl, respectively. It was noted that the rate of
inactivation at 55 °C did not decrease linearly with NaCl
concentration (Figure 4C), which is possibly due to thermal
denaturation occurring when the temperature increases above 54
°C and a stability plateau is reached. Figure 4D shows that NaCl
increased the thermal midpoint for unfolding from 54.2 to 62.2
°C for 0.0 M and 1.0 M NaCl respectively, and the increase was
linear with NaCl concentration (Figure 4E). The thermal
denaturation curves using CD showed that, upon addition of
NaCl from zero to 0.1 M, there was an increase in cooperativity
for unfolding (steeper slope between the transition). This
cooperativity might be due to the binding of a chloride ion to a
high-aﬃnity site of as yet unknown identity.
The linear dependence of NaCl on stabilization of the folded
state observed here is likely due to salting-out eﬀects of the
denatured state, which have been observed for many proteins.34
However, it is unclear how salt aﬀects the stabilization of the
structural form with maximal activity. Table 1 shows the eﬀect of
0.50 M NaCl on T50%. It can be seen that the eﬀect of NaCl was
pH-dependent. At pH 8.0, the T50% was greatly increased, from
25.8 to 53.5 °C, from the control to 0.50 M NaCl, respectively.
Increasing the pH to 9.0 increased the thermal resistance of VAP
as the T50% increased to 30.6 °C for the control. On the contrary,
the eﬀect of NaCl diminished where T50% with 0.50 M NaCl was

Figure 3. Activity proﬁles as a function of pH for three alkaline
phosphatases: (A) VAP, (B) calf intestinal alkaline phosphatase, and
(C) E. coli alkaline phosphatase. The pH−activity proﬁles were
measured either without any addition (control) or with 500 mM
NaCl. Activity was normalized to the highest kcat point measured for
each enzyme activity proﬁle. To aid the eye, curves were ﬁtted with
Gaussian, the sum of two Gaussian or Lorentzian functions, whichever
gave the best ﬁt. Data were taken from several independent experiments
during which activity was measured in duplicate (n = 2−4).

The activity of ECAP is known to be inﬂuenced by ionic
strength.13,30 Here, NaCl was shown to increase the activity of
ECAP at all pH values tested from 6.0 to 11.5. Furthermore, the
pH optimum of ECAP was lowered by two pH units in the
presence of NaCl.
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Figure 4. Eﬀect of ions on VAP thermal stability. (A) Eﬀect of NaCl, magnesium, and competitive inhibitor salts on stability at 30 °C in 20 mM Tris (pH
8.0). Aliquots of the enzyme were taken at diﬀerent time points and assayed using the standard activity assay, and the half-life at 30 °C (t1/2) was
determined. (B) Rate of inactivation at 55 °C vs NaCl concentration in 20 mM Tris and 10 mM MgCl2 (pH 8.0). (C) Rate of inactivation at 55 °C (k) as
a function of NaCl concentration using the data from panel B. (D) Thermal denaturation of VAP vs NaCl concentration. The fraction of folded VAP was
determined using CD spectroscopy at 222 nm in 25 mM Mops and 1 mM MgSO4 (pH 8.0). The traces were normalized and ﬁtted to a sigmoidal
variable slope equation using GraphPad Prism. (E) Linear dependence of Tm with NaCl concentration using the data from panel D.

50.5 °C at pH 9.0. At pH 10.5, the T50% had increased to 33.2 °C,
but NaCl had no stabilizing eﬀect at pH 10.5.
The Inactive State of VAP Is Dimeric and Still Contains
Zn2+ and Mg2+. We previously found that urea-induced
inactivation of VAP produced an inactive dimeric state.12 We

sought to answer the question if the inactivation of the enzyme
involved Zn2+ or Mg2+ dissociation. We expected that ion
dissociation might accompany or be the main cause of
inactivation. In particular, loss of the Mg2+ ion could result in
failure to activate the nucleophilic Ser in the active site. Our VAP
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Table 1. Eﬀect of Sodium Chloride on Thermal Inactivation
T50% (°C)a
pH

control

0.50 M NaCl

8.0
9.0
10.5

25.8 ± 1.4
30.6 ± 0.6
33.2 ± 1.0

53.5 ± 1.5
50.5 ± 0.5
31.7 ± 1.1

a

Samples were incubated in 20 mM Tris and 10 mM MgCl2 (pH 8.0
or 9.0) or in 20 mM Caps and 10 mM MgCl2 (pH 10.5) with or
without the addition of 0.50 M NaCl on a heat plate over time at
various temperatures, and the T50% values were determined by assaying
the remaining activity in the standard assay at pH 9.8 and 25 °C. The
mean and standard deviations reﬂect two to ﬁve independent
experiments.

storage buﬀers contain a rather high concentration of MgCl2 (10
mM), and therefore, decreasing the extraneous Mg2+ concentration to a value suﬃciently below the enzyme sample
concentration (10−20 μM) by ﬁltration or dialysis, without
possibly promoting its dissociation from the active site, has
proven to be diﬃcult. As mentioned above, the initial hypothesis
was that inactivation observed in low-salt buﬀer solutions was
due to dissociation of the Mg2+ from the active site. Thus, we
reduced the Mg2+ content of the lysis buﬀer 100-fold (0.1 mM)
and used Chelex-treated, 10 mM Tris buﬀer in all puriﬁcation
steps. Furthermore, the enzyme was immobilized on StrepTactin
resin (Figure S4) and inactivated while still bound to the resin at
37 °C for 16 h in 0.1 or 0.5 M NaCl (Figure 5A). The latter
condition prevents inactivation observed in low-ionic strength
buﬀers and served as a control. At 37 °C, 0.1 M NaCl was not
enough to protect the enzyme against inactivation, the speciﬁc
activity being 75% lower than in the sample with 0.5 M NaCl.
There was not a statistically signiﬁcant diﬀerence in the Mg2+
content of VAP treated in 0.1 M NaCl buﬀers (1.8 ± 0.4)
compared with VAP when 0.5 M NaCl was present (1 ± 0.8).
The large standard deviation is due to the lower binding aﬃnity
of the StrepTag to the aﬃnity column at 37 °C compared to that
at 4 °C, especially for the 0.1 M NaCl sample, leading to a lower
concentration of enzyme eluted, and thus a higher signal-to-noise
ratio for both atomic absorption and protein concentration assay.
Interestingly, there was a signiﬁcant diﬀerence in Zn2+ content
depending on salt concentration, being 2.0 ± 0.7 per monomer
for 0.5 M NaCl and 1.0 ± 0.1 per monomer for 0.1 M NaCl.
Thus, VAP lost one of its two Zn2+ ions when the NaCl
concentration was decreased from 0.5 to 0.1 M. However, the
magnesium ion content was unchanged. It should be noted that
because of the loss of protein content from the columns under
the latter condition, the reason for which is being studied, the
error in the data was relatively large.
After immobilization of the enzyme to the StrepTactin resin,
we also applied the resin to four separate columns and incubated
the resins in 0.0−2.0 M urea for 4 h. After being rinsed with
Chelex-treated Tris buﬀer, the enzyme was eluted as described
above (Figure S4). The samples were then assayed for Mg2+
content (Figure 5B), Zn2+ content (Figure 5C), and speciﬁc
activity. The inactivation occurred without changes in the metal
content.
VAP Adopts Several Structural States with Respect to
pH. It is unclear how many deprotonation events occurred in
Figure 3A. If we assume each ascending and descending limb in
the bell-shaped activity curve is due to a single protonation event,
then there are possibly four deprotonation events that aﬀect VAP
activity. The second maximum might also be due to a

Figure 5. Determination of the Zn2+ and Mg2+ ion contents during VAP
inactivation. (A) Zn2+ and Mg2+ contents were normalized to the
enzyme monomer concentration after thermal inactivation at 37 °C for
16 h at pH 8.0 in the presence of 100 or 500 mM NaCl. (B) Mg2+
content and (C) Zn2+ content of VAP after incubation of the enzyme in
urea at pH 8.0 for 4 h at 4 °C. Data were normalized to the enzyme
monomer concentration. Means and standard deviations reﬂect several
independent measurements (n = 2−5). Note that some error bars are
smaller than the borders of the symbols or columns and, thus, are not
visible.

conformational change resulting in a change in the rate-limiting
step toward the hydrolysis step.
This would explain why salt had no eﬀect on the second
maximum, because dephosphorylation of the covalent inter5082
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Figure 6. VAP tryptophan ﬂuorescence as a function of pH. (A) Relative tryptophan emission at 340 nm as a function of pH. (B) Wavelength of
maximum emission (λmax) as a function of pH. The dotted line curve is adopted from VAP pH−activity proﬁles in Figure 3A for control (black) and 0.5
M NaCl (red) for comparison.

the large increase in KM and Ki that occurs when the pH becomes
high. Interestingly, the λmax was quite diﬀerent at pH 6.0 when 0.5
M NaCl was added, being 338.5 and 340.5 nm for 0.5 M NaCl
and the control, respectively (Figure 6A). Apart from that, the
λmax followed the same trend as the control. The native fold is
possibly not as stable without NaCl present at pH 6.0−6.5 and is
partially unfolded, leading to a higher λmax value. This would
explain the drop in λmax for the control going from pH 6.5 to 7.0.
Eﬀect of Buﬀer Conditions on the Dimer−Monomer
Equilibrium. We have observed an eﬀect of NaCl on both the
activity and thermal stability of the active site (T50%), as well as on
the native fold (Tm). Because the monomers of APs are generally
inactive, no information about the eﬀect of ionic strength on the
dimer−monomer equilibrium could be obtained from the earlier
experiments. Therefore, we attempted to induce dissociation of
dimers to monomers by dilution. The dimer to monomer
dissociation was detected using the speciﬁc activity of the
enzyme.
If the Kd is high, activity as a measurement can be problematic,
because of diﬃculties in measuring the initial rate at high enzyme
concentrations. This problem can be overcome by assaying the
activity by an additional dilution into a reaction buﬀer and
assuming the equilibrium does not shift during the assay (not a
problem if the dissociation rate is slow).
We performed dilution of VAP to test for dissociation and
found dissociation occurring below 50 nM dimer. Instead of
applying a further dilution to a reaction assay buﬀer, we mixed a
concentrated solution of pNPP with the samples to a ﬁnal
concentration of 5.0 mM to initiate the activity assay, thus
resulting in only an additional 10% dilution.
The rate of dissociation was measured by dilution at pH 8.0
using diﬀerent initial concentrations of VAP (Figure 7A−C).
Equilibrium was reached in approximately 8−10 h. The rates of
dissociation at 15 nM dimer were 0.004 and 0.003 min−1 in buﬀer
containing 1 mM inorganic phosphate and 0.50 M NaCl,
respectively. Without these stabilizing additives, the activity of
the enzyme fell too quickly to reﬂect the state of the dimer−
monomer equilibrium. To rule out the possibility that the
enzyme concentration dependence of the speciﬁc activity was
due to magnesium dissociation, the enzyme was diluted at 15 nM
dimer with an addition of 10 mM MgCl2 (Figure 7D).
Magnesium did not aﬀect the dissociation equilibrium.

mediate, within the active site, would be minimally aﬀected by
ionic strength. The activity presented on the y-axis in Figure 3B
was assayed at a saturating substrate concentration (>10KM). At
pH >10.0, the aﬃnity for the product (measured as Ki) was
greatly decreased. This is likely reﬂected in the second maximum
at pH 10.2, because the release of the product is the rate-limiting
step in the reaction pathway at alkaline pH. The limb of the
second peak may decrease sharply with an increase in pH (Figure
3) because the activity measured no longer represented Vmax (at 5
mM substrate) as KM was also increasing as the pH increased pH
10.0.
To address the question of whether pH changes might be
inducing structural changes, we monitored tryptophan ﬂuorescence for VAP under conditions identical to those used in
Figure 3. We used two ﬂuorescence methods to represent the
structural changes, (i) the absolute tryptophan ﬂuorescence
intensity at 340 nm (Figure 6A) and (ii) the wavelength of
maximal ﬂuorescence, λmax (Figure 6B). The absolute intensity
value (and the changes in intensity) is sensitive to the distance
and orientation of electron-deﬁcient residues in the proximity of
the indole group(s). On the other hand, the λmax is more an
indicator of solvent accessibility to the indole group(s), and not
as sensitive to intrinsic quenching events. Three distinctive states
could be detected from the absolute ﬂuorescence intensity at 340
nm with a change in pH. Figure 6A shows where the ﬂuorescence
decreased between pH 8.0 and 9.0, correlating with activation of
the enzyme (dotted lines are adopted from the activity proﬁle in
Figure 3 for comparison). Another drop in ﬂuorescence was seen
at pH 10.0−11.0, correlating with the large increase in KM and Ki
(Table S2). In the presence of 0.5 M NaCl, the trend in
ﬂuorescence was similar except the transition was shifted toward
lower pH values. A similar shift was seen for the pH−activity
proﬁle (Figure 3). The ﬂuorescence at 0.5 M NaCl was also
slightly lower at pH 10.0−11.5 than for the control.
The emission wavelength shift (Figure 6B) showed pHdependent transitions in VAP structure presumably due to subtle
changes in solvent accessibility of certain Trp residue(s). Four
transitions were observed (between pH 7.0 and 8.0, pH 9.0 and
9.5, pH 10.0 and 10.5, and pH 11.0 and 11.5). The ﬁrst transition
did not correlate with any activity change, but the second and
third transitions did correlate with a decrease and a subsequent
increase in activity, respectively. Thus, they correlated well with
the two maxima in Figure 3. The last transition correlated with
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Figure 7. VAP dissociation induced by dilution. The rate of dissociation was determined as a function of enzyme concentration at pH 8.0 and 25 °C for
diﬀerent initial concentrations: (A) 7.5 nM dimer, (B) 15 nM dimer, and (C) 45 nM dimer. (D) The eﬀect of magnesium was tested by incubating 15
nM dimer (as in panel B) in 10 mM MgCl2. (E and F) Examples of enzyme dilution curves used for Kd analysis (summarized in Table 2) at pH 8.0 and
10.5, respectively, after incubation for 18 h. Curves in panels A−D were ﬁtted to a single-exponential decay function, and curves in panels E and F were
ﬁtted to a one-site binding hyperbola except for the addition of 0.5 M NaCl at pH 8.0, for which a sigmoidal ﬁt was applied.

increased to 10.5, the Kd was greatly decreased to 0.4 ± 0.3 nM,
where there was no signiﬁcant diﬀerence for 1.0 mM Pi, or 0.7 ±
0.2 nM. For 0.50 M NaCl at pH 10.5, the Kd was similar to values
obtained at pH 8.0, 11.1 ± 6.3 (Table 2).
The stability of the dimer was shown to be relatively high with
a dimer dissociation free energy in the range of 40−50 kJ/mol.
Thus, VAP’s low thermal resistance is not due to an unstable
dimer but some other transition to an inactivated state that is not

The dimer dissociation constant, Kd, was derived by applying
serial dilutions in the range of 0−100 nM at pH 8.0 (Figure 7E)
and pH 10.5 (Figure 7F) and the activity assayed 18 h later. It can
be seen that phosphate ions increased the Kd from 7.3 ± 5.9 nM
for the control to 23 ± 7.5 nM in the presence of 1 mM
phosphate. Interestingly, at pH 8.0 using 0.50 M NaCl, the Kd
increased to 20 ± 8.6 nM with a distinctive sigmoidal character
(S-shaped curve) not seen at pH 10.5. When the pH was
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A study of ECAP activity using 17 chloride and sodium salts
showed that the salt-induced activation followed mostly the
Hofmeister series. The activation did not involve any structural
changes, and the conclusion was that the ionic strength
weakened the electrostatic interactions in substrate binding
and product release.30 Another study of calf intestinal alkaline
phosphatase (CIP) showed a similar trend. Overall, for CIP, the
salts mostly aﬀected KM and the pH optimum (as observed in
Figure 3B), but the Vmax was only slightly aﬀected.39
Dependence of VAP Activity on pH and Ionic Strength.
In the work presented here, we found that the activation by NaCl
was highly pH-dependent (Figures 2 and 3), forming two
maxima in the pH−activity proﬁle. It can be suggested that the
enzyme may adopt two structural states, one that is aﬀected by
NaCl and one that is not. Applying this assumption, we derived a
pKa of 8.7 from a deprotonation event (Figure 2B). It is possible
that the chloride ions were directly involved in an ionic bond with
a particular charged group in the ﬁrst maximum that was being
deprotonated in the second maximum. Otherwise, the increase in
pH could lead to a conformational change involving several
residues that is aﬀected by ionic strength. A direct binding of Cl−
to ECAP has been observed using 35Cl nuclear magnetic
resonance (NMR), where it was proposed that Cl− might bind to
a charged amino acid with a high exchange rate.40 Another more
detailed study, using both 35Cl and 113Cd NMR (by studying the
Zn- and Cd-saturated enzyme, respectively), showed that Cl−
binds to the Zn ion in the M1 site. The Zn ion had ﬁve ligands in
the E-P state with three histidyl groups and either two Cl− ions or
two water molecules.41 These authors also reported diﬀerent
aﬃnities of the two monomers for phosphate ions, implying two
diﬀerent conformational states.
The candidate ionizable charged groups causing a change in
activity in the pH range being studied here would be His (pKa =
6.0), Lys (pKa = 10.5), or Arg (pKa = 12.5). Most of the titratable
side chains in the active site of VAP take part in ligation of the
metal ions. One candidate in VAP would be Arg129 that binds
two of the nonbridging oxygens of the phosphate group in
substrates. Other candidates would be Arg113, His465, His277
or His116, the latter two being zinc binding histidyl ligands.
However, even though pKa values of amino acids can be oﬀset by
proximity to charged or polar groups, it is more likely that
deprotonation of a hydrated metal ion is taking place as has been
proposed for ECAP rather than involvement of these positively
charged residues.41,42
O’Brien and Herschlag42 evaluated kcat/KM as a function of pH
under pre-steady-state conditions for ECAP using alkyl
phosphate substrates, which have a poor leaving group. The
rate-limiting step over the pH range tested, for the alkyl
phosphates, was the initial phosphorylation of the nucleophilic
Ser. An ascending activity limb around pH 5 was believed to be
caused by deprotonation of the substrate monoanion and the
nucleophilic Ser in the active site. The descending limb was
linked to the deprotonation of a Zn-coordinated water molecule
with a pKa of 8.0, leading to inactivity. Under steady-state
conditions, using pNPP as a substrate, the pKa of the ascending
limb for ECAP was reported to be in the pH range of 7.1−
7.4.43,44 This was attributed to a basic group. However, the pKa of
8.6−9.2 of the descending limb was attributed to a deprotonation
step of an acidic group involved in substrate binding (possibly a
Zn-coordinated water molecule as previously discussed). In our
hands, the pH optimum of ECAP under steady-state conditions
was shifted toward a higher pH value by a factor of approximately
1.0 pH unit, compared to results in previous reports43,44 (Figure

Table 2. pH Dependence of the VAP Dimer−Monomer
Equilibrium
pH 8.0

Kdc (nM)

ΔGd (kJ/mol)

7.3 ± 5.9
23 ± 7.5
20 ± 8.6

46 ± 2
44 ± 1
44 ± 1

0.4 ± 0.3
0.7 ± 0.2
11 ± 6.3

54 ± 2
52 ± 1
45 ± 1

a

control
1.0 mM Pi
0.50 M NaCl
pH 10.5b
control
1.0 mM Pi
0.50 M NaCl

Samples were incubated for 18 h at 25 °C and activity assays
performed in 50 mM Tris and 5 mM pNPP at 25 °C. bSamples were
incubated for 18 h at 25 °C and activity assays performed in 50 mM
Caps and 5 mM pNPP at 25 °C. cData from panels E and F of Figure
7 were either ﬁtted to a hyperbolic function [νspec = top × [E]/(Kd +
[E])] or a sigmoidal function (νspec = bottom + (top − bottom)/{1 +
10[log(Kd)[E]]×Hill slope}, where νspec is the speciﬁc activity, [E] is the
enzyme dimer concentration, Kd is the dissociation constant, top is the
maximum speciﬁc activity, bottom is the background speciﬁc activity,
and the Hill slope is the slope for the transition between the two
states. Kd represents the dissociation constant for the dimer species; Kd
= [M]2/[D], where M denotes the monomer and D the dimer.
a

dependent on enzyme concentration. Thermal inactivation at 25
°C for VAP was not dependent on concentration. This can be
observed in the dilution experiments in which absolute speciﬁc
activity was much lower for the control than when phosphate or
NaCl was added. After incubation at 25 °C for 18 h, >90% of the
enzyme was inactivated. However, the remaining population of
active enzyme residues was still aﬀected by dilution. The thermal
inactivation should not aﬀect the Kd value obtained because only
the remaining active dimer subunits are being measured relative
to enzyme concentration. Adding 1.0 mM phosphate or 0.50 M
NaCl protected the enzyme against thermal inactivation. Thus,
thermal inactivation was not due to concentration-dependent
dimer dissociation.

■

DISCUSSION
Eﬀect of Ions on VAP Activation. It is well-known that
anions dominate the Hofmeister eﬀect over cations for both
stability and activity.35 If the eﬀects of chosen ions on VAP
observed in this study were due to general solvent eﬀects, then
the anions should follow the Hofmeister sequence from being
stabilizing/activating to being destabilizing/inhibitory as follows:
Glu− > F− > CH3COO− > Cl− > NO3−. The cations should
follow this order: K+ > Na+ > Li+ > Mg2+. The anionic eﬀect seen
here did not follow a typical Hofmeister series, making it unlikely
that the ions were changing the VAP’s behavior by aﬀecting the
solvent. More likely, the anions were interacting speciﬁcally with
a charged residue on the protein surface, most likely near or in
the active site.
There are many examples of ions not following the Hofmeister
eﬀect when aﬀecting the function of enzymes, which is likely due
to relevant positions of the surface charges and polarity of the
main chain in the folded protein.36,37 A good example is the fact
that salting out of lysozyme followed the Hofmeister series only
at high ionic strengths or alkaline pH. Under acidic or neutral
conditions, the Hofmeister series was reversed for lysozyme.38
Another example was the reversing of the Hofmeister series for
the salting out of tripeptide GGG when the N-terminal amine
was capped.6
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3B), although a similar “alkaline” pH optimum has previously
been reported for ECAP.45 The most probable explanation for
this inconsistency is the diﬀerent assay conditions used (buﬀer
species and substrate concentration), and whether the pH
optimum is reported using kcat or kcat/KM. For VAP, evaluation of
Vmax needed to be performed at a high substrate concentration
because KM was highly dependent on pH in the range of 10−
11.5.
By observing the kinetic data in Table S2 and comparing the
kinetics for the control and the 0.5 M NaCl addition, we found
that NaCl had a diﬀerent eﬀect at pH 8.0 and at pH 10.5. At pH
8.0, the KM was not aﬀected by NaCl, whereas Ki was increased 4fold, which would ﬁt the 4-fold increase in kcat due to faster
phosphate release (the rate-limiting step).
At pH 10.5 with 0.5 M NaCl, the KM was 3.5 times higher than
the control. The Ki was also increased by 6-fold for 0.5 M NaCl
compared to that of the control. However, this increase in Ki
induced by NaCl was not reﬂected in a higher kcat, indicating that
the rate-limiting step was no longer the release of phosphate.
This suggestion was supported by the fact that sucrose, used to
increase the viscosity of the buﬀers, generally reduced activity.
The activity observed at pH 10.5 in 20% (w/v) sucrose was 83%
of the control with no sucrose added, whereas no eﬀect on
activity was observed in cases in which both 0.5 M NaCl and 20%
(w/v) sucrose were added. This suggested that at pH 10.5, the
activity in 0.5 M NaCl was not aﬀected by increasing the
viscosity. It is also possible that viscosity could aﬀect the rate of a
conformational change, especially if the conformational change is
entropy-driven and involves the release of bound water
molecules.
The following scenarios for VAP activation by ions in the pH
range of 8.0−10.0 could be derived.
Salt Aﬀects Kinetics by Allowing Faster Product Release.
This has been shown for ECAP15,30 and is likely also true for
VAP. A possible explanation for the pH dependence of salt
activation for VAP, disappearing at more alkaline pH, would be
that a conformational change occurs in VAP around pH 10.0 and
the release of the product is no longer rate-limiting. Then, the
hydrolysis of the covalent intermediate would likely become the
rate-limiting step (k3), which would not be aﬀected by the ionic
strength of the medium. For ECAP, no comparable conformational change occurs in this pH range, so that the ionic strength
activation is not pH-dependent.
Salt Aﬀects Conformational States. Some researchers have
proposed two conformational states for ECAP when it is present
as a covalently bound phosphate complex (E-P), where one form
of the enzyme is suitable for transphosphorylation and the other
for hydrolysis.46 Although suggestions of conformational
changes as part of the reaction mechanism of ECAP and other
APs have repeatedly been made, they have not been observed
experimentally. Often, such theories have been linked with a halfof-sites reaction mechanism,19−22 in which the binding aﬃnity
shifts reciprocally between subunits for substrate binding and
product release. The putative conformational change suggested
here for VAP could be a reﬂection of half-of-sites structural
dynamics. Changes in tryptophan ﬂuorescence with pH
correlated with changes in activity, possibly an indication of
such a conformational change. At pH 8.0, one subunit might have
a low aﬃnity for the substrate and inorganic phosphate
(product), while the other subunit would have a high aﬃnity
for the substrate (and product) and be catalytically eﬃcient
(Figure 8). In VAP, a conformational change during the reaction
cycle might occur after the dephosphorylation reaction, but

Figure 8. Hypothetical scheme for a half-of-sites reaction mechanism of
VAP hydrolysis at pH 8.0 and 10.5 at saturating substrate
concentrations. Empty circles denote a subunit with a high aﬃnity for
both the substrate and phosphate product, and the open squares denote
a subunit with a low aﬃnity for the substrate and phosphate product. At
pH 8.0, the release of the phosphate product is the rate-limiting step
(step 6 colored red). Before phosphate release, a conformational change
occurs where subunits switch between the low-aﬃnity and high-aﬃnity
state (step 5). Increasing the pH to 10.5 results in a conformational
change triggered by a deprotonation event, so that both subunits adopt
the low-aﬃnity state. Subsequently, phosphate release is faster, and the
rate-limiting step becomes the dephosphorylation (step 10).

before the release of the phosphate ion, where the subunit
switches between the states to release the phosphate. The ratelimiting step at pH 8.0 would be the phosphate product release
(or possibly the conformational change) according to this
scenario. At pH 10.5, both subunits might adopt the low-aﬃnity
state, where KM and Ki are greatly increased, the consequence
being that the release of product is fast, the dephosphorylation
rate is slow, and dephosphorylation becomes the rate-limiting
step. This kind of mechanism has recently been shown for
ﬂuoroacetate dehalogenase from Rhodopseudomonas palustris
where only one subunit in the asymmetric homodimer
underwent a catalytic turnover. The empty subunit played a
role in allosteric communication between subunits where an
entropy change due to a release of water molecules played a key
role.47 Molecular dynamics simulations of VAP have shown that
the subunits are asymmetric and are dynamically promiscuous,
having diﬀerent networks of nanosecond-scale movements.48
Anions Bind to a Speciﬁc Site in the Active Site of VAP. At a
moderate concentration of salt and pH <10.5, VAP activity
increased, irrespective of the nature of the anion (Figure 1).
Furthermore, the active site heat stability (T50%) increased with
NaCl with a pH trend similar to that for activity (Figure 4 and
Table 2). A similar pH-dependent anionic activation as shown
here for VAP was previously described in a study on an AP from
another marine bacterium, V. alginolyticus.16 VAP and V.
alginolyticus AP have 93% identical sequences and identical
active site residues with respect to metal ion coordination.
Furthermore, they both have the same large surface loop insert,
which was noted as a novel structural characteristic of VAP when
its crystallographic structure was reported.49 For V. alginolyticus
AP, Cl− ions were shown to be most eﬀective in enhancing
enzyme activity compared to other small anions. However,
SO42−, a competitive inhibitor, was shown to prevent the eﬀect of
Cl− on activity at pH 7.5. Thus, they concluded that Cl− bound
closely to the substrate in the active site of the V. alginolyticus AP.
For VAP, the charged residues that are closest to the SO42− ion in
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the active site, to which the Cl− might be binding, are Arg129,
His277, and His465 (Figure 9). Cl− could also be coordinated to
the Zn ions and be outcompeted by OH− ions as the pH
increases, as discussed above.

pH 10.5 compared to 10−50 nM observed at pH 8.0 under the
conditions tested. Inorganic phosphate in the medium (1.0 mM)
was shown to increase the Kd of the dimer at pH 8.0, but not at
pH 10.5. This was expected, because at pH 10.5 the aﬃnity of the
enzyme for phosphate is low. Sodium chloride at 0.5 M increased
both the Kd at pH 8.0 and 10.5 with a sigmoidal character at pH
8.0 that was not seen at pH 10.5. This indicated that, at pH 8.0,
Cl− was able to bind to a speciﬁc site but not at pH 10.5. The free
energy reported here is in the range of 45−55 kJ/mol and is
within the limits of 20−70 kJ/mol reported for the dissociation of
other homodimers.57 Denaturing VAP with urea and monitoring
the denaturation by Trp ﬂuorescence gave a free energy change
for monomer unfolding of 14 kJ/mol.12 Thus, it is clear that
dimer formation contributes greatly toward VAP structural
stability. Our laboratory has previously assessed the dimer
dissociation for Atlantic cod AP induced by guanidinium chloride
(GdmCl)32 or urea58 using SEC, Trp ﬂuorescence, and activity.
The free energies were 34 and 36 kJ/mol for dimer dissociation
with GdmCl and urea, respectively.
Eﬀect of pH on VAP Trp Fluorescence. Because changes
in VAP Trp ﬂuorescence at diﬀerent pH values were in most
cases accompanied by changes in activity, it is likely that W274,
which is located in the active site, is the residue most openly
aﬀected by pH. However, we have previously shown, using a Trp
to Phe substitution, that W274 does not contribute greatly to the
total Trp emission spectrum of VAP.12 Interestingly, the
emission was increased for the W274F variant compared to
that of the wild type, which suggested that W274 is likely a
resonance energy transfer (RET) acceptor for other Trp
residues. Thus, when W274 was no longer present, more energy
was emitted as photons from the remaining Trp residues. There
are a few residues close to W274 that could also act as intrinsic
quenchers,59 explaining the sensitivity to subtle structural
changes, mainly Q271, H116, D273, and E268 (Figure 9). It is
likely that D273 could act as a good quencher by excited-state
electron transfer because it is made electron poor by
coordination with the Zn2+, and by a key water molecule,
which is involved in coordinating the substrate, which also makes
a hydrogen bond with the W274 residue.
The residues that might be deprotonated in the neutral-pH
range are either histidine or amine groups that are much more
eﬃcient quenchers in their charged states. It is, however, wellknown that amino acid residues can have exhibit shifts in pKa
values when the residues are located in active sites or
hydrophobic environments,60,61 so further experimentation is
needed so ﬁrmer conclusions can be reached.

Figure 9. Active site structure of VAP showing residues in the proximity
of metal ligands and Trp274 (Protein Data Bank entry 3E2D). Trp274 is
colored magenta, and the two Zn2+ ions are colored navy-purple. The
Mg2+ ion is colored bright green and is connected with black lines to its
ligands, including two water molecules. Water molecules are
represented as red spheres and hydrogen bonds as aquamarine colored
lines. A sulfate ion, binding as a competitive inhibitor, is shown in the
active site. Note that Ser65 is shown as two crystallographic rotamers.49

VAP Inactivation. Wild-type VAP was inactivated quite
rapidly under low-salt conditions at room temperature, well
below the melting temperature of approximately 50 °C (Tm).
Our results indicated that this was not caused by dissociation of
dimers to inactive monomers or dissociation of metal ions from
the active site. We have previously reported that VAP can be
transformed to an inactive dimer by concentrations of urea not
suﬃciently high to cause full denaturation.12 This work adds the
information that this form of VAP is fully metalated (Figure 5). A
deprotonation event was apparently important for maintaining
the stability of the active site because T50% increased from 25.8 to
33.2 °C with an increase in pH from 8.0 to 10.5 in a low-ionic
strength buﬀer. The inactivated form was not easily converted
back to the active enzyme, as various experiments of ours with
that aim have failed. It may be suggested that some key residue
becomes locked in an unfavorable rotameric position by
association with a partner of an opposite charge, but further
studies of VAP variants are needed to substantiate this idea.
Direct measurements of the dimer−monomer equilibrium are
rare for APs. It is not trivial to obtain a signal for the dissociation
of the identical monomers using biophysical methods.
Sedimentation velocity experiments have been widely
used,50−53 as have size exclusion chromatography (SEC)12,53,54
and polyacrylamide electrophoresis.55,56 Some of these methods
involve interaction of the protein with a matrix that may perturb
the equilibrium.
Here, we measured the dimer dissociation constant for VAP by
measuring the speciﬁc activity after dilution. The dissociation
constant was greatly aﬀected by pH. The Kd was close to 1 nM at

■

CONCLUSION
We have shown that VAP is highly activated by anions and
displays a two-peak pH−activity proﬁle due to a suggested
conformational change in the pH range of 9.0−10.5. This
presumed conformational change leads to a loss of substrate and
product aﬃnity leading to a change in the rate-limiting step from
the last step (release of the noncovalently bound product)
toward dephosphorylation of the covalent intermediate. These
changes correlated with changes in tryptophan ﬂuorescence. The
eﬀect of NaCl on the activity is proposed to be 2-fold in nature.
First, the salt increased the rate of inorganic phosphate product
release by directly binding to a charged group in the active site,
most likely a Zn ion. This presumed binding of chloride to Zn
would also greatly stabilize the enzyme toward thermal activation
in the pH range of 8.0−10.5. Second, NaCl was shown to aﬀect
the dimer dissociation constant with a sigmoidal character at pH
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Sub-cloning of VAP to pET11a. A megaprimer PCR reaction was performed using chimeric
primers; sense primer: 5‘-CCC CTC TAG AAA TAA TTT TG TTT AAC TTT AAG AAG
GAG ATA TAC AT- ATG AAA CCA ATT GTT ACC GCA-3‘ and antisense primer 5‘-CAA
GGG GTT ATG CTA GTT ATT GCT CAG CGG-TCA TCA TTT TTC GAA CTG CGG
GTG G-3‘, where the underlined sequence denotes the target sequence containing StrepTag2
at the C-terminus of VAP via a two amino acid linker (Ser-Ala) and the forward primer
sequence contains the desired plasmid insert sequence (Figure S1). The PCR was done using a
Phusion polymerase kit (NEB) as described in Table S1. The megaprimer product from the
PCR was gel purified using Monarch® Gel extraction kit (NEB). If the gel purification was
omitted, some colonies would contain tautomeric inserts or unspecific incorporated inserts not
located at the multiple cloning site (data not shown). The overlap extension PCR was
performed as described in Table S1.

Figure S1: The map of the multiple cloning site of the pET11a plasmid shows the sense primer
flanking sequence in red and the antisense flanking sequence in blue. Figure was adapted from
NovaGen.
The original methylated template plasmids were digested with DpnI (Thermo Fischer) for 2h
before transforming competent TOP10 E. coli cells by adding 1 µl of the PCR solution to 50
µl of cells (OD600 0.2-0.4). Clones were then selected from LB agar plates containing 0.1
mg/ml ampicillin and colony PCR performed on 4 clones. Two positive clones from the colony
PCR were selected and plasmid purified on GeneJET Plasmid Miniprep Kit (Fermentas,
Lithuania) and sequenced (Genewiz, UK) to confirm 100% sequence identity.
Table S1: Settings for overlap extension PCR cloning. All PCR experiments were done in 1×
Phusion HF buffer, using 0.2 mM dNTP and 1 unit Phusion polymerase. For the megaprimer
PCR, the primer concentration was 0.3 µM per primer. For overlap extension PCR, the
megaprimer was used in 200x molar excess over plasmid (here 10 ng plasmid vs 400 ng
megaprimer insert).

Initial denaturation
Denaturation
Annealing
Extension
Final extension

Megaprimer PCR
98°C for 30 s
98°C for 10 s
63°C for 20 s
30x
72°C for 33 s
72°C for 10 min

Overlap extension PCR
99°C for 2 min
95°C for 50 s
60°C for 50 s
20x
68°C for 12 min
68°C for 12 min

VAP production in Lemo21(DE3). VAP gene was sub-cloned to pET11a, a T7 promoter
plasmid, where in previous studies from our laboratory a tetracycline promoter system was
used (pASK-3). A T7 pLysS E. coli modulated system has been previously used for production
of another cold-adapted alkaline phosphatase from Antarctic bacterium TAB5 in high yield
using autoinduction 1. Here we used a commercially available strain, E. coli Lemo21 (DE3),
which harbours the pLysS plasmid containing the sequence for T7 lysozyme under control of
the highly locked and titratable rhamnose promoter.2, 3 The biggest challenge for the E. coli
cell, when overexpressing a periplasmic protein such as VAP, is the saturation of the Secexport pathway leading to accumulation of unfolded and incorrectly folded intermediates who
usually end up in inclusion bodies. By adding rhamnose to the medium in the concentration
range of 0.0 - 2.0 mM, T7 lysozyme expression tempers the activity of highly active and
overexpressed T7 RNA polymerase, leading to highly titratable modulation of protein
expression.
Using the T7 E. coli Lemo21(DE3) system, instead of a tetracycline promoter system from
previous studies (pASK-3), VAP was expressed in very high yields. The highest yield was
achieved using 0.50 mM L-rhamnose in the medium (Figure S2). LB media gave the highest
yield of active protein produced per liter of culture (100 - 200 mg/L) when compared with
various enriched media tested (SOB, SOC, 2xYT, TB and SB media). Previously, using the
tetracycline promoter system, the typical protein yield was at best 2 - 4 mg/L culture. A crucial
factor in maintaining a high yield was proper aeration of the media, keeping the volume of the
medium no more than 1/5 of the volume of the culture flask and shake vigorously at 200-300
rpm. The lysate was purified in one step on a StrepTactin resin (binds to the C-terminus
StrepTag) as previously when using the tetracycline promoter system.4, 5 This reusable (up to
20-30x) affinity resin has shown to be very reliable in our lab, achieving 99% purity in one
step. An extra wash step with mild detergent (TritonX-100) was needed in some cases using

the T7 expression system and Lemo21(DE3) cells to achieve 99% purity. The purified enzyme
had same kcat, KM, and stability as when using the tetracycline promoter system
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Figure S2. Optimum L-rhamnose concentration evaluation. A starter culture of E. coli
Lemo21(DE3) was transformed with VAP pET11a plasmid and grown overnight in LB
medium containing 100 µg/ml ampicillin, 30 µg/ml chloramphenicol. This was back-diluted
1:100 to the same fresh media containing L-rhamnose ranging from 0-2000 µM and the cells
grown at 37°C. When OD600 reached 0.5 - 0.6 the protein production was induced with 0.4
mM IPTG and grown for 16-18 h at 18°C. The cells were then collected and lyzed as described
in materials and methods and the activity of the lysate assayed using the standard pNPP activity
assay. Activity shown on the y-axis corresponds to total enzyme units in the corresponding 8
ml culture.
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Figure S3: Determination of molar extinction coefficients for p-nitrophenol under various
conditions. The effects of ionic strength, pH and nucleophile on the absorption of paranitrophenol (pNP) was measured. A 5.00 mM aqueous solution of para-nitro phenyl phosphate
(pNPP) was allowed to fully hydrolyse in 1 µM VAP overnight. The hydrolysed solution was
then diluted to 1.00 mM in buffer (A) 50 mM Tris pH 8.0, (B) 50 mM Tris pH 9.0 and (C) 50
mM CAPS pH 10.5 with either addition of 500 mM NaCl or 1.0 M of a chosen nucleophile
(ethylene glycol, Tris or diethanolamine). A standard dilution was performed in the
concentration range 0.00 – 0.06 mM pNP and measurement performed at 405 nm. An average
molar extinction coefficient of 18.1 mM-1cm-1 was used for measurements at pH 8.0, 18.9 mM1

cm-1 for pH 9.0 and 19.0 mM-1cm-1 for pH 10.5.

Table S2. VAP enzyme steady-state kinetics at various pH.

25 ± 4
26 ± 4
88 ± 5

Ki
(phosphate)c
(µM)
22 ± 4
95 ± 13
58 ± 3

102 ± 8
243 ± 17
760 ± 39

19 ± 2
61 ± 5
495 ± 32

80 ± 9
99 ± 11
749 ± 41

484 ± 38
1480 ± 149
5210 ± 818

pH 8.0a

kcat
(s-1)

KM
(µM)

Control
0.5 M NaCl
1.0 M Trisb

35.6 ± 3,7
145 ± 11
351 ± 22

pH 9.0a
Control
0.5 M NaCl
1.0 M Trisb
pH 10.5a
Control
0.5 M NaCl
1.0 M DEAb

1.4  106
5.6  106
4.0  106

Fold activity
in 20% w/v
sucrosed
0.52 ± 0.02
0.79 ± 0.04
0.78 ± 0.02

P2/P1
formation
ratee
0.48 ± 0.03
0.49 ± 0.10
0.08 ± 0.03

15 ± 2
164 ± 12
172 ± 7

5,5  106
4.0  106
1.5  106

0.57 ± 0.05
0.73 ± 0.01
0.73 ± 0.02

0.33 ± 0.14
0.64 ± 0.47
0.05 ± 0.02

1460 ± 93
8640 ± 2180
7560 ± 1570

1.7  105
6.7  104
1.4  105

0.82 ± 0.05
0.96 ± 0.07
0.71 ± 0.03

0.68 ± 0.21
0.63 ± 0.37
0.04 ± 0.03

kcat/KM
(M-1s-1)

a

Activity was measured in 50 mM Tris for pH 8.0 and 9.0 and 50 mM Caps at pH 10.5 at
23°C using pNPP as a substrate in the range 0.0 – 2.0 mM.
b

For addition of Tris and DEA, the ionic strength was held constant at I = 0.59 M by NaCl
addition.
c

Competitive inhibition of inorganic phosphate was determined at 0.0 mM, 0.50 mM and
1.00 mM inorganic phosphate.
d Fold
e

activity is the activity present in 20% w/v sucrose vs. where no sucrose was added.

Fraction of inorganic phosphate product released (P2) vs. para-nitro phenol released (P1). P2
was assayed using the commercial enzymatic phosphate assay, PiPer assay (ThermoFischer)

Figure S4: Schematic representation of enzyme purification and preparation before assaying
Zn2+ and Mg2+.
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Abstract
Most enzyme exist as homodimers or as higher order multimers. The principles that govern the
tendency during evolution towards homodimers have been debated. Negative cooperativity is
an element that some homodimeric enzymes display, resulting in asymmetric interactions and
half-of-sites reactivity. Alkaline phosphatase (AP), a homodimer enzyme, has been shown to
negative harbor negative cooperativity, but it is largely unknown how the individual subunits
interact and mediate “cross talk” at the dimeric interface. We have previously found that the
cold-active AP from Vibrio splendidus (VAP) does transition into an inactive dimer which
remains structurally similar to the native state and fully metalated. Wanting to understand why
this dimer fails to catalyze phosphomonoester hydrolysis brought us to investigate the
interfacial contacts between subunits. Here, we chose to monitor the denaturation of the enzyme
by incorporating a bimane fluorescence probe at the interface. We found that VAP denatures in
a three-state process at pH 8.0 involving an inactive dimer intermediate, but no population of
folded monomers. Subtle changes in fluorescence at the interface were detected using the
bimane probe, indicating changes in interface interactions. The transition to an inactive dimer
in low salt medium was irreversible, but the inactivation event was prevented by 0.5 M NaCl,
where chloride presumably binds to Zn ion in the active site. We propose that the half-of-sites
reactivity of VAP involves dynamic networks of non-covalent bonds that channel through the
interface in each reaction cycle at a site close to the two-fold rotational axis.
Introduction
Quaternary protein structures shape the dynamical ensemble of conformations that accompany
the reaction pathway in multimeric proteins and often provide means of regulation. How
enzyme subunit interactions affect function is an experimentally challenging task. The benefit
of homodimer formation has been attributed to several factors, including increased stability by
formation of interface contacts 1, 2, providing extra sites for ligand binding 3, facilitating faster
folding to minimize occurrence of misfolded intermediates 4, and a mechanism for allosteric
regulation 5. Many homodimeric enzymes show evidence of cooperativity 6-11, and especially
negative cooperativity resulting in half-of-sites reactivity

8, 10

. Thus, the role of having two

identical subunits is likely in many cases to increase the conformational space through a
dynamical asymmetry, coordinated by interface contacts 12-14. These contacts often lie close to
the twofold rotational axis.

By comparing 100 crystal structures of homodimers, Brown 15 has identified registry slips at
interfacial antiparallel β-strands and axial shifts between antiparallel coiled-coils that avoid
steric clashes at the symmetry axis. In some cases, homodimers have a pre-existent structural
asymmetry resulting in half-of sites reactivity, as found in human caspase 9 16, E. coli aspartate
transcarbamoylase

17

and Rhodopseudomonas palustris fluoroacetate dehalogenase

18

. Other

examples indicate that half-of-sites reactivity is ligand/substrate induced, examples being
glyceraldehyde 3-phosphate dehydrogenase 19 and tryptophan-tRNA synthetase

20

.

Kinetic and structural analysis of AP from Escherichia coli (ECAP) and some mammalian
APs suggested negative cooperativity between subunits and a half-of-sites reaction mechanism
21-27

. This type of reaction mechanism has been doubted by others 28-30. We previously obtained

evidence using molecular dynamics calculations for dimer asymmetry in VAP, the cold-adapted
AP from Vibrio splendidus

14

. Yet, it is still experimentally unconfirmed how changes in

dynamics allow for such half-of-sites mechanism.
Several earlier experiments were conducted in order to answer the question of subunit
individuality in APs. Bloch and Schlesinger (1974) hybridized an inactive ECAP variant with
the wild-type, which showed half the activity of the wild type enzyme 31. This suggested that
only one subunit is needed for catalytic activity. Furthermore, inactive monomers have been
frequently observed for ECAP, indicating that monomers are not independent
example of active dimers come from Levinthal

35

32-34

. Further

who made an active hybrid AP dimer from

individual monomers of E. coli and S. marcescens, despite only 74% DNA sequence identity.
More recently, Hehir et. al (2000) characterized the ECAP heterodimer variants produced
earlier by Schlesinger

21

and showed intragenic complementation for these heterodimeric

variants. Most of the mutated variants where located at the active site and many where metal
ion coordinates 36. Thus, these results do suggest that an interface is needed to properly form
the active sites by some global residue positioning induced through the interface.
ECAP has a unique N-terminal interface domain which is stabilized by knobs to holes intersubunit coiled-coil antiparallel packing. In fact, out of the 46 published crystal structures of
ECAP (wild-type and mutated enzyme variants) the one with the highest resolution (pdb: 3TG0;
1.2 Å) 37, shows interfacial asymmetry at the N-terminal helix by an axial shift which causes
L33 of one helix to pack between the helixes on the opposite subunit while the other L33 faces
the protein core and causes R34 to adopt different a rotamer position. The other published
structures show much less side-chain variation in that area. N-terminal trypsin digestion at the
N-terminus of ECAP, which caused cleavage at R11 or R34, decreased the catalytic rate of
ECAP and decreased thermal stability 38, 39. Furthermore, digestion at R34 in one monomer of

ECAP forming a hybrid, resulted in similar catalytic properties as the enzyme cleaved at both
subunits 40. Thus, the unique N-terminus of ECAP might be involved in half-of-sites reactivity
as well as being crucial for stability. This N-terminal helical domain is missing in VAP, which
instead has a large interface loop which hovers over the active site of the other monomer. No
structural asymmetry has been reported at the two-fold rotational axis in the VAP crystal
structure in terms of rotamers 41.
We have previously shown that VAP can adopt different conformers by bringing the pH from
7 to 10.5, and that VAP's activity and stability is greatly affected by salt ions 42. Furthermore,
we have discovered that VAP is particularly sensitive to heat (room temperature) and urea,
where the inactivated enzyme seems to be fully metallated with two Zn2+ and one Mg2+ per
monomer, and still exists as a dimer 42, 43. This has brought us to investigate further the nature
of the inactivated dimer, which could shed light on how the subunits interact asymmetrically.
Here, we investigated in detail the denaturation of VAP at various conditions, such as pH and
different ionic strength. We used the tryptophan and tyrosine induced quenching (TrIQ/TyrIQ)
of the fluorescence probe bimane for dimer/monomer equilibrium studies as previously
described 44, 45. Bimane is intrinsically quenched by Trp and Tyr in a defined sphere of 15 Å for
Trp

44

and 10 Å for Tyr

45

, where optimally, a phenylalanine residue should act as a non-

quencher control for the Trp/Tyr quencher positions 45. Thus, we rationally incorporated bimane
at the dimer interface juxtaposing either Tyr or Trp on the other monomer to elucidate the
correct model for dimer dissociation and denaturation and to probe for subtle changes at the
dimer interface during inactivation. Results indicated that upon inactivation by urea the enzyme
is transitioned to an inactive dimer where interface interactions have been altered.
Materials and methods
Materials. Chemicals were obtained from Sigma-Aldrich (Schnelldorf, Germany) or Merck
(Darmstadt, Germany) unless stated otherwise. FluroPure™ grade mono-bromo bimane
(mBrB) was purchased from Molecular Probes (ThermoFischer). Urea ReagentPlus® 99.5%
was obtained from Sigma.
Generation of enzyme variants. VAP tagged with StrepTagII (WSHPQFEK) at the Cterminus via a two-amino acid linker (Ser-Ala) was previously sub-cloned to a pET11a vector
42

. Site-directed mutagenesis was performed using the QuikChange® method (Stratagene)

following the manufacturer’s protocol. Oligonucleotide primers were synthesized by TAG
(Copenhagen, Denmark). Mutated plasmids were transformed into XL10-Gold® competent

cells (Agilent) and the plasmids purified on GeneJet® plasmid silica columns (Fermentas) using
the manufacturer’s protocol and then sequenced to confirm the mutated sequences (Genewiz,
UK).
Enzyme production. Enzyme variants were expressed in Lemo21(DE3) cells (NEB), and
purification done in one step on a StrepTactin column by a protocol that has been described
elsewhere

42

. The enzyme was eluted in 25 mM Tris, pH 8.0, 10 mM MgCl2, 2.5 mM

desthiobiotin, with 15% v/v ethylene glycol added as a storage medium to prevent frost damage.
Enzyme purity was judged to be 95-99% pure by SDS PAGE on 4-12% bis-Tris NUPAGE®
gels (Life technologies). Enzymes where snap frozen and stored at -20°C and never used in
analysis after more than one freeze/thaw cycle.
Fluorescent labeling of enzyme. Enzymes were labelled while protected from light in 20
mM Mops, 2 mM MgSO4, pH 7.5 at 4°C overnight with mBrB at 1 mM, added from a 100 mM
stock in acetonitrile. The concentration of enzyme varied from 25-50 µM. The enzyme was
applied to an Amicon® Ultra 2 ml spin-filter with a 30 kDa cutoff (Millipore) to remove excess
probe. The dilution factor during filtration was at least 10.000-fold and was not deemed
sufficient unless the probe absorbance in the flow through at 380 nm was reduced to zero
(0.000). mBrB is mostly non-fluorescent, but is broken down to a fluorescent product by
photolysis

46

. Thus, to make sure the excess unreacted probe was well below background

fluorescence of the enzyme bound probe, the fluorescence of the samples was monitored shortly
under constant excitation. If the emission rose with time under excitation, then unreacted probe
was still present.
Labeling of the enzyme while still bound on the StrepTactin affinity column at the end of the
purification procedure was much less efficient than when done in solution. For in-solution
labeling, the labeling efficiency was between 40% and 100% for all variants
Labelling yield was determined by absorbance spectroscopy, using molar extinction
coefficients of ε380 = 5000 M-1cm-1 and ε280 = 61310 M-1cm-1 for bimane and VAP monomers,
respectively. For enzyme variants, where either Trp or Tyr where introduced or substituted, a
value of 5500 M-1cm-1 or 1490 M-1cm-1 was either subtracted or added to the enzyme's molar
extinction coefficient (ε280) for Trp and Tyr respectively 47. The probe’s absorbance at 280 nm
(almost neglectable) was subtracted in the calculations for enzyme concentration.
Labelled enzyme variants were generally used directly for analysis, but in some cases, they
were snap frozen in liquid nitrogen for later analysis. One freezing cycle was not shown to
affect the activity of the enzyme or fluorescence of the bimane probe.

Enzyme kinetics. Steady state kinetics were conducted at 10°C in 0.10 M Caps, 0.50 M NaCl,
1 mM MgCl2, pH 9.8. Concentration of para-nitrophenyl phosphate (pNPP) was varied between
0 – 2.0 mM and the initial activity rate measured by the absorbance change at 405 nm over 30
s period using a temperature controlled Evolution 220 spectrophotometer (Thermo Scientific).
The exact concentration of pNPP was measured a few hours later after full hydrolysis of the
substrate in the cuvettes, by measuring the absorbance at 405 nm using ε405 = 18500 M-1cm-1.
Enzyme concentration was measured at 280 nm using ε280 = 61310 M-1cm-1 for VAP
monomers. KM and kcat were determined by non-linear fit to the Michealis-Menten equation
using GraphPad Prism®.
Urea denaturation. Samples were incubated overnight (14-16 h) at 10°C in 25 mM Mops, 1
mM MgSO4, pH 8.0 or 25 mM Caps, 1 mM MgSO4, pH 10.5 with urea ranging from 0.0 – 6.0
M (added from 8.0 M stock). For bimane-labelled variants, the samples where diluted to A380
= 0.001, where the dilution factor from labeled stock was at least 20-fold (stock A380 > 0.020).
When only Trp fluorescence of the wild type was monitored, the enzyme concentration was
generally 0.04 mg/ml.
Enzyme activity after urea incubation was measured at 25°C in 1.0 M diethanolamine, 1 mM
MgCl2, pH 9.8 using 5 mM pNPP as substrate by monitoring the absorbance change at 405 nm
and applying ε405 = 18500 M-1cm-1.
Fluorescence measurements. All steady state fluorescence measurements were done on a
Horiba FluoroMax4-P. For bimane labelled samples, bimane fluorescence was monitored by
excitation at 380 nm and the emission measured from 400-600 nm using slit width of 3 nm and
5 nm for excitation and emission respectively. Trp fluorescence was monitored by exciting
samples at 295 nm and monitor the fluorescence from 310-400 nm using slit widths of 2 nm
and 4 nm for excitation and emission respectively. The bimane probe absorbs slightly at 295
nm and gives a negligible fluorescence background in the Trp fluorescence measurements. The
wavelength of maximum fluorescence (λmax) was calculated by fitting the spectra to a 3rd degree
polynomial (y = ax3 + bx3 + cx + d, where y is the fluorescence intensity and x the wavelength)
in the range ± 20 nm from the expected value. To acquire λmax, the roots of the first derivative
were solved using the quadratic equation for the polynomial.
Time-resolved measurements were performed on a Horiba FluoroMax4-P equipped with a
FluoroHub time-correlated single photon counting (TCSPC) system. A NanoLED N370 (370
nm ± 10 nm) from Horiba, which gives a pulse width of <1.2 ns, was used as an excitation

source at 1 Mhz. The emission monochromator was set to 470 nm with slit width of 5 nm, and
emission decay rate was measured at 10°C. The instrument prompt was acquired using Ludox
colloidal silica at a similar channel stop/start count ratio as for the measured decay, using the
same settings except the emission wavelength was set to 370 nm (source excitation maximum).
The decay was fitted to a three-exponential model using deconvolution analysis: I(t) = α1⋅ e−t/τ1

+ α2⋅ e−t/τ2 + α3⋅ e−t/τ3 where I is the emission count, αi is the preexponential factor of the i'th
component, t is time and τi is the lifetime for the i'th component. Then, the relative amplitudes

were derived by: ƒi = αi/∑αI, where ƒ is the relative amplitude and αI the sum of all the
preexponential factors. The average lifetime, <τ> could then be derived using the equation: <τ>
= ƒ1τ1 + ƒ2τ2 + ƒ3τ3. Deconvolution of the prompt was needed to decrease noise in the first
channels due to a a 'rebound' occurring at the detector level where photons hit the photon
multiplier tube (PMT) then bounce to the detector's glass and then hit again the PMT (this is
known by the manufacturer to occur with the N370 LED while using PMT of the R928P type
(Personal communication).
Fitting models for VAP denaturation. Generally, fitting strategies described in Walters et
al. were used for evaluation of free energy change between enzymatic states 48. The change in
free energy ∆Gi is related to the equilibrium constant Keq for the transition (i) as such:
∆Gi =
− RT ln( K eq )

(1)

where R is the gas constant and T the absolute temperature.
The linear extrapolation method was used to estimate ∆Gi(H2O) at zero denaturant
concentration for each transition (i) 49.

∆Gi =
∆Gi (H 2O) − m[urea]

(2)

At pH 8.0, VAP unfolding can be described by a three-state model, where the fraction of native
monomers is not populated:
KI

Ku

N 2  I 2  2U

(3)

where N2 is the native dimer, I2 a dimer intermediate (inactive) and U the unfolded protein. The
equilibrium constant for each transition is described as K I = [I 2 ]/[N 2 ] and K u = [U]2 /[I 2 ] . It can
be calculated as:

K I= (1 − f1 ) / f1
=
K u 2 PT (1 − f 2 ) 2 / f 2

(4)
(5)

where PT is the total monomer concentration, ƒ1 is the fraction of protein in the native active
state with

f1 = [I 2 ]/[N 2 ], and ƒ2 the fraction in the dimer intermediate state with

f 2 = 2[I 2 ]/(2[I 2 ]+[U]) . KI was determined using activity measurements where ƒ1 at zero molar

urea was set to 1.0 as a relative constant. For Ku the ƒ2 at each measurement was determined
using Trp fluorescence by normalizing the signal with the pre/post slope normalization method
49

.
For measurements done at pH 10.5, the denaturation was a two-state process with no

populated intermediates:
Ku

N 2  2U

(6)

Here, Ku was calculated as in Eqn. (5) but ƒ2 becomes: f 2 = 2[N 2 ]/(2[N 2 ]+[U]) . Either Trp
fluorescence or activity measurements as a function of urea could be used to evaluate Ku at pH
10.5.
Refolding/reactivation experiments. For refolding experiments, enzyme between 0.1-0.2
mg/ml was pre-incubated in urea at 4.0 M urea overnight (14-16 h) at 10 °C in 25 mM Mops,
1 mM MgSO4, pH 8.0. Samples were then diluted 10-times in the same buffer with various
added salts (MgSO4, MgCl2, Na2PO4). The samples where then immediately added to a quartz
fluorescence cell (20-30 sec mixing time) and emission recorded at 330-370 nm with 295 nm
excitation using slit-widths of 5 nm for both emission and excitation. Emission spectra were
then continuously recorded for a 30-min period. This caused slight photobleaching of the
sample with time, but did not affect the wavelength of maximum intensity λmax. Before diluting
the sample, the emission intensity was recorded using the same settings as above, except the
excitation slit-width was set to 2 nm (time zero). The λmax value was calculated as described
previously.
The reactivation experiments were conducted identically as the folding experiments at 2.0 M
urea (completely inactive) or 0.4 M urea (approximately half activity). Activity was measured
as described above. Initial activity was measured in the sample before urea addition.

Results
Fluorescence labeling of VAP with monobromobimane (mBrB). VAP was labelled with
mBrB at two regions at the dimer interface for the tryptophan and tyrosine induced quenching
(TrIQ/TyrIQ) strategies, where either Trp or Tyr served as intermolecular quenchers for the
bimane fluorophore. The dimer of APs has a twofold symmetry (as most homodimers) with an
isologous interface. Thus, residues at the interface are not in symmetric positions except close
to the twofold rotational axis. Thus, the Cys residues that we introduced in each monomer, in
order to attach the bimane probe, did not face each other and form a disulfide. The residues in
VAP that can interact symmetrically across the interface are distributed evenly along the
twofold rotational axis and are four in total; located at I50-G51, P16-N17, W460-G461 and
N433-E434 (lime-green diamonds in Figure 1). Such point symmetries are usually located in
antiparallel beta sheets of homodimers (as observed in locations 1 and 3 of Figure 1 in VAP)
and less commonly in antiparallel coiled-coil contacts that are packed by ridges to grooves
topology (location 2 in VAP in Figure 1). The ECAP N-terminal helix also serves as an
example. However, it is fairly uncommon to find these symmetrical interactions at more flexible
loop regions (which is the case for location 4 in Figure 1) 15.
The first labeling site that was chosen is located on a short loop juxtaposing F355 (native nonquenching control) at the base of the large interface loop of the other monomer (Figure 1, right
inset). This site was chosen due the fact that the enzyme variant F355W has been found to have
identical kinetic properties as the wild type
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. Thus, it is a minimally perturbing mutation

despite the fact that this site is also located close to the active site at the base of the large surface
interface loop and close to symmetric point 2. Cys was introduced at each position in the loop
formed by residues 58-61 (E58C, D59C, A60C, I61C). Their α-carbon distances from F355 at
the other monomer are shown in Figure 1. The shortest distance is 6.0 Å for A60-F355 and the
longest 10.0 Å for E58-F355. Since A60C would be the most optimally quenched site for the
bimane fluorophore in this loop, a Trp residue replacing Phe was introduced at site 355 for that
variant (A60C/F355W) to act as intrinsic quencher.
In the second site we studied, Cys was incorporated at K486C, close to symmetric-point 1,
which has α-carbon distance of 7.6 Å to Y42 of the other monomer (Figure 1). A Y42F variant
was used as a control for the TyrIQ (K486C/Y42F), which also resulted in loss of hydrogen
bond between K486 and Y42.
Two labeling control sites, one located at an exposed position in the crown domain (S373)
and the other at the large interface loop (S337), were used to evaluate the effect of introducing

bimane at exposed positions. These two sites have previously been labelled in VAP with a
methanethiosulfonate spin-label 50.

Figure 1. The locations of altered residues in the VAP crystal structure (PDB: 3E2D). Cys was
introduced at the interface shown in red in the expanded views (E58C; D59C; A60C; I61C; K486C) and
at the surface in positions meant to serve as labeling controls lime-green (S337C and S373C). Red
arrows point towards the two independent active sites where the Mg2+ ion in the M3 site is shown in
green and the two Zn2+ ions for each active site are shown in purple. Highlighted in blue are the two
residues F355 and Y42 that were meant to act as intermolecular fluorescence quenchers of bimane in
the TrIQ/TyrIQ strategy. Their α-α carbon distances from the labelled site are indicated. Lime-green
diamonds show the point symmetries at the two-fold rotational axis of the residue pairs I50-G51, P16N17, W460-G461 and N433-E434, respectively.

VAP has one native Cys residue which was not possible to label in the native state due to low
accessibility at that site (Figure S1). This was convenient, since the C67S variant that would
have been needed in order to introduce bimane singularly at other sites, has 40% lower kcat than
the wild-type 50. However, with the enzyme unfolded in 4 M urea, the C67 site was near 100%
labelled (data not shown). The absorbance maximum was similar for all the variants, ranging
from 381-388 nm (free probe in buffer = 396 nm)
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. The fluorescence emission maximum

(λmax) ranged from 464-474 nm, where VAP variants A60C and A60C/F355W had the most
blue-shifted emission spectra and were thus likely the most buried. The surface location of the

S337C and S373C controls was reflected in emission maxima at 474 and 472 nm, respectively.
Thus, in the other variants the bimane probe was in a slightly buried position, except in K486C
which had emission maximum at 473 nm.
Table 1. Kinetics and labeling of VAP variants.
Labeling

λmax

λmax

kcat

efficiency

abs
(nm)

emm
(nm)

(s )

(mol/mol)
c

a

-1 b

KM

kcat/ KM

(µM)

(s M )

-1

-1

-1

6

-

-

-

302 ± 20

194 ± 30

1.6 x 10

E58C

0.49

388

471

45 ± 7

390 ± 64

1.2 x 10

D59C

0.76

386

471

106 ± 16

318 ± 40

3.3 x 10

A60C

0.63

382

468

105± 7

373 ± 27

2.8 x 10

I61C

0.64

386

470

49 ± 4

260 ± 31

1.9 x 10

-

-

-

255 ± 56

218 ± 20

1.2 x 10

A60C/F355W

1.05

387

464

6±2

314 ± 19

1.9 x 10

K486C

0.43

381

473

195 ± 12

138 ± 36

1.4 x 10

Y42F

-

-

-

262 ± 33

258 ± 29

1.0 x 10

K486C/Y42F

0.60

383

473

83 ± 10

134 ± 9

6.2 x 10

S337C

0.42

385

474

92 ± 10

208 ± 22

4.4 x 10

S373C

0.35

384

472

82 ± 18

220 ± 35

3.7 x 10

c

5
5
5
5
6
4
6
6
5
5
5

KM

(labeled) (labeled)
(s )

WT

F355W

kcat

(µM)

kcat/ KM
(labeled)
-1

-1

(s M )

-

-

-

24 ± 4

382 ± 52

6.3 x 10

69 ± 12

252 ± 25

2.7 x 10

41 ± 7

213 ± 22

1.9 x 10

10 ± 3

143 ± 17

7.0 x 10

-

-

-

2 ±1

185 ± 21

1.1 x 10

265 ± 27

250 ± 24

9.7 x 10

-

-

-

91 ± 7

167 ± 21

5.4 x 10

102 ± 18

323 ± 45

3.2 x 10

70 ± 5

241 ± 39

2.9 x 10

4
5
5
4

4
5

5
5

a

Protein concentration was evaluated using A280 and by subtracting the label contribution at 280 nm.
Bimane concentration was calculated using ε380 = 5000 M-1cm-1. Absorbance spectra can be found in
Figure S2.
b
Enzyme kinetics were performed in 0.10 M Caps, 1 mM MgCl2, 500 mM NaCl, pH 9.8 °C (10°) using
para-nitrophenyl phosphate (pNPP) as substrate.
c
Data from reference 43.

The emission decay spectra for bimane labelled variants were all fitted with three-variable
exponential fits as shown in Table S1. Due to photon rebound seen in the instrument prompt in
the first channels (∼ 1.0 ns) using the 370 nm LED excitation source, it was hard to accurately
determine the shortest lifetime (1-2 ns). Thus, deconvolution analysis for the prompt was used.

5

In all cases, the bimane probe showed three lifetimes (short, medium and long), which is not
uncommon for the bimane probe

44, 45

. For the loop 58-61 variants, the lifetimes were quite

similar, except that the amplitude distribution varied. The average lifetime <τ> was lowest for
the E58C labelled site (3.5 ns), which is likely due to proximity to Y77, an intramolecular
quencher (α-carbon distance 5.4 Å). Incorporation of a Trp residue to position 355 (F355W)
had a small effect on the emission decay, where the average lifetime <τ> decreased from 6.9 ns
to 6.6 ns, indicating that the dynamic quenching component of F355W was small. However,
when measuring the decay of the unfolded A60C/F355W variant the average lifetime increased
to 10.0 ns, indicating that in the folded state the bimane probe attached to A60C was quenched
by other means (main chain or other residues). This average lifetime was similar to the S337C
control located at an exposed site. Furthermore, the steady-state emission spectra of A60C
compared to A60C/F355W shows that the emission increased slightly when F355W is
introduced (Figure 2A). This increase in emission might be caused by the bimane probe being
more buried and excluded from the solvent in the A60C/F355W variant, since the λmax
decreased from 468 nm to 464 nm.
A similar trend was seen for the K486C bimane-labelled variant. Comparing the steady-state
emission of K486C (with Y42 as quencer) and K486C/Y42F (absence of quencer) there was
little change in emission (Figure 2C) or in the emission decay (Figure 2D).
Effect of labeling on enzyme kinetics. We have previously observed that incorporation of
Cys residues to various sites in VAP decreased the activity of the enzyme substantially 50. Here,
all of the Cys replacements decreased the kcat and most of the substitution increased the KM
(Table 1). For the single Cys incorporations, the kcat was lowest for E58C and I61C, being about
15% of the wild-type. Incorporation of the bimane label decreased kcat further for all the loop
58-61 variants (E58C, D59C, A60C, I61C) while the KM decreased for D59C, A60C and I61C.
For the S337C and S373C variants (labeling controls), there was no change in kcat after labeling,
but the KM increased for S337C after labeling (this residue is located on the large interface
loop). The K486C substitution had a lesser impact on kcat compared to the other interface
variants, being 65% of the wild-type and KM was slightly reduced. Furthermore, when the
bimane label was introduced at site K486C, the kcat increased with a subsequent increase in KM
, this variant being similar to the wild-type without the biamane attached. In the double variant
K486C/Y42F, the kcat decreased further compared to K486C but the KM was similar. The Y42F
mutation by itself did not affect the enzyme kinetics.

Figure 2. Bimane fluorescence of the interface residues A60C and K486C in VAP. (A, C) Bimane
emission spectra of A60C/F355W, K486C and their phenylalanine analogs (controls), A60C and
K486C/Y42F. (B, D) Lifetime decays of bimane probes at positions K486C and A60C. The instrument
prompt is shown in blue. Enzymes were measured in 25 mM Mops, 1 mM MgSO4, pH 8.0 at 10°C.

The most intriguing kinetic result was seen for the double variant A60C/F355W, where kcat
was only 2% of the wild-type and the KM increased by 60% resulting in a kcat/KM of less than
1% compaired to the wild-type. Interestingly, the F355W mutation on its own had no effect on
the kinetic constants, but lost its neutrality when accompanied by the second mutation in
A60C/F355W. This pairing had a dramatic effect on the functional parameters for catalysis.
Furthermore, the A60C/F355W variant was difficult to express with only 10% of the culture
yield compaired with the other Cys variants (K486C and K486C/Y42F were also problematic).
TrIQ/TyrIQ fluorescence quenching at the interface follows the main denaturation steps
of VAP. Previously, we have shown that the urea denaturation mechanism of VAP involves an
inactive dimer intermediate 43. We have wondered if folded, inactive monomers are populated

during the unfolding process (N 2  I 2  2I  2U), or if they co-unfold as the dimer
dissociates (N 2  I 2  2U) . By inducing the dimers to dissociate by dilution and measuring
the specific activity of the enzyme, the dimer dissociation constant has been reported to be in
the 1-20 nM range, depending on pH and the presence of ions 42. This gives a free energy change
for dimer dissociation of 44-54 kJ/mole. We were curious to see if the inactivation (N 2  I 2 )
or dimer dissociation could be detected using bimane fluorescence at the selected sites (A60C
and K486C) since bimane is both sensitive to changes in polarity and intrinsic quenchers
(mainly Tyr and Trp) and would give a local signal at the dimer interface.
For the A60C/F355W variant, the denaturation process was a three-state process using bimane
fluorescence as a probe, while the Trp fluorescence curve was two-state (Figure 3A). The first
transition in the bimane curve correlated with a drop in activity. However, it should be noted
that for the wild-type the fall in activity and the Trp fluorescence transition did not overlap at
pH 8.0 as seen here for A60C/F355W (see later in Figure 5) and the transition was much steeper
for the wild-type (higher m-value) than for the A60C/F355W and A60C variants. Thus, the
A60C substitution (and/or labeling) resolved the signals of the two transitional events producing
a two-state bimane denaturation curve (Figure 3B). For A60C, the midpoint of the Trp
fluorescence curve denaturation was slightly higher than for bimane, which could be due to a
destabilization caused by bimane labeling (labelling efficiency ~ 60%). In other words, the Trp
fluorescence might have reflected the whole population of molecules, but bimane fluorescence
only the labeled enzyme molecules, the latter being less stable.
Similarly, as for A60C/F355W, the structural transition of the K486C labeled variant was
three-state as reflected in the bimane fluorescence (Figure 4A). The Trp fluorescence, however,
indicated a two-state unfolding process and like the wild-type had almost no overlap with the
activity transition. The bimane-labelled K486C/Y42F variant showed a two-state transition for
both bimane and Trp fluorescence (Figure 4B). Again, a slight destabilization was caused by
the bimane label incorporation. Bimane urea curves for all the other Cys variants in the present
study showed a two-state unfolding pathway (Figure S3).

Figure 3. Urea denaturation of the A60C/F355W (A) and A60C (B) VAP variants labelled with the
bimane fluorescence probe. After labeling, samples where incubated overnight in 25 mM Mops, 1 mM
MgSO4, pH 8.0 with urea ranging from 0-6 M and subsequently assayed for bimane- and tryptophan
fluorescence as well as activity. Fluorescence states were monitored by the change in the intensity ratio
of 355/340 nm and 468/475 nm for Trp and bimane fluorescence, respectively (right axis).

Figure 4. Urea denaturation of K486C (A) and K486C/Y42F (B) VAP variants labelled with the bimane
fluorescence probe. After labeling, samples where incubated overnight in 25 mM Mops, 1 mM MgSO4,
pH 8.0 in urea ranging from 0-6 M and subsequently assayed for bimane- and tryptophan fluorescence
as well as activity. Fluorescence states were monitored by the change in λmax which was normalized.

The free energy for VAP denaturation under different conditions. The results from the
TrIQ/TyrIQ denaturation in Figures 3 and 4 indicated a change in the surroundings of the
bimane probe upon inactivation regarding polarity of interacting groups. To see if the
inactivation was enzyme concentration dependent, urea denaturation was performed under two
enzyme concentrations (0.70 and 0.070 µM) at pH 8.0 (Figure 5A). This would indicate if dimer
dissociation was a key event. The deactivation transition was not enzyme concentration
dependent, whereas the Trp fluorescence denaturation midpoint was shifted towards lower
value with lower concentration of enzyme. This indicated that the folded monomers are not
populated in the denaturation process and co-unfold as the dimer dissociates

(N 2  I 2  2U). Thus, there is likely a link between folding of the enzyme and association
of monomers when produced on the ribosomes.
Reactivation of VAP was attempted after incubation in 0.4 M or 2.0 M urea. The former urea
concentration was known to reduce the VAP activity by about 50% without influencing signals
from structural probes, whereas the latter concentration produced a completely inactive
enzyme. The activity was only slightly recovered by dilution in the presence of inhibitor ions
(SO42- or PO42-) used as active site scaffolds in the reactivation buffer (Figure 6A). The assay
was performed with a dilution factor that would be sufficient to relieve any inhibition.
Magnesium had no effect on reactivation in either case, and without the inhibitor ions the
activity decreased with time after dilution (MgCl2 columns in Figure 6A)
The difficulty in reactivating VAP was compared with recovery of folded structure of VAP
as gauged by the blue-shift in maximum of the fluorescence signal. This was not completely
reversible by a 10-fold dilution after unfolding the enzyme (4.0 M urea) in buffer containing
different ions that might support the native structure. The recovery of folded enzyme was much
more efficient in the presence of magnesium or the inhibitor ions, phosphate and sulfate
(MgSO4 delivers both). The refolding was a quick process, reaching a plateau in approximately
1 minute (Figure 6B). However, the enzyme did not reach full hydrophobic packing, since the

λmax, an indication of solvent accessibility of Trp residues, did not recover to the native value.

Figure 5. VAP urea denaturation under different conditions. (A) Dependence of enzymatic state
transitions induced by urea on enzyme concentration. Samples were incubated overnight in 25 mM
Mops, 1 mM MgSO4, pH 8.0 at 10°C with various concentration of urea ranging from 0-6 M. The
enzyme was also incubated under the same conditions as in (A) with the addition of 0.5 M NaCl (B) or
10 µM ZnCl2, (C). Furthermore, the enzyme was studied in 25 mM Caps, 1 mM MgSO4, pH 10.5 (D)
and 25 mM Caps, 1 mM MgSO4, pH 10.5 + 0.5 M NaCl (E).

Activity was used to reflect the N 2  I 2 transition and Trp fluorescence was used to monitor
the I 2  2U transition (Table 2). These could be treated as separate steps since no free folded
monomers appeared. At pH 8.0, the ∆G for inactivation was only 2.7 kJ/mol (less than the
strength of one hydrogen bond) and 9.8 kJ/mol with 0.5 M NaCl present (Figure 5B and Table
2). Mg2+ ions did not affect the inactivation curve but the enzyme's activity was very sensitive
to low concentrations of Zn2+ which also influenced the way urea at low concentration affected
VAP. Thus, at 10 µM Zn2+, the ∆G was 1.7 kJ/mol for the structural change that promoted
inactivation (Figure 5C) compared with the 2.7 kJ/mol mentioned above. Furthermore, the
initial activity in the absence of urea was only 10% with 10 µM Zn2+ compared to no addition.
At pH 8.0, the ∆G for the combined dimer dissociation and monomer unfolding (I 2  2U)

was 48 kJ/mol in buffer and 65 kJ/mol with 0.5 M NaCl present. Zinc (10 µM) had no effect
on this transition.

Figure 6. Refolding and reactivation of VAP. (A) Reactivation was tried after incubation in either 0.4
M urea or 2.0 M urea for 4 h by 10-fold dilution in the same buffer without urea (25 mM Mops pH 8.0)
but containing MgCl2, MgSO4 or Na2HPO4. Activity was measured as described in Materials and
Methods after different time points. The activity at time zero (measured before dilution) is shown as
dotted lines for 0.4 M urea (the upper dotted line) and 2.0 M urea (lower dotted line). (B) Refolding.
Samples were incubated in 4.0 M urea for 4 h and then diluted 10-fold in the same buffer without urea
(25 mM Mops pH 8.0) containing MgCl2, MgSO4 or Na2HPO4. The Trp emission λmax value was then
determined. The dotted lines in the bottom of the graphs denotes the λmax value for the native state
without urea addition, for clarity.

Table 2. VAP free energy for denaturation.
∆G (kJ/mol)a
N2  I2
pH 8.0

pH 10.5
a

∆G (kJ/mol)b
I 2  2U (pH 8.0)

N 2  2U (pH 10.5)

∆G
(kJ/mol)c
N 2  2U

Conditions
Bufferd
Buffer + 0.5 M NaCl
Buffer + 10 µM Zn

2.7 ± 0.3
9.8 ± 1.6
1.7 ± 0.2

48 ± 2
65 ± 4
43 ± 2

-

Bufferd
Buffer + 0.5 M NaCl

-

57 ± 1
62 ± 2

58 ± 5
51 ± 6

Activity vs. urea was used to probe the formation of the inactive dimer intermediate at pH 8.0.
Trp fluorescence vs. urea was used to monitor the dissociation/unfolding of the dimer.
c
At pH 10.5, activity overlapped with Trp fluorescence urea transitions and could thus also monitor the
dissociation/unfolding of the dimer.
d
At pH 8.0 the buffer composition was 25 mM Mops, 1 mM MgSO4 and at pH 10.5 it was 25 mM Caps,
1 mM MgSO4.
b

At pH 10.5, the active site stability of VAP was greatly enhanced due to a possible
conformational change
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, the enzyme being inactivated at similar concentration of urea as

needed to unfold the enzyme (Figure 5D). Thus, the model for inactivation became different
from that at pH 8.0 being N 2  2U, where the deactivation and Trp fluorescence transition
overlapped completely and either activity or Trp fluorescence reflected the total ∆G. The ∆G at
pH 10.5 was estimated at 57 kJ/mol as monitored by Trp fluorescence and 58 kJ/mol using
activity. With the addition of 0.5 M NaCl at pH 10.5, there was no significant change in this
∆G value (Figure 5E). However, there was a gradual increase in activity at urea concentration
in the range 0-1 M with 0.5 M NaCl present which peaked at 120% of the initial activity. This
was seen both at pH 8.0 and pH 10.5 (Figure 5B, E). Similar activation has been reported for
other APs induced by low GdmCl concentrations 51, 52.
Discussion
Specific considerations relating to the TrIQ/TyrIQ method. The distance dependent
quenching of bimane fluorescence probe by tryptophan or tyrosine (TrIQ/TyrIQ), the method
that we employed in this paper, was successfully used earlier to monitor hinge-bending in
lysozyme 45 and lid movements in Thermomyces lanuginosus lipase 53. It was well established
by labeling lysozyme at different sites, that Trp and Tyr residues in proteins quench bimane
fluorescence in a well-defined spherical quenching radius

44, 45

. However, for VAP, when

bimane was introduced at sites juxtaposing a Trp or Tyr present on the other subunit, no
quenching was observed in the native state (Figure 2). The VAP crystal structure was used to
measure the α-carbon distances between the bimane and quencher in the various variants and
this was deemed to be inside the sphere of quenching, at least for dynamic quenching
(collisional). Furthermore, for the A60C/F355W variant, the distance was only 6.0 Å, where
according to theory, bimane should be highly quenched.
What could cause these deviations from expectation based on prior results of others? One
explanation could be that VAP is a cold-active enzyme and is more flexible and mobile than
the mesophilic lysozyme model resulting in less pronounced static quenching component due
to rapid motility. A more likely reason is that the loop under study (residues 58-61) adopts
another conformer on average in solution than in the packed crystal lattice, or is very mobile in
solution. The third reason might be that the defined sphere of TrIQ/TyrIQ quenching is more
valid for intramolecular quenching than intermolecular quenching. Having said that, we cannot
rule out that the mutations themselves might have promoted distortion of the interface,

especially in the A60C/F355W variant which was close to inactive and showed a blue shift in
λmax emission. Nonetheless, it was clear that the lifetime of the bimane probe and its emission
increased upon denaturation. Also, the solvent exposure (λmax) changed when the enzyme was
deactivated by urea. This effect was only seen when Trp (F355W) or Tyr (Y42) quencher was
present at the interface positions opposite of the bimane probe.
VAP denaturation. Using the TrIQ/TyrIQ method, we rationally incorporated the
fluorescent probe bimane to the dimer interface, and could derive the most probable
denaturation mechanism. Thus, at pH 8.0, the denaturation pathway induced by urea involves
an inactive dimer intermediate where the intermediate co-unfolds as the dimer dissociates

(N 2  I 2  2U) . Bimane labels at sites A60C or K486C gave local signal as the enzyme was
inactivated (N 2  I 2 ) , but only when positioned inside the sphere of quenching of Trp or Tyr
at the other monomer (Figure 3 and 4). The deactivation transitions were not enzyme
concentration dependent, while the Trp denaturation midpoint (unfolding transition) was shifted
towards lower values with lower enzyme concentration (Figure 5A). This can only be explained
by unfolding and dissociation taking place simultaneously. Furthermore, we have previously
measured the dissociation constant of the VAP dimers by dilution 42, and it was in agreement
to the ∆G values measured here. If a model with a populated ensemble of folded monomers

(2I  2U) would have been applied to the Trp fluorescence denaturation curve, then the total
∆G would only have been ∼10-15 kJ/mol.
The effect of pH and NaCl was evaluated using the presently derived denaturation model.
Sodium chloride was shown to increase the stability of the native dimer towards inactivation
by increasing ∆G ∼ 4-fold at 0.5 M. There was also a stability increase for the I 2  2U
transition in the presence of 0.5 M NaCl which was due to stabilization of the tertiary structure
of the monomers 42. Bringing the pH to 10.5 (above the pKa transition mentioned above), the
denaturation model simplifies to N 2  2U, i.e. with no dimer intermediate populated where the
inactivation curve and Trp denaturation curve overlapped (Figure 5D). Interestingly, the ∆G at
pH 10.5 was similar to the value obtained at pH 8.0 with 0.5 M NaCl present. At pH 10.5, NaCl
had no effect on the estimated free energy change.
We have previously proposed that at pH 8.0, chloride from the addition of NaCl binds to a Zn
ion in the active site maintaining active site integrity
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. Chloride binding to Zn is further

supported by Gettins and Coleman (1984) who observed Cl- coordinated to Zn ion at the M1
site for ECAP using 35Cl and 113Cd nuclear magnetic resonance (NMR) 54. Moreover, chloride

ion was observed bound to the Zn ion at site M1 in the crystal structure of AP from an extreme
halophile Halomonas sp. 593. This is the same site where phosphate is coordinated (or sulphate
ion) and has a very similar tertiary structure to VAP 55. Unlike for VAP, no SO42- was used in
the crystallization conditions (commonly used in high concentration in AP crystallization) of
the halophilic AP. Thus, SO42- might have displaced a Cl- during crystallization of VAP. A
closely related AP from Vibrio alginolyticus was similarly activated by NaCl as VAP, and SO42was shown to prevent the activation effect of Cl-. This indicated that Cl- competes with SO42at the same site (here Zn at the M1 site) 56. Taken together, the effect of NaCl on VAP is likely
reflected in Cl- binding to Zn in site M1. The mechanism of rate enhancement would be
encapsulated in the faster displacement of the inorganic phosphate ion at the end of the reaction
cycle. However, it could be insightful to see if this kind of reaction mechanism involving
chloride, is general for all APs or only applies to some.
We have recently been interested in the inhibitory effect of Zn2+, since VAP is very intolerant
to Zn2+ (90% of activity is lost at 10 µM). The inhibition most likely results in a competition
between Mg2+ and Zn2+ in the M3 site where Mg2+ is either needed to activate the nucleophilic
Ser

57

or stabilize interaction beyond the primary coordination sphere, or both

58, 59

. The

coordination sphere becomes tetrahedral instead of being octahedral with Mg2+. Thus, VAP is
similarly sensitive to Zn2+ as the mammalian phosphatases 60, 61. Only ECAP is generally known
to be tolerant to millimolar Zn2+. However, an ECAP variant resembling mammalian APs
(D153H/K328H) showed similar properties as the mammalian APs towards Zn2+ inactivation
62-64

. In the D153H ECAP variant, a tetrahedrally coordinated Zn2+ was bound in the M3 site in

contrast to octahedral geometry when magnesium is bound there 63. In VAP, His occupies the
equivalent position to D153 in ECAP (H116) and Trp in the position of K328 in ECAP (W274).
The inactivation process of VAP by total unfolding is irreversible 42, 43, 65, irrespective of the
concentration of Mg2+ in buffers, or the method used for inactivation (heat or salts). Here, we
showed that activity can be recovered slowly and only partially in the presence of competitive
inhibitor ions (SO42+ and PO42+). The ions, which bind and cross-link the interior of the activesite, might help recover correct positions and/or rotameric states of the substrate binding groups,
such as Zn2+ or Arg166 (Figure 6A). Although the refolding of the tertiary structure of the
enzyme was quick (less than 1 min), the initial fluorescence signal was only partially recovered
in the presence of either magnesium or competitive inhibitor ions (Figure 6B).

Interface “cross-talk” and half-of-sites reactivity. The half-of-sites reactivity of APs,
where one active site ejects the product when the other binds a new substrate through a
reciprocal structural change, has been difficult to measure directly. A plausible explanation for
the difficulty is that the half-of-sites nature must involve a subtle conformational change that is
difficult to detect in a mixed state. During purification, APs usually have a phosphate occupied
in each active site, which needs to be removed, by denaturation and dialysis 24-26, which is not
always possible do to the inactivation process being irreversible. Furthermore, the presumed
asymmetry that must be present at some point in the catalytic cycle might only be reflected in
one subunit. In other words, only one subunit might be active in catalysis while the other subunit
has undergone a conformational change in order to release the product from the active subunit.
Possibly, such conformational changes in the inactive subunits may be driven by a positive
change in entropy through bound water networks that spur on the catalytic events in the active
subunit 18. Some have also suggested that Mg2+ assists in binding of substrate and the release
of product in each cycle, and may come and go repeatedly

26

. Furthermore, by studying the

inactivation rates of Apo-ECAP, magnesium binding to one Zn-AP monomer was shown
provide stability and indicated long distance interaction between active sites for metal ion
binding 66.
Upon denaturation, the TrIQ/TyrIQ data indicated that when the enzyme adopts the inactive
dimer form, the bimane probe at positions A60 adopts another conformer relative to F355W.
The change was also detected at site K486 opposite Y42 at the other monomer, but was subtler.
These changes (three-state denaturation in Figure 3A and 4A) are not seen unless Trp or Tyr is
incorporated at the opposite subunit, strengthening the argument for an intersubunit interaction.
If VAP (and APs in general) utilize a reaction mechanism of half-of-sites nature, then the
enzyme's activity should be particularly intolerant to changes in these interface regions due to
a network(s) of interactions, providing a link between the two active sites through the interface.
This effect might involve the crystal water molecules observed both in the active site and at the
monomer interface in the crystal structure of VAP (3E2D) 41 and other APs.
Figure 7 shows the average effect of interface mutations on kcat (Figure 7A) and KM (Figure
7B). Mutations in the large interface loop (Q334L, R336L and Y346F) only moderately
decreased kcat but did not affect KM (region 1). All the other single variants involving Ser →
Cys substitutions (region II, III and IV) had a negative effect on kcat. Alterations in region II
produced an increase in KM, while changes in regions III and IV lowered KM. Thus, the interface
around region II and III might be important in forming catalytically important interface

networks. Furthermore, for region II (loop 58-61) the catalytic efficiency dropped when bimane
was introduced in all cases.
Point symmetry locations differ between APs, mostly due to gene inserts or deletions, usually
located at the crown domain or the interface (e.g. the N-terminal helix for ECAP and the VAP
large surface loop insert). Asymmetric collective motions in dimers are mediated through these
axes where the subunits can rotate relative to each other or by axial shifts that cause break of
symmetry leading to different rotameric states of interface side-chains 18, 67. By comparing the
crystal structures of VAP (3E2D), ECAP (1ED9) and PLAP (1ZEF) there is only one common
point of symmetry located at the small antiparallel beta sheet where W460 (for VAP) is located
(Figure S4). Thus, if the half-of-sites reactivity is present in all APs then this “conserved”
symmetry point might be crucial. In fact, we have shown that W460F has only 10% catalytic
efficiency of the wild-type and W460I is close to inactive 43. This residue is conserved in all
APs as an aromatic amino acid (usually Tyr or Trp). Also, Shewanella sp. AP has a fourth metal
ion binding site with Mg2+ bound close to the interfacial symmetry axis (where W460 resides
in VAP) 68. It remains to be tested if the W460I variant in VAP was monomeric as mutations
in PLAP at N417 (corresponding to N395 in TNAP and T462 in VAP) cause hypophosphatasia
in humans due to the formation of an inactive monomer 69. However, for PLAP the enzyme was
correctly exported to the cell membrane and had similar N-glycosylation as the wild-type.
Possibly an inactive dimer was formed, which did not survive the semi-native SDS-PAGE
treatment as well as the wild-type due to a less stable dimer.
How would asymmetry be transmitted through this site? For caspase 9, a Phe residue is
reoriented at the symmetric axis to avoid steric class resulting in a long range activation at the
active site giving rise to half-of-sites reactivity 16. Possibly, W460 might show similar flip-flop
rotation in the catalytic cycle (so called “g+” or “g-“ rotameric conformations). For this to
happen, the main chain at the anti-parallel strand (residues 458-462) needs to have some
rotational freedom. In fact, the strand is bent at the symmetrical axis between W460 and G461,
which makes it drawn either as a loop or a β-strand, depending on graphical software (Figure
4S).

Figure 7. The four interface regions where the effect of residue replacements in VAP affected steadystate kinetics. Four interface regions where compared using the average kcat (A) and KM values (B)
calculated for each region relative to the wild-type values. Region I is on the long insertion-loop
characteristic of VAP. The comparison there consisted of variants Q334L, R336L and Y346F
(unpublished). Region II consisted of variants K486C, I50C, G51C, S52C and S53C 70. Region III
consisted of variants E58C, D59C, A60C and I61C, and Region IV consisted of variants S78C, S79C,
S80C and S87C 50, 70. Blue color intensity denotes a positive effect (lower KM or higher kcat) and red
color a negative effect (higher KM or lower kcat). An average value for all variants was calculated for
each region to simplify the interpretation. Note that region IV forms interfacial contacts with the large
interface loop mentioned above as region I.

Conclusion.
At pH 8.0, VAP denatures in a three-state process. First, an inactive dimer is formed and
secondly, the subunits co-unfold as they dissociate. NaCl stabilized the enzyme towards
inactivation and provided stabilization toward the denaturation of monomers resulting in a ∆G
of 75 kJ/mol for the whole N 2  I 2  2U transition. Bringing the pH up to 10.5 stabilized
the dimer towards inactivation and the denaturation pathway became a two-state process

(N 2  2U) not affected by NaCl. TrIQ and TyrIQ quenching of the fluorescence probe bimane
at the interface showed that upon inactivation of the dimer the subunits lose communications
which indicate half-of-sites reactivity. Furthermore, we propose that interface network
dynamics pass through a common point located by group symmetry on a short antiparallel beta
sheet at the interface beneath the crown domain, close to the active site.
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Enzyme variant
S373C

τ1 (ns)a
1,4 ± 0.2

τ2 (ns)
7.2 ± 0,8

τ3 (ns)d
17.6 ± 0.2

ƒ1b
0.43

ƒ2
0.36

ƒ3
0.21

<τ> (ns)
6.8

χ2
1.1

S337C

1.8 ± 0.6

9.7 ± 0.4

18.9 ± 0.4

0.18

0.63

0.19

10.0

1.6

E58C

1,2 ± 0.1

6.5 ± 0.1

17.4 ± 0.2

0.58

0.28

0.13

3.5

1.3

D59C

1.4 ± 0.4

8.8 ± 0.5

17.8 ± 0.3

0.29

0.47

0.24

8.8

1.3

A60C

1.4 ± 0.1

8.0 ± 0.4

19.0 ± 0.2

0.45

0.38

0.17

6.9

1.3

A60C/F355W

1.8 ± 0.1

8.1 ± 0.9

19.1± 0.3

0.49

0.36

0.15

6.6

1.2

4.0 ± 1.7

9.7 ± 3.0

13.4 ± 0.6

0.18

0.48

0.35

10.0

1.2

K486C

0.8 ± 0.1

6.7 ± 0.4

17.0 ± 0.2

0.46

0.38

0.17

5.8

1.2

K486C/Y42F

0.9 ± 0.1

7.2 ± 0.3

16.9 ± 0.2

0.51

0.35

0.13

5.2

1.2

Unfolded

c

A60C/F355W

a

Fluorescence decay was measured using NanoLED N370 source on a Horiba Fluormax 4-P equipped
with a FluorHub TCSPC system and emission monochromator set at 470 nm using 5 nm slit width.
Measurements were done in 20 mM Mops, 1 mM MgSO4, pH 8.0 at 10 °C. The decay was fitted to a
three-exponential decay model using deconvolution analysis: I(t) = α1⋅ e−t/τ1 + α2⋅ e−t/τ2 + α3⋅ e−t/τ3.
b
ƒi = αi/∑αI , c <τ> = ƒ1τ1 + ƒ2τ2 + ƒ3τ3. χ2 is the chi-squared value of the fit.
c
Enzyme incubated in 4.5 M urea under same conditions before measurement
d
Note that longer lifetimes for bimane are reported, likely due to the emission being recorded at 10°C,
compared to 25°C, where viscosity of water is higher (increased solvent relaxation).

Figure S1. Cys67 is buried away from the solvent and not accessible for labeling. The surface plot is
50% transparent showing C67 in blue, sulphate ion in the active site in yellow, Zn2+ ons in purple and
Mg2+ in lime green (PDB: 3E2D).

Figure S2. Labeling of VAP Cys variants with monobromo bimane (mBrB). Absorbance spectra of
labeled samples were normalized at 380 nm. Labeling was done using 1 mM mBrB, 20 mM Mops, 2
mM MgSO4, pH 7.5 at 4°C overnight. Free probe was filtered away on Amicon Ultra-30 columns. The
dilution was at least 10.000 fold and no absorbance at 380 nm was present in the flow-through.

Figure S3. Denaturation of bimane
variants. (A) Activity as a function of
urea, (B) Trp maximum emission
wavelength (λmax) and (C) bimane
maximum emission wavelength (λmax)
where the lowest value was normalized
and set to zero and the highest value to
1.0.

(A)

(B)

(C)

(D)

(E)

(F)

Figure S4. Residues 458-462 of VAP at the symmetric axis aligned to corresponding area in ECAP (A,
B, C) and PLAP (D, E, F). Residues 458-462 are colored orange for VAP and in red for the
corresponding residues for ECAP and PLAP. (C, F) Expanded view, showing the main-chain and
residues in lime-green for ECAP (C) and PLAP (F) and in tan for VAP. Arrows denote a kink in the
main chain at the two-fold symmetrical axis, between residues W460 and G461. Note that in VAP
(3E2D) and ECAP (3TG0) the crystallographic units containst the dimer while for PLAP (1ZEF) the
crystallographic unit only shows one of the monomers. Thus, the biological unit is generated from the
same chain. Structural alignment was performed in USCF Chimera, using Needleman-Wunch alignment
algorithm and BLOSUM-62 matrix where iteration was performed until atom pair pruning exceeded 2.0
Å.
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states of the residues in the catalytic site. A
Background: Extremophilic enzymes use diverse
single mutation (F355Y) predicted to maintain
and
elusive
mechanisms
to
modulate
the steric effects mediated by the side chain
activity/stability at the atom-level.
resulted, instead, in conserved dynamics and
Results: Mutations designed to conserve/alter
catalytic efficiency and increased dimer
communication from interface to the catalytic site
stability. Our results imply a functional role for
differently affect thermodynamics and kinetics.
the unstructured major loop of this coldConclusions: We can modulate activity and
adapted enzyme and show how we can modify
stability acting on single residues in a disordered
the catalytic activity and stability by acting on
interface.
the networks of interactions within the protein.
Significance: The role of remote sites on enzyme
Indeed, we have been able to even improve the
function has broad interest for fundamental and
kcat by just a critical mutation in the major
applicative biochemistry.
loop, guided here by simulations.
Cold-adapted enzymes have attracted research
interest due to their high catalytic efficiency at
low temperatures compared with enzymes
from mesophilic or thermophilic organisms.
The role played by remote residues away from
the catalytic site of cold-adapted enzymes is
still not well understood. Here, we focused on
the disordered ‘major loop’ at the interface
between the two monomers of a dimeric
alkaline phosphatase by molecular simulations,
experimental mutagenesis, kinetic analyses and
thermal stability assays. We designed three
different mutant variants that our calculations
predicted to either affect or conserve
intermolecular interactions of the enzyme.
Noteworthy, a R336L variant, which alters the
hydrogen-bond network from the major loop
of one subunit to the catalytic site of the second
subunit, showed an increased kcat. By
disrupting the hydrogen bonds mediated by
Arg336,
we
showed
conclusively
the
importance of the structural communication
mediated by this residue and its capability to
modulate over a long range the conformational

Thermal stability of enzymes and the effects of
temperature on their function is of central
importance for the basic understanding of how
enzymes can function over such a wide range of
temperatures (1, 2). The knowledge of the
physical chemistry involved also benefits
industrial and biotechnological applications of
extremophilic enzymes (3–7). Protein plasticity is
a key element for enzyme catalysis and the
motions related to catalysis are an intrinsic
property of most enzymes (8–10) even if it is not
possible to generalize it. Indeed, the exact
relationship between dynamics and catalysis in
enzymes is still debated (11–14).
The main determinants of stability and function
seems often to depend on the specific proteins
under investigation (15–17), thus requiring further
studies before we can achieve a full and accurate
picture. Enhanced flexibility in certain protein
regions or in proximity of the active site has been
suggested as an important factor in enzyme
catalysis (18). Several studies carried out with a
large array of different techniques have collected
evidence for diverse local flexibility patterns in
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enzymes adapted at different temperatures
including amide hydrogen-deuterium exchange
studies
using
Fourier-transform
infrared
spectroscopy (19) or mass spectrometry (20, 21),
quenching of tryptophan fluorescence (21–24)
neutron scattering and EPR (25–27), NMR (28–
30) and molecular dynamics (MD) simulations
(31–38).
The differences in dynamics linked to temperature
adaptation are not always so obvious. Indeed, the
flexibility of enzymes from psychrophilic and
thermophilic organisms does not always obey the
‘corresponding states hypothesis’ (39), i.e. they do
not always show similar dynamics at their
respective temperatures
(2, 16, 40, 41).
Moreover, specific and well-localized areas
including loops that regulate the active site,
substrate or cofactor binding sites may often
exhibit greater flexibility in the cold-adapted
variants (18, 23, 29, 31, 32, 34, 35, 42–44). It
must also be kept in mind that functionally critical
motions are localized not only near the active site,
but they can be also linked to a remote dynamic
network of non-covalent interactions (45–48). The
term ‘local’ may indeed intuitively be connected
to the proximity of the active site only, but as
mentioned above those ‘spots’ may also lie
elsewhere in the structure, i.e. important hinge
regions or surface loops (18, 32, 48–54). Thus,
even remote region of the enzyme, far away from
the catalytic residues, can have a contribution and
impact on catalysis, as attested by the effects
induced upon mutations at those distal sites (35,
47, 48, 55–58). The idea that flexible local areas
of functional importance can, in some cases, be
decoupled from the global stability of the enzyme
seems to hold promise in explaining catalytic
efficiency in cold-adapted enzymes (43, 59–62).
Here, we turned our attention to a long and
unstructured region (major loop) of an alkaline
phosphatase (AP) previously isolated and
characterized from a Vibrio bacterium (63). This
long surface loop is not generally found in other
APs. It traverses the gap between monomers,
linking the monomers in the dimer together by
swapping loops (Figure 1)(64). Another coldactive AP from an Antarctic bacterium does not
conserve the disordered insertion at the monomermonomer interface and it has overall a much
smaller structure (65), making the role of the
major loop even more enigmatic. More recently,
another AP variant from Cobetia marina was
described with a long insertion loop (66).
We know that disordered loops can play a crucial
role in positioning the catalytic residues of
enzymes, in modulating accessibility of the active

site and even exerting their effects long range (52,
67–70). It remains, however, a difficult task to
predict their structural and functional role in
proteins.
In the present study, we integrated mutagenesis of
residues in VAP major loop with all-atom
microsecond explicit solvent MD simulations
(71), a state of the art force field (72), and
network analysis of protein dynamics (73). We
showed that a disordered monomer-monomer
interface of VAP influences long-range the active
site acting through a network of hydrogen bonds.
We succeeded in designing either mutations,
which alter the intermolecular interactions from
the disordered interface to the active site and as a
consequence impair stability and increase
catalytic efficiency, and mutations with neutral
effects that overall maintain the wild type
characteristics.
EXPERIMENTAL PROCEDURES
Materials. Chemicals were generally obtained
from Sigma-Aldrich (Schnelldorf, Germany) or
Merck (Darmstadt, Germany). Strep-Tactin
Sepharose, (2-(4’-hydroxy-benzene-azo) benzoic
acid
(HABA),
desthiobiotin
and
anhydrotetracyclin (AHTC) were from IBA
GmbH (Germany). Bacto Yeast extract was
obtained from Becton, Dickinson and Company
(France). Primers were obtained from TAG
(Copenhagen). Pfu polymerase, DnpI nuclease
and markers were from Fermentas (St. Leon-Rot,
Germany).
Generation of VAP variants. Mutagenesis was
performed on the VAP gene in the pASK3-plus
StrepTactin vector (pBAS40) where additional
nine residues are linked with the StrepTag due to
the insertion place in the multiple cloning site at
PstI and EcoRI (27). The protein derived from this
plasmid is referred to as VAP-St9 and has in total
16 additional residues at its C-terminal end.
Plasmids were initially transformed into DH5α
cells and plated on LB-agar with ampicillin (100
µL/mg). Selected colonies were isolated and
plasmid DNA purified for DNA sequencing using
NucleoSpin® Plasmid QuickPure kit (MachereyNagel) following the manufacturer’s instructions.
DNA sequencing was performed commercially
(Beckman Coulter Genomics, Takeley, U.K.).
Protein production. For production of proteins,
competent LMG-194 cells (Invitrogen) were
transformed with 50-100 ng plasmid. A single
colony was picked from an LB-agar disc and
grown in 15 ml LB-broth with 100 µg/µl
ampicilin at 37°C. This was divided into 4L LBbroth, containing 100 µg/µl amp LB-broth and
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grown at 18°C until the cell density measured at
600 nm was 0.4-0.6 (18 hrs). Expression was then
induced by adding anhydrotetracycline (final
concentration 0.2 µg/L) to each flask. The cells
were collected by centrifugation at 10.000 xg for
10 min (4°C). The cell mass was resuspended in
20 mM Tris-HCl, 10 mM MgCl2, pH 8.0 with
0.1% (w/v) Triton X-100 and 0.5 mg/ml lysozyme
(Sigma-Aldrich) and incubated at 4°C for 4-5 hrs
before freezing at -20°C.
DNAase I (Sigma-Aldrich) was added at 0.05
µg/ml to the thawed cell suspension. After 30 min,
a clear supernatant was obtained by centrifugation
at 10.000 xg for 30 min at 4°C. The sample (100
ml) was applied at a flow rate of <1ml/min to a
StrepTacin Sepharose® column after equilibration
with buffer (20 mM Tris-HCl, 10 mM MgCl2, pH
8.0). The column was then washed with the same
buffer having additionally 150 mM NaCl prior to
elution of VAP using 2.5 mM desthiobiotin in
buffer without NaCl but with 15% (v/v) ethylene
glycol. Active fractions were frozen in liquid
nitrogen and stored at -20 °C. Purity was checked
using SDS-PAGE. Protein concentration was
determined by adsorption measurements at 280
nm using calculated extinctions coefficients, ε280
(M-1 cm-1) = (#Trp) (5,500) + (#Tyr) (1,490) +
(#cystines)(125) (74) .
VAP enzyme activity assay. Standard assays
during purification were performed with 5.0 mM
p-nitrophenyl phosphate (p-NPP) in 1.0 M
diethanolamine with 1.0 mM MgCl2 at pH 9.8 and
25 °C. Absorbance was measured at 405 nm over
a 30 sec period in a temperature regulated Heλios
spectrophotometer. An extinction coefficient of
18.5 M-1cm-1 was used at pH 9.8.
Kinetics. Steady-state kinetics were performed
under transphosphorylating condition using 0.1 M
Caps, 1.0 mM MgCl2, 15% (v/v) ethylene glycol
at pH 9.8 and 10°C. The pH was corrected by the
relationship for temperature variation. The
substrate was diluted in the range 0.001 mM to
0.30 mM. Rate constants were obtained by direct
fit to the Michaelis-Menten equation using the
software Kaleidagraph®.
Thermal stability measurements. Determination of
T50%, defined here as the temperature needed to
reduce initial activity by 50% over 30 min, was
performed by incubating an aliquot of enzyme in a
glass tube containing pre-heated buffer in the
range of 10-27°C. Experiments were initiated by
adding enzyme (10-15 µl) to the medium (300500 µl). The rate constant at each temperature was
determined by regularly withdrawing aliquots and
following the drop in activity using the standard

assay at 25°C. From an Arrhenius plot (lnk vs.
1/T), the activation energy (Ea) was obtained. T50%
was calculated from the Arrhenius equation,
where the k (s-1) for 50% loss of activity after 30
min was used in each case (k=ln 2/30 min x 60
s/min-1) to give T50% =(Ea x 1000)/R(lnA-lnk).
Samples for Tm determination were dialyzed
overnight in 25 mM Mops, 1 mM MgSO4 at pH
8.0 and absorbance at 280 nm measured to
determine protein concentration. A JASCO J-810
circular dichroism (CD) spectropolarimeter was
used to determine melting-curves at 222 nm over
the temperature range 15-90°C in a 2 mm cuvette
with a rise in temperature of 1 °C/min. For
monomer unfolding, a two-state pathway was
assumed (N D U, where N is native and U is
unfolded). The original traces were normalized.
Tm was determined at FU=0.5 by a direct fit to a
sigmoid curve using the software Kaleidagraph®.
Urea denaturation experiments.
For monomer unfolding, tryptophan fluorescence
of VAP variants was measured with a Spex
FluorMax® or a FluoroMax4® instrument in 25
mM Mops, 1 mM MgSO4, 0.02 mg/mL enzyme,
pH 8.0 (at 10°C) containing different
concentrations of urea in the 0-8 M range. The
samples were incubated at 10°C for 4 h before
measuring the fluorescence. For each urea
concentration, a blank solution without added
enzyme was also measured and subtracted from
the sample. Emission data was collected in the
range 310-400 nm with slit-width of 5.0 nm for
both emission and excitation at 295 nm using 0.5
nm increments and recording three averaged
scans. Spectras were smoothed by fitting the
spectras to a 5th degree polynomial function, y =
ax5 + bx4 + cx3 + dx2 + ex + f, in MS Excel using
the LINEST function, where y is emission counts
per second and x is wavelength.
The wavelength of maximum emission intensity
(λmax) was determined by finding the x-intercept
of the first derivative of the polynomial function
(by solving the roots of a quartic equation). By
plotting λmax vs. [urea] the curves where fitted
with sigmoidal Hill equation where a two-state
equilibrium was assumed. The unfolding
equilibrium constant Kf = fN/fU was obtained at
different urea concentrations where fraction
unfolded (fU) was calculated for the transition area
between the linear pre- and post-transition parts of
the normalized curves and fraction folded
obtained by subtraction (fN=1-fU). Three
independent measurements were performed on
each enzyme variant. The free energy of folding at
10°C (ΔGf) was calculated using the linear
extrapolation method as described by Pace (75).
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Dimer dissociation was assumed to be directly
linked to loss of activity, since APs generally have
inactive monomers. Dimer association is then
described by 2M D D, where D is dimer and M is
monomer and the dimer association equilibrium
constant is KD = fD / M2, where fM is the fraction of
monomers and fD is the fraction of dimers. For
determining KD, samples were incubated for 4h at
10°C with urea concentrations ranging from 0-2
M urea. Activity was measured at 10°C and three
independent experiments performed for each
variant. The fraction of dissociated dimer was
calculated by assuming that at 0.0 M urea fD is
1.0. As before, the linear extrapolation method
was used to calculate the free energy of dimer
association at 10 °C (ΔGD).
Molecular dynamics (MD) simulations. All MD
simulations were performed with Gromacs 4.6
package compatible with graphics processing
units (GPUs) using the CHARMM22* force field
(72) for wild-type (VAPwt), R336L (VAPR336L),
F355Y (VAPF355Y) and Y346F (VAPY346F) VAP
variants. We used the wild type VAP X-ray
structure (PDB entry 3E2D (64)) and in silico
mutated structures as starting structures for our
simulations. The starting structures were soaked
in a dodecahedral box of 45 000 TIP3P water
molecules (76) (total size of the system = 150 544
atoms) and simulations performed in periodic
boundary conditions.
Each system was prepared for the productive MD
runs as previously described (62). Productive 1-µs
MD simulations were carried out in the NVT
ensemble using the velocity-rescale thermostat
(77) with a coupling constant of 0.2 ps at 303 K.
The LINCS algorithm (78) was used to constraint
the heavy atom bond lengths, allowing the use of
a 2 fs time step. Long-range electrostatic
interactions were calculated using the ParticleMesh Ewald (PME) summation scheme. Both
Van der Waals and Coulomb interactions were
truncated at 10 Å.
To assess the conformational stability of the
protein during the MD simulations, the timedependent root mean square deviation of the
mainchain atoms and the protein radius of
gyration with respect to the initial structure were
calculated and the first 20 ns of simulations were
then discarded to avoid artifacts due to the
equilibration phase. We also carried out C-alpha
(Cα) Principal Component Analysis (PCA) of
MD trajectories (79). We then evaluate the cosine
content along the first 20 PCs to ensure that our
simulations did not encounter the risk to sample
random diffusive motions, a behavior highlighted
to high cosine content (~ 1) in MD simulations

(80). We indeed observed a low cosine content
(lower than 0.28) in all the simulations.
Analysis of MD simulations. The hydrogen bonds
were calculated by PyInteraph suite of tools, as
previously described (73). The hydrogen bonds
and their networks were then mapped on the
three-dimensional (3D) structure using the
Interaction Plotter Pymol plugin released with
PyInteraph (73). Hydrophobic interactions were
also calculated by PyInteraph using, as a cutoff, a
distance of 5.5 Å between the centers of mass of
each side chain.
FoldX calculations. The FoldX 3.0 (81) energy
function was used to estimate the free-energy
changes upon mutations on the protein monomeric
and dimeric structure using the 3E2D PDB entry.
The RepairPDB function of FoldX was first used
on the wild type structure. The mutant structures
were then generated using the BuildModel
function averaging over five independent runs.
The Analyze Complex and Stability functions were
used to calculate the ΔΔG values for dimer
interface dissociation and monomer unfolding,
respectively. The changes in native stability upon
mutation were estimated as the difference between
the energy of the mutant and wild type variants
(ΔΔG=ΔGmut-ΔGwt). ΔΔG values above 6.7 kJ/mol
should significantly affect stability because they
correspond to twice the standard deviation of
FoldX (82).
RESULTS
Design of four VAP variants with deletion or
mutations in the residues of the major loop to
alter or conserve the network of intermolecular
hydrogen bonds
Figure 1 shows the overall VAP structure and the
position of the major loops (Insert II, residues
323-355) of each subunit, along with the location
of the residues selected for mutagenesis (Arg336,
Tyr346, Phe355) at the monomer-monomer
interface. The residues of the major loop are at a
distal site with respect to the catalytic residues
(i.e. more than 10 Å distance from it).
To select the mutation sites for our study, we
carried out 1-µs MD of the wild type enzyme
(VAPwt) and we estimated the population of the
intermolecular and intramolecular interactions,
with particular attention to hydrogen bonds. In
fairly agreement with what observed in the
crystallographic structure, the residues in the
major loop feature relatively few intramolecular
hydrogen bonds and eleven intermolecular
hydrogen bonds (64).
In particular, Arg336 is placed in a central
position within the major loop and it is involved
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in hydrogen bonds with side chains of Ser79 (less
than 16%), Asp59 (~36%) and Glu81 (~77%)
(Table 1 and Figure 2, orange cylinders). Asp59
and Arg336 in the X-ray structure were at a
distance of 6.5 Å, thus not compatible with
hydrogen-bond formation. Nevertheless the loop
where Asp59 is located is flexible in our
simulations in agreement with the high associated
B-factor values in the X-ray structure.
Fluctuations of this loop allow for the two
residues to come closer to each other in our MD
simulations. Our previous MD study with a
different force field and shorter simulations also
pointed out structural communication of Arg336
to the catalytic cleft through to the Asp59 side
chain (83). The Arg336 side chain is also involved
in intra-loop hydrogen bonds (Table 1). We, thus,
designed a R336L mutation to test the effects
mediated by Arg336 hydrogen bonds on protein
stability and activity. The Arg to Leu mutation
was indeed selected to prevent any sidechainmediated polar interactions and at the
simultaneously only causing a slight decrease of
the side-chain steric hindrance. Indeed, 1-µs MD
simulations of VAPR336L show that the R336L
mutation overall preserves the intramolecular
interactions mediated by the main-chain atoms of
the 336 residue and the hydrophobic interactions
mediated by the aliphatic atoms of Arg336 side
chain (Table 1).
We then selected two mutation sites, i.e. Tyr346
and Phe355, in which we designed mutations that
are expected to have minor effects on the
hydrogen-bond network to evaluate how sensitive
protein stability and activity of VAP are to minor
changes
in
low-populated
intermolecular
interactions.
In the wild type MD ensemble, Tyr346 side chain
formed only transient hydrogen bonds (population
of less than 16%) with the main chain of Ser80
and side chain of Glu81 (Table 1 and Figure 2,
green cylinders), thus connecting the major loop
and the loop that connects helices α3 (where the
nucleophilic residue Ser65 is located) and α4.
Thus, the Y346F variant was designed to evaluate
if those transient hydrogen bonds might exert any
effects on VAP activity and stability, without
impairing hydrophobic/aromatic interactions
mediated by the tyrosine side chain. Indeed, 1-µs
MD simulation of VAPY346F shows that the Y346F
mutation causes the loss of the transient sidechain mediated interaction with Ser80 and Glu81
but does not prevent the formation of main chain
hydrogen bonds. Tyr and Phe are both aromatic
residues and they conserve the intramolecular
hydrophobic/aromatic interactions with the

surroundings (such as with 336Arg, 341Phe and
348Pro with population higher than 30%) (Table
1).
Phe355 is the residue at the C-terminal end of the
major loop, by a small extension of the previous
definition that ended at residue 351 (64). We
investigated the mutation F355Y with view of
providing additional hydrogen bonds, whereas the
mutations mentioned above were all designed to
assess the effects of reducing polar interactions at
the interface between the two subunits. The
analysis of hydrogen bonds in the VAPF355Y MD
ensemble pointed out the capability of the OHgroup of Tyr355 to mediate intermolecular
hydrogen bond mainly with Glu58 and Gln28
(Table 1), the latter with a very low population.
The mutation also maintains the hydrophobic
interactions mediated by Phe355 side chain at the
interface with Ile61 of the other subunit and with
Pro30 and Ala29 of the same subunit (Table 1
and Figure 2, black cylinders).
Overall, our MD simulations of VAPwt suggest
that the intermolecular interface between the
major loop of one subunit and the opposite
subunit is very loosening in solution, as expected
for a cold-adapted enzyme, with only few and
often transient hydrogen bonds that contribute to
it. Arg336 is at the heart of the intermolecular
interactions carried out by the major loop and it
can exert its effect long-range from the major loop
of one subunit to the catalytic site of the opposite
subunit (83). It is thus the only mutation site
expected to affect both stability and activity. The
other mutations are expected to play only a minor
role on the kinetic and stability patterns of the
enzyme.
Effects on local and global heat stability.
The effects induced by the single mutations
R336L, Y346F and F355Y on the monomer and
interface stability were quantitatively estimated by
FoldX (81), which permits the calculation of free
energies (ΔΔG) upon mutations. The results are
reported in Table 2. None of the mutations were
expected to greatly affect monomer stability, and
R336L was the only one predicted to alter the
stability of the dimeric assembly by more than 20
kJ/mol.
We then experimentally characterized the stability
of VAP variants both by measuring the activity
and spectroscopic differences in response to heat
or urea. Due to the low sustainability of activity
for some of the variants in aqueous buffer, the
enzyme kinetics experiments were performed with
the addition of 15% (v/v) ethylene glycol. This
generated slightly higher kcat and Km values than
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previously published for the wild type enzyme
(27, 84). Global stability, however, was measured
without the addition of ethylene glycol by
following the integrity of the secondary structures
at 222 nm by circular dichroism (CD). Table 2
shows how the removal of hydrogen bonds had
the effect of reducing global stability (Tm) of all
the variants where hydrogen bonds between the
major loop and the opposite monomer were
removed, being approximately 5°C lower for
VAPR336L compared with VAPwt. As the unfolding
of monomers has the dissociation of the dimer as
a prelude, a reduction in subunit cross-interactions
could be reflected in Tm; Tm otherwise assumed to
be dominated by the monomer unfolding event.
This was also suggested by FoldX calculations for
R336L, where this mutation is predicted to affect
the dimer stability but not the monomeric
assembly. The addition of hydrogen bonds at the
base of the major loop (VAPF455Y) did not increase
global stability significantly (Tm).
We also determined how long the VAP variants
were able to sustain their functional form when
challenged by heat (Table 2). Results are given in
degrees, where the factor T50% is defined as the
temperature that will reduce the activity by half in
30 min. All the variants gave a statistically
significant decrease in T50%. VAPR336L resulted in
an 8°C lowering in the temperature, which is the
largest effect observed in this study. These
findings indicate altogether that the terminal part
of the major loop, where the arginine is located, is
important to hold residues that form or support the
structure of the active site area in their optimal
positions and it exerts this effect long-range.
The effects of urea on the stability of VAPwt and
three VAP variants. To gain more insight into the
inactivation and unfolding events in VAP, the
enzyme was incubated
with
increasing
concentration of urea and allowed to equilibrate
for 4hr at 10°C. Since VAP has practically
inactive monomers as most APs, the equilibrium
constant for dimer dissociation could be measured
for urea concentrations in the range of 0-2 M.
Consequently, the free energy of dimer
association (ΔGD) was calculated using the linear
extrapolation method (Table 2).
For VAPwt, the activity declined at very low urea
concentrations indicating very early dissociation
of dimers (Figure 3A). Activity was close to zero
before the monomers started to unfold, which
shows that monomers are indeed inactive.
Fluorescence red-shift of tryptophan emission
spectra was used to monitor unfolding of
monomers in 0-8 M urea (Figure 3B). Small
fluctuations in fluorescence were observed in the

lowest range of urea (0-1.5 M) that may indicate
that tryptophan accessibility was changing when
the monomers separated. This was especially
prominent for F355Y. In fact, one of the five Trp
residues of VAP (Trp460) is buried between two
helices by ridges to grooves packing where one of
the helices faces the other monomer in proximity
to the dimer interface. Size exclusion gel filtration
experiments (data not shown) confirmed that the
dimeric structure falls apart over this range of
urea.
Urea unfolding curves were similar for R336L
and F355Y with D1/2 at 2.2 and 2.1 M
respectively. For VAPwt the D1/2 was 2.7 M, which
is significantly lower. However the steepness of
the VAPwt curve (Hill slope) is also much lower
(correlates with m-values in linear extrapolation).
The ΔGD and ΔGM values for VAPwt were -8.5 ±
1.4 kJ/mol and -13.9 ± 3.2 kJ/mol, respectively
(Table 2). For R336L, ΔGD was drastically
increased to -2.2 kJ/mol which correlates well
with the low T50% value of 12.8 °C. However,
monomer stability was not significantly changed.
On the other hand, the F355Y variant had
improved dimer stability with ΔGD of -14.0
kJ/mol, but monomer stability was unaffected.
For the variant with the lowest dimer stability,
R336L, >50% of its activity was lost at 0.1 M
urea. In contrast, the activity of the F355Y variant
increased somewhat initially at 0-0.2 M urea and
fell after that as expected. An increase in AP
activity at low urea concentration has previously
been reported for intestinal AP with guanidium
chloride (85).
Kinetic properties of the VAP variants. To further
characterize the effects induced by mutations of
the major loop, we determined the kinetic
constants of the VAP variants. Table 3
summarizes these results. The kcat value of
VAPY346F (35 s-1) was lower than for the wild type
enzyme (97 s-1). On the other hand, VAPR336L
showed a moderate increase in kcat (120 s-1) while
the F355Y variant had the same kcat as the wild
type (97 s-1). The Km values remained unchanged
for VAPR336L and VAPF355Y, whereas lowered Km
values were observed for VAPY356F. None of the
residues that are directly involved in substrate
binding were altered here. Thus, the higher
substrate affinity of VAPY356F was not reflected in
higher kcat values, indicating that the rate-limiting
step of the reaction is late in line with the reaction
mechanism where the release of the product is the
slowest step and dictates the overall reaction rate
at alkaline pHs (86). R336L was the only
mutation able to increase the catalytic efficiency
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of the cold-adapted enzyme and this is related to
an effect on kcat.
R336L mutation modulates the conformational
landscape of the catalytic residues Ser65 and
Arg129
The VAPR336L variant was the only variant
predicted to have a higher impact on hydrogen
bonds at the interface between the two subunits
compared with VAPwt (Table 1). In particular
long-range communication with the catalytic
Ser65 through the intermediate interaction with
Asp59 and Glu81 was evident. The other variants
displayed effects only on either low-populated
hydrogen bonds or hydrogen bonds mediated by
the main-chain atoms. Overall, both the Y346F
and F355Y variants retained the hydrophobic and
aromatic interactions of the wild type side chain
(Table 1).
We showed experimentally that VAPR336L not only
featured a lower thermal stability (Table 2), but it
also featured higher kcat with respect to the wild
type (Table 3). Therefore, we investigated if the
R336L replacement is able to alter the
conformational dynamics of the nucleophilic
Ser65 of VAP. We thus estimated the population
of the rotameric states of the χ1 side chain dihedral
of Ser65 in VAPwt (Figure 4A, blue curves) and
VAPR336L (Figure 4A, orange curves) by MD
simulations. Ser65 side chain is observed in two
states with occupancy of 0.5 each in the X-ray
structure of VAPwt, suggesting an inherent
conformational freedom of this residue. These two
states of the Ser65 side chain can be classified as
trans (t) or minus (m) rotamers of the χ1 dihedral
angle. The plus (p) rotamer was neither observed
in the crystallographic structure nor in our 1-µs
MD simulation of VAPwt. With the R336L
replacement VAP is able to exert a long-range
effect to this site, allowing Ser65 to sample the p
rotamer (Figure 5A). Moreover, Arg129, which
takes part with Ser65 in the interaction with the
phosphate group of the substrate (87–90), is also
stabilized by the R336L replacement (Figure 5B)
in a plus state along its χ1, bond. This is the
rotomer observed when the phosphate is bound in
the catalytic cleft (Figure 5C). A superimposition
of VAP structures from our simulations and the
structure of another cold-active AP (PDB entry
1SHN) in complex with the phosphate shows that
the plus states of both Arg129 and Ser65 are the
states competent for coordination of the phosphate
group (Figure 5C). This suggests that the R336L
variant is able to alter the conformational
landscape of VAP's active residues, allowing them
to sample efficiently states that are important for

catalysis. This correlates well with an increased
catalytic efficiency of the VAPR336L variant.
DISCUSSION
Several recent studies have addressed the
influence of surface loops on catalytic function
and stability of enzymes (52, 53, 69, 70, 91, 92)
illustrating the central role they play in the
function of many enzymes. They often serve the
function of modulating accessibility of the active
site or closing off the active site once the substrate
is bound, in addition to promoting catalysis by
orienting and bringing groups together without the
involvement of the solvent
It has previously been shown, that the isozymespecific properties of mammalian alkaline
phosphatases can be modulated by modifications
in a flexible surface loop (93) or acting on a local
network of interactions close to the catalytic site
(94).
VAP has also a prominent disordered region in a
location that suggests intimate interactions with
the opposite subunit in the dimer and the potential
for mediating conformational changes relevant for
function and communication to the active site
(95). Indeed, our previous MD study pointed out a
long-range communication from the major loop
(Arg336) to the catalytic cleft through the Asp59
side chain using Protein Structure Network
approaches (83), which is confirmed here by a
more accurate force field and longer simulations
in the microsecond timescale. Moreover, we here
show that the Arg is involved in intermolecular
hydrogen bond networks that link the major loop
to the catalytic site. Disrupting the hydrogen-bond
cluster mediated by the arginine with the R336L
mutation, we showed conclusively the importance
of the long-range communication mediated by
Arg336. This is indeed supported by the
experimental results showing consistent decrease
in both global stability (Tm) and local heatstability of the catalytically competent structure.
Our calculations also suggest that the Leu
mutation at this site is likely to compromise the
dimeric assembly more than monomer stability.
The VAPR336L variant showed unchanged substrate
affinity (Km) and a more rapid turnover rate
(higher kcat) that would fit a looser and more
dynamic structure and have its roots in changing
the conformational propensity of the residues of
the catalytic site Ser65 and Arg129 toward states
competent for catalysis. Thus, the R336L VAP
variant provides an example of a tight link
between activity, stability and dynamics in coldadapted enzymes.
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Hydrogen bonds mediated by the wild type
Tyr346, or the Tyr residue replaced at position
355 in VAPF355Y, contributed only partially to
protein stability. And in the case of F355Y,
activity was unchanged. Our MD simulations
show that these two variants can maintain the
hydrophobic interactions at the interface, and that
both the Y355 in the VAPF355Y variant and Y346
in the wild-type VAP are contributing only to very
low-populated hydrogen bonds.
Tracking in detail how residue substitutions lead
to functional effects is very complicated due to the
constraints set by available experimental
techniques. We here show that by integrating
microsecond atomistic simulations and network
description of protein dynamics, we could design
variants of VAP with different activity and
stability profiles.
In particular, our study demonstrates that
interactions between the two monomers of the
dimeric VAP, mediated by residues in the large
disordered loop, are determinants of its stability
and activity properties. The removal of hydrogen
bonds that MD simulations showed are important
for long-range communication to the active site
produced variants with even higher kcat than the
cold-adapted wild type enzyme. This was
complemented with compromised structural
stability as the general theory of cold-active
enzymes predicts. In the R336L variant in
particular, the kcat/Km was increased by over 40%
by just a single residue replacement.
In a broader context, we managed to show that
loosening interface contacts between the two VAP
subunits by replacement of crucial residues
provides a way to orchestrate structural dynamics
in a productive way. It is possible to improve on
the native enzyme in terms of kcat by a critical
residue replacement, guided here by MD.
However, this had the effect of making the
enzyme very unstable to heat. It would seem,
therefore, that VAP has reached close to an
evolutionary end-point in loosening monomer
associations and that the large loop is absolutely
necessary in providing dimer cohesion.
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Tables
Table 1. Hydrogen bonds and hydrophobic interactions relevant to the mutation sites in VAPwt,
VAPR336L, VAPY346F and VAPF355Y variants. These results are for the mutation sites in the major loop of
subunit A only, for sake of clarity. One should note that the results for the other subunit are very similar with
changes in populations generally lower than 4-7% for corresponding pairs of residues. The populations for
each interaction are given in parenthesis. ‘A’ and ‘B’ indicate residues belonging to subunit A and B
according to the X-ray VAP structure, respectively.
VAPwt
Arg/Leu336

Tyr/Phe346

Mutant variants

H-bonds sc-sc
336ArgA-59AspB (36.89%)
336ArgA-79SerB (16.78%)
336ArgA-81GluB (77.16%)
336ArgA-334GlnA (11.47%)
Hbonds sc-mc
336ArgA-343AspA (52.26%)
Hbonds mc-sc
336ArgA-344ArgA (13.55%)
Hbonds mc-mc
336ArgA-344ArgA (68.95%)
336ArgA-339GluA (28.09%)

Hbonds mc-sc
336LeuA-344ArgA (38.44%)
Hbonds mc-mc
336LeuA-344ArgA (78.19%)
336LeuA-343AspA (10.73%)

Hydrophobic/Aromatic int.
336ArgA-341PheA (79.6%)
336ArgA-346TyrA (68.1%)

Hydrophobic/Aromatic int.
336LeuA-341PheA (35.1%)
336LeuA-346TyrA (30.2%)

H-bonds sc-sc
346TyrA-81GluB (13.18%)
Hbonds sc-mc
346TyrA-80SerB (16.31%)
Hbonds mc-mc
346TyrA-334GlnA (88.53%)
346TyrA-343AspA (20.58%)

VAPY346F

Hydrophobic/Aromatic int.
346TyrA-336ArgA (68.1%)
346TyrA-348ProA (78.4%)

Phe/Tyr355

VAPR336L

Hbonds mc-mc
346PheA-334GlnA (90.00%)
Hydrophobic/Aromatic int.
346PheA-336ArgA (32.3%)
346PheA-348ProA (38.8%)
346PheA-341PheA (28.6%)
VAPF355Y

Hbonds mc-mc
355PheA-359AspA (96.18%)
355PheA-358LeuA (87.60%)

Hbonds sc-sc
355TyrA-28GlnB (18.57%)
355TyrA-58GluB (47.01%)
Hbonds mc-mc
355TyrA-359AspA (54.12%)
355TyrA-358LeuA (93.04%)

Hydrophobic/Aromatic int.
355PheA-29AlaA (30.8%)
355PheA-30ProA (22.3%)
355PheA-61IleB (19.7%)

Hydrophobic/Aromatic int.
355TyrA-29AlaA (70.1%)
355TyrA-30ProA (29.2%)
355TyrA-61IleB (45.2%)
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Table 2. In silico prediction of ΔΔG upon mutations and experimental stability of VAP variants. The
ΔΔG values calculated as ΔGmut-ΔGwt by FoldX are reported both for the monomer and the effects induced at
the monomer-monomer interface in the dimeric structure. A positive ΔΔG value indicates destabilizing
mutations, i.e. mutations that cause an increase in the fraction of unfolded proteins. We considered as
significant differences (¥) only the ones that are higher than 6.7 kJ/mol, which corresponds to twice the
standard deviation associated to FoldX. The melting temperature (Tm) was experimentally determined by
CD at 222 nm. The buffer was 25 mM MOPS, 1 mM MgSO4 at pH 8.0 (25 °C). Heat-stability of the active
enzyme was determined in 20 mM Tris, and 10 mM MgCl2, pH 8.0 (corrected for temperature) as the
temperature needed to reduce the initial activity by half in 30 min (T50%). The free energy of dimer
association (ΔGD) was determined in 25 mM MOPS, 1 mM MgSO4, pH 8.0 at 10°C by urea denaturation
using the VAP enzyme activity assay (see materials and methods). Free energy of two state monomer
unfolding (ΔGM) was measured under same conditions by following intrinsic fluorescence redshift of
tryptophan induced by urea. For thermal stability measurements, results came from several independent
Variant

VAPwt
VAPR336L
VAPY346F
VAPF355Y

FoldX ΔΔG
(kJ/mol)
Monomer
//

FoldX ΔΔG
(kJ/mol)
monomermonomer
//

Tm (°C)

T50% (°C)

50.8 ± 0.6
45.0±5.1*
48.8 ± 1.0 *
50.2 ± 1.3

25.8 ± 1.4
12.8 ± 1.2*
21.4 ± 1.4*
20.3 ± 1.1*

ΔGD (kJ/mol)
2M D D

ΔGM (kJ/mol)

U D M

-8,5 ± 1.4
-13.9 ± 3.2
-1.46 ± 0.42
22.0 ± 2.51
-2.2 ± 0.8
-14.3 ± 2.4
-0.84 ± 0.02
-2.63 ± 0.06
N/A
N/A
-0.63 ± 0.08
-1.71 ± 0.08
-14.0 ± 1.3
-14.8 ± 2.1
measurements (n=3-6) and free energy measurements came from three independent measurements (n=3)
¥

N/A: not attempted.
* Significant difference at 5% or lower by Student’s T-test compared with VAPwt
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Table 3. Kinetic constants for the different VAP variants. The values of kcat and Km were determined
using p-nitrophenyl phosphate in 0.1 M CAPS, 1.0 mM MgCl2 and 15% (v/v) ethylene glycol at pH 9.8 and
10 °C. The kinetic results represent means with standard deviations from the different number of
experiments as shown. VAP-St9 (VAPwt) is the wild type enzyme with a StrepTag added to the C-terminal
with a nine-residues linker sequence.
Variant
VAPwt (n=10)
VAPR336L (n=9)
VAPY346F (n=8)
VAPF355Y (n=11)

kcat (s-1)

Km (µM)
97 ± 14
120 ± 22 *
35 ± 5 *
97 ± 18

56 ± 7
48 ± 12
22 ± 3*
53 ± 4

kcat/Km(mM-1s-1)
1732 ± 330
2500 ± 775*
1592 ± 314
1830 ± 366

* Differences from VAPwt that are statistically significant at the 5% confidence level or better (P value better than 0.05).
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Figure Legends
Figure 1. The major loop in Vibrio alkaline phosphatase (VAP). A) The two monomers of VAP are
shown as light-blue and white cartoons, respectively. Magnesium and zinc ions are depicted as black and
blue spheres, respectively. The mutation sites are highlighted as marine and grey sticks in the two subunits.
The insert in the figure shows the major loop from monomer A at the interface with the monomer B. The
distances between Tyr346 and Phe355 with respect to the metal-binding site are highlighted as a reference.
B) The radius of gyration (Rg) of each simulation over the simulation time is also reported as a reference of
stability of the MD trajectories. The values are very close to the Rg calculated from the crystallographic
structure of VAP (31 Å).
Figure 2. Interactions of the mutation sites in the different VAP variants, as derived from the analysis
of our MD simulations. The two panels show two different views of the interactions at the interface
between major loop from monomer A and the monomer B of VAP. The hydrogen bonds (or hydrophobic
interactions in the case of Phe355) mediated by Arg336, Phe355, Tyr346 and the residues 337-341 are
shown as orange, black, green and magenta cylinders, respectively. The cylinder thickness is proportional to
the population of the interaction in the MD ensemble. The additional residue shown as stick and dot is the
nucleophile Ser65. The two monomers of VAP are shown as light-blue and white cartoons, respectively.
Magnesium and Zinc ions are depicted as black and blue spheres, respectively. Only interactions mediated
by the side-chain groups of Arg336, Phe355 and Tyr346 are shown in this figure. For a full list of the
interactions mediated by each mutation site in wild type and mutant VAP variants see Table 1.
Figure 3. Inactivation and unfolding by urea. (A) Inactivation of VAP by urea. Samples containing 0.02
mg/ml of enzyme, 25 mM MOPS, 1 mM MgSO4 pH 8.0 and urea ranging from 0-2 M were incubated for 4 h
at 10° C before activity was measured using the VAP enzyme activity assay (see materials and methods).
Activity was measured in duplicates for three independent experiments (n=3) and the average of relative
activity was plotted against the concentration of urea. (B) Unfolding monitored using tryptophan emission
redshift induced by urea. Samples were treated as in A and emission spectra from 310 to 410 nm were
recorded with tryptophan excitation at 295 nm (see materials and methods). Denaturation curves were fitted
with a sigmoidal equation where D1/2 was 2.7, 2.2 and 2.1 M urea for VAPwt, R336L and F355Y,
respectively. Unfolding data consisted of three independent measurements.
Figure 4. Rotameric states of Ser65 and Arg129 in VAPwt and VAPR336L. A) The populations of the χ1
dihedral angles of the nucleophile Ser65 are shown for VAPwt (blue curve) and VAPR336L (orange curve)
simulations. A snapshot for each rotameric state (trans, minus or plus) is shown as a reference including also
the location of the metal ions, i.e. Mg2+ and Zn2+ as black and blue spheres, respectively. B) The populations
of the χ1 dihedral angles of Arg129 are shown for VAPwt (blue curve) and VAPR336L (orange curve)
simulations. C) The different rotameric states of Ser65 (t,m and p that indicate trans, minus and plus χ1
rotamers, respectively), A129 in the plus state and the metal binding site of VAP (Mg2+ and Zn2+ in black
and blue, respectively) are shown, together with the position that a phosphate group is expected to occupy in
the AP catalytic site, according to the structure solved for another cold-adapted AP enzyme (PDB entry
1SHN).
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